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Abstract 

 

      Protein interactions (e.g., protein-protein interactions and protein-ligand 

interactions) play an important role in regulating the numerous biological processes 

that dictate cellular activity. The characterization of protein interactions in their 

native, complex biological environments (e.g., cell lysate and human plasma) is 

essential for understanding protein function in real physiological processes. 

However, the extremely complex nature of biological protein samples impedes the 

characterization of protein interactions by traditional biophysical methods. 

Hydrogen–deuterium exchange coupled with mass spectrometry (HDX-MS) has 

been a powerful technique for characterizing protein interactions over the past 20 

years. However, this technique has yet to be adapted to directly characterize protein 

interactions in real biological samples. This dissertation focuses on the 

development and application of a high-throughput HDX-MS platform to 

characterize protein interactions in complex biological samples (e.g., cell lysate and 

human serum). 

      The implementation of short LC gradients in the traditional HDX-MS workflow 

has been necessary to limit back exchange. These short gradients limit separation 

efficiency and hinder high throughput HDX-MS analysis of protein interactions in 

complex biological samples. We first evaluated and optimized subzero-temperature 

ultra-high-pressure liquid chromatography (UPLC) separation conditions for long 

gradient separation to boost separation power for the HDX-MS analysis of complex 
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protein samples such as E. coli cell lysate digest while limiting back exchange. We 

found that, compared to the short gradient separation (e.g., 15 minutes), about 3-

fold more deuterated peptides could be characterized using long gradient separation 

(e.g., 90 minutes). Interestingly, we found that peptides eluted at the end of the long 

gradient maintained high levels of deuterium incorporation due to the peptide-

column interactions. Overall, under the optimized conditions, our subzero-

temperature long gradient UPLC-HDX-MS  platform is capable of characterizing 

thousands of peptides from hundreds of proteins in a single HDX-MS analysis with 

limited back-exchange. 

      To further reduce the complexity of the complex biological samples, we 

improved our platform by integrating protein thermal depletion (PTD) to reduce 

protein complexity in cell lysates with our subzero-temperature UPLC-HDX-MS 

platform (PTD-HDX-MS). PTD allows the removal of the untargeted protein in the 

cell lysate with lower thermal stability upon exposure to heat while the targeted 

protein with higher thermal stability remains in solution.  We used bovine carbonic 

anhydrase II (CaII) and its inhibitor acetazolamide (AZM) spiked into E. coli cell 

lysate as a model system to evaluate the feasibility of our PTD-HDX-MS platform 

for the characterization of protein-ligand interaction in complex samples. We 

demonstrated that PTD is an easy and universal strategy to reduce overall sample 

complexity for HDX-MS analysis. For the first time, we successfully elucidated the 

interaction site between AZM and CaII in E. coli cell lysate using high-throughput 

HDX-MS analysis. Our results highlight the great promise of the PTD-HDX-MS 
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platform for the identification of ligand targets and the characterization of protein–

ligand interactions in highly complex biological samples such as cell lysates. 

      With our optimized HDX-MS platform, we mapped the antibody–antigen 

epitopes with four fully human monoclonal antibodies (mAbs) specific to anthrax 

protective antigen (PA). Epitope-mapping of mAbs to PA is particularly important 

because it can help develop novel therapeutics against anthrax. We examined the 

epitopes for 4 mAbs that were known to have differential neutralizing abilities. We 

discovered diverse binding mechanisms for these 4 mAbs and, notably, found that 

a high neutralizing mAb, p6C01, strongly bound to domain three on a helix region 

on PA. We also identified a secondary epitope for p6C01 that may lead to inhibition 

of furin cleavage of PA after p6C01 binding. This study demonstrated that the 

unique epitope for p6C01 results in its highly neutralizing activity. This is the first 

report of this distinct binding mechanism for a highly neutralizing fully human 

antibody specific to anthrax protective antigen. These novel epitopes associated 

with high neutralization activity will facilitate the understanding of the elicited 

human humoral immune response following AVA vaccination. Overall, 

characterization of the interaction between vaccine-elicited antibodies and antigens 

is important for understanding the fundamentals of how a vaccine works, and 

epitope mapping is especially essential for the development of effective 

therapeutics. Our high-throughput HDX-MS platform has proven to be capable of 

discovering novel epitopes relevant to human immune response.  
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      Different population demographics may demonstrate varying levels of 

immunity after vaccination due to the diversity in expression of vaccine-elicited 

polyclonal antibodies (pAbs). Therefore, epitope-mapping of vaccine-elicited pAbs 

is essential for a better understanding of vaccine-induced immune protection.  

However, due to high sample complexity and the unpredictable binding properties 

of pAbs, very few techniques can be applied for conformational epitope-mapping 

of pAbs directly in patient serum. We applied our PTD platform discussed 

previously to remove unbound antigens to increase the sensitivity for 

characterization of pAbs-induced epitopes using HDX-MS. We successfully 

characterized the epitopes induced by vaccine-elicited pAbs in isolated serum 

antibodies from human donors vaccinated with AVA against PA using PTD-HDX-

MS. Overall, our results demonstrate the great potential of the implementation of 

PTD-HDX-MS for conformational epitope-mapping of pAbs in human-vaccine 

elicited samples.  



1 

 

 

Chapter 1 Introduction 

1.1 Background  

      Proteins carrying out their gene-encoded functions play an important role in 

dictating cell activity. Protein/ligand and protein/protein interactions regulate 

numerous biological processes such as cell proliferation, signal transduction, and 

immune reactions against pathogens (Figure 1-1) [1]. Protein interactions 

associated with normal progress of healthy cells are highly regulated at multiple 

levels, while dysregulated protein interactions lead to many human diseases such 

as cancers and neurodegenerative disorders [2, 3]. Thus, the characterization of 

protein interactions, such as protein-protein interaction and protein-ligand 

interaction, provides valuable insights into how biological processes are 

modulated at the molecular level. Such an understanding is a prerequisite for 

conceptualizing the fundamentals of cell activity and related human disease 

progression. Characterizing protein interaction sites is especially essential for 

developing therapeutics, as most drugs act by binding to targeted proteins [4].  

 

Figure 1-1. Types of protein interactions 
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      The use of isolated or purified proteins from cells or other biofluid for the 

characterization of protein interactions has been extensively performed using a 

variety of traditional biophysical methods. X-ray crystallography, nuclear 

magnetic resonance (NMR), and cryogenic electron microscopy (Cryo-EM) offer 

atomic level resolution and have been recognized as the “gold standard” for the 

characterization of protein interactions [5]. However, many drawbacks to these 

techniques and the sample preparation necessary to utilize them limit their 

application to examine protein interactions. For example, many proteins cannot 

be purified due to participation in large protein complexes or conditional stability 

dependent on the presence of other cellular components. The ability to study 

proteins that cannot be isolated using traditional approaches is limited [6]. 

Furthermore, proteins may have altered structures in the solid phase required for 

crystallography or solid-phase NMR compared to their native structures in 

solution [7, 8]. These structural differences may pose concerns about whether 

solid phase methods will bias binding site determination. Additionally, the 

characterized protein interactions using purified proteins might be different from 

their interactions in natural environments where the presence of other preserved 

surroundings could influence protein interactions.  Therefore, the characterization 

of protein interactions within native surroundings in complex biological samples 

(e.g., cell lysate and human plasma) is essential to understanding protein 

interactions.   
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      The extremely complex protein context of biological samples impedes the 

direct implementation of traditional biophysical methods for the characterization 

of protein interactions. The existing techniques for the characterization of protein 

interactions in complex biological samples, such as coimmunoprecipitation (CoIP) 

[9], affinity purification mass spectrometry (AP-MS) [10], and in vivo 

fluorescence resonance energy transfer (FRET) [11] can elucidate protein 

interactions in their natural environment. However, unlike the “gold standard” 

techniques, these methods provide limited information on protein binding sites. 

Mass spectrometry (MS)-based covalent labeling approaches (e.g., Fast 

photochemical oxidation of proteins (FPOP) [12], and hydrogen deuterium 

exchange (HDX) [13]) have emerged as tools for the characterization of protein 

interactions. The principle of MS-based protein footprinting techniques is based 

on the change in solvent accessibility in the binding site region of the protein upon 

ligand binding. Regions with lower solvent accessibility upon ligand binding will 

be protected from labeling. The difference in labeling in the binding region 

between an unbound protein and a protein: protein/ligand complex can be 

differentiated using MS. MS-based covalent labeling approaches typically utilize 

bottom-up proteomics methods in which proteins are digested using a protease 

followed by chromatographic separation and online MS detection to thousands of 

proteins per sample. Though these methods were initially applied to pure protein 

and simple protein mixtures, application of online separation techniques (e.g., 

liquid chromatography (LC)) and advanced data analysis platforms [14, 15] 
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allows  MS-based covalent labeling coupled with  large scale and high-throughput 

proteomics to be promising approaches for the characterization of protein 

interaction sites with a peptide or residual level resolution in complex biological 

samples. 

1.2 Mass spectrometry-based proteomics approaches for 

characterizing protein interactions in complex biological samples. 

 

      Proteomics is the large-scale study of proteins [16]. In typical bottom-up 

proteomics workflows, proteins are proteolyzed into peptides using an enzyme 

(e.g., trypsin) followed by LC-MS/MS analysis (Figure 1-2) [17]. Each peptide's 

LC elution peak can be used for quantification, while MS/MS (MS2) spectra can 

be used to identify peptide sequences. Over the past decades, the evolution of 

separation techniques (e.g., ultra-performance liquid chromatography (UPLC)) 

and mass spectrometry instruments (e.g., Orbitrap, and Time-Of-Flight (TOF) 

mass analyzers) have enabled large-scale, sensitive, and accurate quantification 

and identification of proteins and peptides in complex biological samples. When 

coupled with novel methodologies in sample preparation,  MS-based proteomics 

has become an indispensable tool for the comprehensive characterization of 

protein interactions in complex biological samples [18].  
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Figure 1-2. Typical bottom-up proteomics workflow for peptide identification and 

quantification 

1.2.1 Thermal proteome profiling 

 

      Thermal proteome profiling (TPP) has been widely used to identify protein–

ligand and protein–protein interactions in a cellular context [19, 20]. Proteins tend 

to destabilize upon exposure to heat. At sufficiently high heat, proteins will 

denature and aggregate from solution. The melting point (Tm) of a protein is the 

temperature at which that protein denatures and depends on the thermal stability 

of the protein. The application of TPP to study protein interactions relies on the 

tendency of protein Tm to shift upon ligand or protein binding. This Tm shift can 

be monitored between experimental conditions (in the presence or absence of 

ligand or binding protein) to elucidate changes in protein binding. Generally, in 

TPP experiments (Figure 1-3), cellular materials (e.g., cell extract, intact cells, 

tissues) are prepared with and without perturbation (e.g., treatment with drug). 
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Then the materials are aliquoted followed by heat treatment at an increasing 

temperature gradient. After heating, denatured and aggregate proteins will be 

removed by centrifugation or filtration. The remaining stable protein at each 

temperature, with and without perturbation, will be digested into peptides 

(typically using trypsin and/or Lys-C). Commonly, the peptides will be labeled 

by isobaric tandem mass tags (e.g., TMT) and combined to increase the 

throughput followed by MS-based proteomics analysis. The relative abundance 

of the proteins will be quantified for different temperature samples to obtain a 

melting curve to calculate the Tm of the protein. The difference between Tms of 

the proteins with and without perturbation will be evaluated to identify targets and 

off-target interactions. Using cell extracts or intact cells, Savitski and his co-

workers determined the melting curves for more than 7000 human proteins and 

identified over 50 targets for staurosporine, a known kinase inhibitor, in TPP 

experiments [21].  The application of TPP to study ligand interactions with cellar 

membrane proteins [22, 23] and protein interactions in intact cells [24] has 

demonstrated that TPP is a powerful technique for providing system-wide 

analyses of protein interactions in a cellular environment. However, this approach 

is limited because the change in the melting behavior of proteins can be attributed 

to multiple effects after ligand perturbation (e.g., indirect interaction with other 

cellular ligands/proteins and post-translational modifications). Therefore, other 

complementary techniques such as chemical cross linking may need to be coupled 

to investigate the direct and indirect protein interactions [19]. Furthermore, TPP 
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cannot provide information on the protein interaction site which is crucial to 

understanding the fundamentals of protein interactions in biological reactions.  

 

Figure 1-3. TPP workflow of sample preparation and data interpretation. 

 

1.2.2 Proximity labeling mass spectrometry (PL-MS) 

 

      Proximity labeling coupled with MS-based proteomics approaches has been 

widely applied to profile protein interactions in living cells [25, 26]. In proximity 

labeling, the protein of interest is genetically fused with an enzyme (e.g., biotin 

ligases) and expressed in living cells. In the presence of a small-molecule 

substrate (e.g., biotins or phenolic biotins), the fused enzymes are capable of 

catalyzing the substrate into radical intermediates that will covalently tag 

endogenous proteins within a 1-10 nm range of the protein of interest [27]. The 

tagged proteins will be pulled down and enriched after cell lysis followed by MS-

based proteomics analysis. In PL-MS experiments (Figure 1-4), a spatial 

reference control expressing only the enzyme in the living cell will be performed 
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to reduce the false positive discovery rate. Protein identification and 

quantification will be compared between the engineered protein of interest and a 

spatial reference control to investigate protein interactions in the cellular 

environment. Because of the high affinity interaction in the enrichment process 

(e.g. biotin and streptavidin), PL-MS offers the advantage of studying weak or 

transient interactions where other methodologies might be of limited use [28]. 

Over the past decades, PL-MS has been used to study a variety of protein 

interactions such as signal transduction [29, 30] and enzyme–substrate 

interactions [31, 32] in living cells and organisms. However, the main limitation 

of PL-MS is that the fusion of an enzyme (27–44 KDa) onto the protein of interest 

may result in steric hindrance, affecting protein or ligand interactions with the 

protein of interest. In addition, as with TPP, PL-MS cannot provide detailed 

information on the protein interaction site which is crucial to reveal the 

mechanism behind protein interactions in biological process.  

  

Figure 1-4. PL-MS workflow for identifying protein interactions. 
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1.2.3 Cross-linking mass spectrometry (XL-MS) 

      Chemical cross-linking coupled with LC-MS is a powerful technique that has 

been used to identify protein interactions and provide information on the 

interaction site depending on the distance between proteins (Figure 1-5). Cross-

linkers utilized in XL-MS are chemical reagents with defined lengths and 

reactivities with the functional groups of amino acid side chains on the protein of 

interest [33]. These reagents can covalently link the accessible side chains in a 

protein or a protein complex within an appropriate distance. After the cross-

linking reaction, the cross-linked protein will be processed using a typical bottom-

up proteomics workflow in which the protein will be digested followed by LC-

MS/MS analysis of the peptides [34]. The sequence of the cross-linked peptides 

and the cross-linking site on the peptides can be inferred from fragmentation by 

tandem mass spectrometry (MS/MS). Identification of the cross-linked peptides 

allows the mapping of neighboring protein complexes to investigate protein 

interactions. So far, XL-MS has been extensively performed at the proteome-level 

to study protein interactions in cellular environments. Fan and co-workers applied 

XL-MS in human cell lysate to detect 326 protein-protein interactions at 5% false 

discovery rate (FDR) in a single LC-MS analysis [35]. In vivo XL-MS in which 

the cross-linking reaction is conducted before cell lysis has also been extensively 

performed in organelles [36, 37], living cells [38, 39], and tissues [40].  However, 

XL-MS still suffers from the inherent challenges of proteome-level analysis. The 

MS/MS spectra of cross-linked peptides make them inaccessible to typical 
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proteomics spectra matching wherein only one peptide is fragmented. Thus, the 

data analysis for proteome-level XL-MS remains extremely challenging. In 

addition, subsequent heterogeneous species (e.g., dead-end modified peptides, 

and intra linked peptides) following cross-linking further increase sample 

complexity, hindering the detection of low abundance cross-linked peptides in 

complex samples [41]. Furthermore, as cross-linking reagents are targeted to react 

with a specific amino acid side chain group on the protein, XL-MS struggles to 

detect protein interactions if no cross-linker-targeted amino acids are involved in 

the binding region.   

 

 

Figure 1-5. XL-MS workflow for characterizing protein interactions. 

    

1.2.4 Fast photochemical oxidation of proteins 
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      Fast photochemical oxidation of proteins (FPOP) coupled with MS-based 

proteomics is a protein footprinting method that is being increasingly used to 

characterize protein interactions [12, 42]. FPOP utilizes hydroxyl (OH) radicals 

generated from the irradiation of H2O2 to oxidatively modify the side chains of 

amino acids. As the OH radicals can modify 19 of 20 amino acids (all except for 

glycine) [43], FPOP can provide detailed information regarding protein 

interactions and conformations. To characterize protein interactions using FPOP, 

proteins with and without binding partners (e.g., interacting proteins or ligands) 

are separately prepared in a flowing solution containing H2O2. An excimer laser 

at 248 nm is then utilized to generate hydroxyl radicals that oxidize protein 

residues (Figure 1-6)  [44].  The residues exposed to the solvent will react rapidly 

with hydroxyl radicals, while those protected by protein or ligand binding will 

react more slowly. The labeling reaction will then be quenched by the addition of 

a buffer to avoid post-oxidation. The labeled protein is processed using typical 

bottom-up proteomics workflows in which the proteins will be proteolyzed 

followed by LC-MS/MS analysis to identify and quantify differentially oxidized 

peptides to infer the binding region [45-47]. Since hydroxyl labeling is 

irreversible, FPOP offers several advantages including the opportunity for protein 

or peptide enrichment and longer chromatographic gradients for higher proteome 

coverage when dealing with complex samples [12]. These advantages allow the 

expansion FPOP to native cellular environments (e.g., in-cell FPOP) to study 

ligand-induced protein complex formation and protein conformational changes 
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[48, 49]. Current application of FPOP in Caenorhabditis elegans highlights the 

great promise for FPOP implementation to study the change of protein 

interactions and conformations in disease states [50]. However, FPOP still suffers 

from the inherent challenges of proteome-level analysis. As multiple oxidation 

states of an amino acid (e.g., +48 Da, +32 Da, and -16 Da on cystine side chains) 

can result from the labeling process [51], the quantitation of multiple oxidation 

states of a peptide must be taken analyzed to investigate protection upon binding. 

Currently, there are limited robust data analysis software packages for FPOP data 

processing in complex samples. This limits the application of FPOP for proteome-

level analysis of protein interactions in complex biological samples. In addition, 

the high cost of the excimer laser needed to generate hydroxyl (OH) radicals and 

the lack of an automated system hinder the broad applications of FPOP in 

academia and industry [12].  

 

Figure 1-6. The hydroxyl labeling in FPOP using a laser beam. 
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1.3 Hydrogen deuterium exchange and current limitations 

      Hydrogen deuterium exchange coupled with mass spectrometry (HDX-MS) 

has become a widespread method for the characterization of protein dynamics, 

protein-protein interactions, and protein-ligand interactions over the past decades 

[52]. In the HDX reaction, the protein backbone amide hydrogens will be 

exchanged for deuterium upon exposure to deuterium oxide (D2O). The rate of 

this exchange is influenced by hydrogen bonding, solvent accessibility, and the 

local electronic environment [13]. Thus, the spatially labeled deuterium on the 

protein backbone following HDX can reveal information about each amide 

hydrogen’s relative solvent accessibility. Protein binding to other protein(s) or 

ligands will decrease the exchange rate of the amide hydrogen in the binding 

regions owing to reduced solvent accessibility, resulting in less deuterium 

incorporation in these regions (Figure 1-7). Therefore, the identified regions with 

decreased deuterium incorporation can indicate the binding site for protein 

interactions. In a typical HDX-MS workflow for the characterization of protein 

interactions, individual protein and protein complexes (protein bound to other 

protein or ligand) will be separately diluted using deuterated water and incubated 

followed by the addition of quenching solution to avoid post-labeling. The 

deuterium labeled protein will be proteolyzed using an enzyme (e.g., pepsin)  

followed by LC separation and MS detection [53]. The binding region information 

can be inferred by evaluating significant mass differences of the same peptide 

between individual protein and protein complex conditions. Over the past years, 
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advancement in HDX sample handling, separation, MS detection, and the 

availability of open-source data processing software have allowed for the 

application of HDX-MS to the analysis of multiprotein systems in addition to pure 

protein analyses.  

 

Figure 1-7. Schematic of HDX-MS for charactering protein interaction site. 

            However, HDX-MS still suffers from inherent back exchange, limiting the 

application of HDX-MS for complex biological samples. In typical HDX 

workflow, after the deuterium labeling, the labeled peptides will be exposed to 

H2O-based solutions starting from the quenching step. In this environment, the 

labeled deuterium will be back-exchanged for hydrogen. The majority of back-

exchange occurs in LC separation due to the high H2O content of the LC buffers. 

As HDX analysis relies on deuterium incorporation into the amide backbones of 

the peptides, the loss of deuterium on the peptides will impair the detailed analysis 

of protein conformation and decrease sensitivity to differentiate peptide mass 
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differences, biasing the characterization of protein interactions [54]. Therefore, in 

typical HDX-MS experimental conditions, a short gradient (e.g., 5-10 minutes 

separation gradient) is used for LC separation in order to minimize back-exchange 

[4]. However, use of a short LC gradient hinders the application of HDX-MS to 

complex biological samples (e.g., cell lysate). As the deuterium-labeled peptides 

in a mixture of all digested proteins will coelute in a short LC gradient with the 

limited separation efficiency, extreme spectral complexity often compromises 

HDX data analysis [53, 55, 56].  

      In recent years, many efforts have been devoted to improving the application 

of HDX-MS analysis for more complex samples. Implementation of UPLC with 

small packing material sizes (e.g., sub-2 mm particle size) in columns for short-

gradient separations has previously been used to boost separation power 

compared to traditional HPLC separation in the HDX-MS workflow [57, 58]. 

Separation temperature is a key factor affecting back-exchange rate as a 10-degree 

decrease in temperature decreases the back-exchange rate by approximately 3-

fold [59-61]. Subzero-temperature LC separation -20 °C has been employed to 

increase the gradient length while minimizing back-exchange to increase 

separation efficiency [62]. The incorporation of ion mobility separation after LC 

separation has also been employed to improve the separation efficiency [63]. In 

addition to improving separation efficiency, strategies to reduce spectral 

complexity have also been explored for HDX-MS analysis. Immobilization [64, 

65] or affinity capture [66] of proteins to remove nontargeted proteins and the 
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integration of size exclusion chromatography (SEC) [55] as a second dimension 

of separation to remove nontargeted species prior to LC-MS analysis have been 

developed for HDX-MS analysis to address high spectral complexity. However, 

despite great progress, HDX-MS analysis is still not well-adapted for the 

characterization of protein interactions in native-like biological environments 

such as cell lysates.  

1.4 Dissertation synopsis  

      This thesis describes the development and applications of a high-throughput 

hydrogen-deuterium exchange mass spectrometry platform for the 

characterization of protein interactions in complex biological samples (e.g., cell 

lysate). A subzero-temperature ultra-high-pressure liquid chromatography 

(UPLC) separation system was customized and optimized using E. coli cell lysate. 

This customized and optimized subzero-temperature UPLC platform enables long 

gradient UPLC separation (e.g., 90 minutes) for the HDX-MS analysis of 

complex protein samples with low back-exchange rates (Chapter 2). To decrease 

sample complexity and improve peptide coverage, we developed a protein 

thermal depletion (PTD) method and integrated it into our subzero-temperature 

long gradient UPLC-HDX-MS platform (PTD-HDX-MS) to facilitate high-

throughput analysis of protein–ligand interactions in cell lysates using HDX-MS 

(Chapter 3). Using PTD, we successfully reduced sample complexity in E. coli 

cell lysate spiked with CaII and AZM prior to binding site elucidation with HDX-

MS analysis. Using the PTD-HDX-MS platform, we successfully elucidated the 
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interaction sites between AZM and CaII in E. coli cell lysate from the HDX-MS 

analysis of thousands of deuterated peptides from hundreds of proteins.  

      The characterization of antigen and vaccine-induced human antibody is 

essential for understanding vaccine-elicited immune responses. We demonstrated 

the utility of our UPLC-HDX-MS platform for studying antibody–antigen 

interactions. We successfully characterized the epitopes of anthrax protective 

antigen (PA) against four full-length, fully human monoclonal antibodies (mAbs) 

(Chapter 4). We also successfully characterized the binding sites of these 4 mAbs 

with anthrax PA. The elucidated binding sites correlated with binding 

mechanisms relevant to the diverse neutralization activities and functions of these 

mAbs. This information will facilitate the understanding of the elicited human 

humoral immune response after AVA vaccination and the development of novel 

therapeutics against anthrax. We further extended our PTD-HDX-MS platform 

for conformational epitope-mapping of vaccine-elicited polyclonal antibodies 

(pAbs) in serum antibody pool (Chapter 5). We successfully characterized the 

epitopes induced by vaccine-elicited pAbs binding in isolated serum antibodies 

from human donors vaccinated with anthrax vaccine adsorbed (AVA) against 

protective antigen (PA). This demonstrates the utility of our HDX-MS platform 

for epitope-mapping of pAbs in clinical serum samples.  

      To our knowledge, this is the first application of HDX-MS analysis to 

characterize protein interactions in complex biological samples (e.g., cell lysate, 
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human serum). The advancements demonstrated by our platform will promote the 

routine characterization of protein interactions in cell lysates and other complex 

samples such as serum using HDX-MS.  
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Chapter 2 High-throughput hydrogen deuterium exchange mass 

spectrometry (HDX-MS) coupled with subzero-temperature 

ultrahigh pressure liquid chromatography (UPLC) separation 

for complex sample analysis 

2.1 Abstract 

      Hydrogen deuterium exchange coupled with mass spectrometry (HDX-MS) 

is a powerful technique for the characterization of protein dynamics and protein 

interactions. Recent technological developments in the HDX-MS field, such as 

sub-zero LC separations, large-scale data analysis tools, and efficient protein 

digestion methods, have allowed for the application of HDX-MS to the analysis 

of multi protein systems in addition to pure protein analysis. Still, high-

throughput HDX-MS analysis of complex samples is not widespread because the 

co-elution of peptides combined with increased peak complexity after labeling 

makes peak de-convolution extremely difficult. Here, for the first time, we 

evaluated and optimized long gradient subzero-temperature ultra-high-pressure 

liquid chromatography (UPLC) separation conditions for the HDX-MS analysis 

of complex protein samples such as E. coli cell lysate digest. Under the optimized 

conditions, we identified 1419 deuterated peptides from 320 proteins at –10 oC, 

which is about 3-fold more when compared with a 15-minute gradient separation 

under the same conditions. Interestingly, our results suggested that the peptides 

eluted late in the gradient are well-protected by peptide-column interactions at -
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10 oC so that peptides eluted even at the end of the gradient maintain high levels 

of deuteration. Overall, our study suggests that the optimized, sub-zero, long-

gradient UPLC separation is capable of characterizing thousands of peptides in a 

single HDX-MS analysis with low back-exchange rates. As a result, this 

technique holds great potential for characterizing complex samples such as cell 

lysates using HDX-MS.  

2.2 Introduction 

      Hydrogen/deuterium exchange coupled with mass spectrometry (HDX-MS) 

is a powerful protein foot-printing method for characterization of protein 

dynamics and protein/protein interactions.[52] Over the past years, HDX-MS has 

become widely used in structural and functional biology due to the advancement 

in HDX sample handling, separation, MS detection, and the availability of open 

source data processing software.[52, 67, 68] Currently, HDX-MS is expanding to 

investigate complex protein samples such as large/multi-protein complexes and 

holds great potential for characterization of protein-protein interactions in more 

native-like environments like cell lysates without extensive purification.[62, 69]      

      HDX-MS monitors the exchange of protein backbone amide hydrogens to 

deuterium upon exposure of proteins to deuterium oxide (D2O).[70] Typical 

HDX-MS workflow includes deuterium labeling, quenching, protein digestion, 

LC separation, and MS detection.[53] In proteomics studies, including HDX-MS 

analysis, reversed-phase LC (RPLC) separation is the most commonly used LC 
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separation format. Typically, RPLC is performed at room temperature (20 oC) or 

higher for more efficient mass transfer of analytes to achieve better 

separation.[71] However, normal RPLC conditions are not adequate for HDX-MS 

experiments as back-exchange of deuterium upon injection of the labeled peptides 

onto the LC column, due to the high H2O content of the LC buffers, can result in 

loss of site-specific information and can bias the identification of sites of interest. 

Thus, optimized LC separation conditions are critical to minimize back-exchange 

rates and perform more robust HDX-MS analysis.[69] 

      In recent years, many efforts have been devoted to improving LC separation 

performance and reducing the back-exchange rates for HDX-MS to perform more 

robust and complicated HDX experiments.[69] Subzero-temperature LC 

separation functions to improve HDX-MS analysis by decreasing back-exchange 

during separation.[62, 72-74] In fact, the back-exchange rate during LC separation 

is dependent on the separation temperature with a rate decrease of approximately 

3 fold per 10-degree decrease in temperature.[59-61] For example, Venable et al. 

demonstrated a negligible loss of deuterium for fully deuterated fibrinopeptide A 

after 100 minutes at -30 oC.[72] Wales et al. recorded an average 81.7% 

deuteration of the tryptic peptides of phosphorylase B after a one-hour gradient 

separation at -20 °C.[62] This study also indicates that LC separation at -10 oC 

maintains a similarly high degree of deuterium incorporation of peptides when 

compared with the LC separation at -20 oC (74.9% and 81.7%, respectively, using 

a one-hour gradient). In order to perform LC under subzero-temperature 
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conditions, mobile phase modifiers can be used to reduce the freezing point of 

mobile phase A and avoid freezing of the mobile phase in the LC system. 

      Short-gradient UPLC separations (e.g. <10 minute gradient) with small 

UPLC packing material sizes (e.g. sub-2 μm particle size) have previously been 

used to boost separation resolution when compared with traditional HPLC 

separation for the HDX-MS analysis of protease digests of large proteins or 

multi-protein complexes.[57, 58] To further increase the separation efficiency, 

increased flow rates are often used in UPLC separations compared to traditional 

HPLC flow rates. As a consequence of small particle size, the operational 

pressure increases significantly with the increased flow rates in the UPLC system; 

this effect is particularly prominent under subzero-temperature conditions which 

result in an increase in mobile phase viscosity [71]. The collective effects of small 

particle size, high pressure, and low temperature necessitated the optimization of 

the high-throughput HDX-MS system for the analysis of complex samples.  

      In this study, we optimized a long-gradient sub-zero-temperature UPLC 

platform (e.g., > 1-hour separation gradient) for the separation of deuterium 

labeled complex cell lysate digest samples. We examined the effects of mobile 

phase modifiers, separation temperatures, flow rates and pressure, and gradient 

lengths on separation efficiency and deuterium retention. Our results 

demonstrated that a 90-minute UPLC separation at -10 oC and ~10,000 psi with 

10% acetonitrile as the mobile phase modifier could be implemented to maintain 
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high levels of deuterium retention in HDX-MS analysis. Additionally, our results 

showed that the average fractional deuterium incorporation was actually 

increased slightly for peptides that eluted late in the gradient (after 50 minutes in 

a 90-minute gradient), making long-gradient UPLC separation a promising 

approach for the HDX-MS analysis of highly complex samples such as cell 

lysates.     

2.3 Material and methods 

2.3.1 Materials and reagents 

      All chemicals, including Deuterium oxide were purchased from Sigma-

Aldrich (Milwaukee, WI) unless noted otherwise. Phenylmethylsulphonyl 

fluoride (PMSF) was purchased from VWR (Radnor, PA) and trypsin (TPCK 

treated) was obtained from ThermoFisher (Rockford, IL). The desalting column, 

Strata C18-U (55 μm, 70 Å, 100 mg/mL) was purchased from Phenomenex 

(Torrance, CA). The ACE® Excel® SuperC18™ column (100 mm × 2.1 mm, 1.7 

μm, 90 Å) was purchased from Advanced Chromatography Technologies Ltd 

(Aberdeen, Scotland). 

2.3.2 Sample preparation 

      Escherichia coli (E. coli) K12 cells were grown in 2% LB media and cultured 

at 37 °C with gentle shaking at 250 rpm overnight. The cultured E. coli cells were 

collected and centrifuged at 13,000 rpm for 60 minutes at 4 °C. The supernatant 

was discarded, and the E. coli pellets were resuspended in 25 mM ammonium 
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bicarbonate at a ratio of 1 gram of cell pellets to 5 mL of buffer. 0.1% (v/v) PMSF 

was added to inhibit proteases from degrading proteins. Then, E. coli pellets were 

lysed using an Avestin EmulsiFlex-C3 homogenizer. The cell lysate was then 

centrifuged at 4 °C and 13,000 rpm for 60 minutes to remove cell debris. 6 M 

urea, 200 mM dithiothreitol, and 200 mM iodoacetamide were prepared in 25 mM 

ammonium bicarbonate. 1 mg (350 μL) of the proteins in the supernatant were 

incubated with  100 μL of 6 M urea and 25 μL of 200 mM dithiothreitol for 

denaturation and reduction at 37 °C for 1 hour, followed by incubating with 100 

μL of 200 mM iodoacetamide for alkylation at room temperature in dark for 30 

minutes. The alkylated proteins then were incubated with 100 μL of 200 mM 

dithiothreitol at room temperature immediately, followed by adding 25 mM 

ammonium bicarbonate to make the volume of protein solution 1 mL. Proteins 

were digested with trypsin (prepared in 25 mM ammonium bicarbonate) at 37 °C 

under pH 7 condition overnight with a protein to enzyme ratio of 50:1 (m/m). The 

digested peptides were desalted using SuperC18™ columns before vacuum 

concentration.  

      Deuterated E. coli peptides were prepared by reconstituting the concentrated 

peptides into D2O at a volume ratio of 1:9 to a final peptide concentration of 0.68 

μg/μL. The labeling mixture was then incubated at room temperature for three 

days. The final labeling D2O fraction was 0.9, which is used for the calculation of 

fractional deuterium incorporation. In order to avoid freezing of peptide samples 

during the sample injection step at -10 °C, acetonitrile was added to the sample 
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before sample injection, so the final acetonitrile fraction is 10%. Non-deuterated 

E. coli peptides were prepared using the same procedure as the deuterated 

samples, but H2O rather than D2O was used to reconstitute the concentrated 

peptides.  

2.3.3 Subzero-temperature liquid chromatography 

      Subzero-temperature liquid chromatography was performed by placing a six-

port two-way valve and a C18 UPLC column (100 mm × 2.1 mm, 1.7 μm, 90 Å) 

into a portable freezer (Figure 2-1). The temperature of the portable freezer could 

be controlled from -20 °C to +20 °C. The UPLC system utilized in this study is a 

Thermo Accela pump with a maximum pressure of 14,000 psi. The mobile phase 

modifier, operation temperature, and flow rate were evaluated for their effect on 

separation efficiency. For all LC runs, 25 μg of non-deuterated E. coli lysate 

peptides were manually injected onto the column at -10 °C. The LC gradient was 

controlled using the Thermo Accela UPLC system. Two mobile phase systems 

(mobile phase systems 1 and 2) were evaluated to avoid freezing of solvent in the 

LC system. Mobile phase system 1 was made up of 0.1% formic acid and 10% 

acetonitrile in water for mobile phase A and 0.1% formic acid in acetonitrile for 

mobile phase B. Mobile phase system 2 was made up of 0.1% formic acid and 

35% methanol in water for mobile phase A and 0.1% formic acid in acetonitrile 

for mobile phase B.  
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Figure 2-1. Subzero-temperature UPLC-MS setup. A six-port valve and a C18 

UPLC column are placed in a portable freezer. The temperature in the freezer can 

be manually controlled from -20 °C to +20 °C. Peptide samples were manually 

injected into the valve for each run. 

      The gradient for this set of evaluations started with 0% mobile phase B for 

sample loading over 10 minutes followed by an increase from 0% to 33% mobile 

phase B with varying gradient lengths (15 minutes to 90 minutes in 15-minute 

increments) for peptide separation. Then the column was washed with 90% 

mobile phase B for 5 minutes followed by a decrease to 0% mobile phase B for 3 

minutes. The column was re-equilibrated by flushing with 100% mobile phase A 

for 10 minutes. For each gradient, non-deuterated E. coli peptides were analyzed 

for peptide identification and the deuterated E. coli lysate peptides were analyzed 

to evaluate deuterium incorporation after separation. All experiments were 

performed in triplicate. Eluted peptides were detected online using a photodiode 
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array (PDA) detector and/or a Thermo Velos Elite mass spectrometer (Thermo 

Fisher Scientific, Hanover Park, IL, USA). 

2.3.4 Bottom-up MS analysis 

      An LTQ Orbitrap Elite mass spectrometer (Thermo Fisher Scientific, Hanover 

Park, IL, USA) with a custom nano-ESI interface was used for the MS 

experiments.[75, 76] The flow was split to result in approximately 1.5 μL/min 

flow to the nano-ESI interface. The heated capillary temperature was set to 275 

°C with a spray voltage of 3.5 kV. High-resolution MS scans were obtained with 

a MS resolution setting of 100,000 and the m/z range was 350 to 1350. MS/MS 

scans were acquired using the ITMS with collisional induced dissociation (CID) 

at a normalized collision energy setting of 35%. The ten most abundant precursor 

ions were selected for MS/MS. The AGC for MS/MS was 3E4 and the max ion 

injection time was 50 ms with 3 microscans.  

2.3.5 Data analysis 

      Peptide identification. Non-deuterated E. coli lysate peptides were identified 

using MSGF+ [77] to search the mass spectra from the LC-MS/MS analysis 

against the annotated E. coli database (E. coli K12) (the database was download 

form www.uniport.org at 10/23/2018, organism: "Escherichia coli (strain K12)", 

proteome ID is UP000000625, 4510 proteins are included in the database) and its 

decoy database. The peptide identifications were filtered using a SpecE value cut-

off of 1E−10 (i.e., the calculated FDR <1% at the unique peptide level). 

http://www.uniport.org/
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      Fractional deuterium incorporation calculation. Peak detection and fractional 

deuterium incorporation of peptides were calculated as previously described in 

the literature [59, 78] using the in-house developed software. Furthermore, this 

software fits peptide mass distributions to a Gaussian model and calculates the R2. 

Peptide isotope distributions with an R2 value above 0.9 were selected for 

deuterium incorporation calculation.  

      Fractional deuterium incorporation simulation. The theoretical deuterium 

level of each peptide was simulated as previously described [79] for comparison 

to experimental values. Briefly, for each identified peptide, each amide deuterium 

back-exchange rate was calculated using algorithms provided by Englander 

(http://hx2.med.upenn.edu/) [60], parameterized using T = 263 K and pH = 2.5. 

These rates were used to calculate overall expected deuterium remaining on the 

peptide at the time it eluted. 

2.4 Results and discussion 

2.4.1 Optimization of subzero-temperature UPLC conditions for separation 

of E. coli tryptic peptides 

      It has been reported that UPLC [53] and low temperatures separation 

conditions [69] improve LC-HDX-MS analysis by enhancing the separation 

performance and decreasing back-exchange rates. However, until now, the 

evaluation of these parameters has only been performed on simple protein or 

peptide samples [62, 72, 74]. Here we optimized a subzero-temperature UPLC 
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system for complex sample HDX-MS analysis using tryptic peptides from E. coli 

cell lysate as a model system. 

       We first compared two mobile phase systems (details in the method section) 

under subzero-temperature conditions to determine the effect of the mobile phase 

modifier on separation efficiency. We evaluated 35% methanol as suggested by 

Wales et al. [62] and acetonitrile as suggested by Zhang et al. [80]. In the study 

conducted by Zhang et al., 4.5% acetonitrile was added to mobile phase A to 

perform LC-HDX-MS at -9 °C for characterization of the epitope of birch pollen 

allergen.[80] Here, we increased the percentage of acetonitrile in mobile phase 

A to 10% to reduce the column pressure at -10 oC and maintain high operational 

flow rates (Figure 2-2). Triplicate LC-HDX-MS runs were performed at -10 °C 

and demonstrated reproducible separation without column or sample freezing 

when 35% methanol or 10% acetonitrile were utilized as the mobile phase 

modifier. We observed that many peptides did not bind to the RPLC column and 

eluted out during the sample loading time when methanol was used as the 

modifier, which may result in low peptide recovery in the analysis (Figure 2-3). 

Therefore, 10% acetonitrile was utilized as the modifier in mobile phase A at -10 

oC for the following evaluation and optimization.  
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Figure 2-2. UPLC pressure traces with two different compositions of mobile 

phase A (MPA) at -10 °C: (1) 4.5% acetonitrile with 0.1% formic acid; (2) 10% 

acetonitrile with 0.1% formic acid. For both analysis, 0.1% formic acid in 

acetonitrile was used for mobile phase B (MPB). The flow rate was 150 μL/min. 

The LC gradient starts with 0% MPB for 10 minutes, followed by increasing to 

40% MPB in 30 minutes. Triplicate runs were performed for each condition.  
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Figure 2-3. UPLC UV chromatogram traces with different mobile phase system 

at -10 °C. Mobile phase system 1: 89.9% HPLC water, 10% acetonitrile, and 0.1% 

formic acid as MPA and 99.9% acetonitrile and 0.1% formic acid as MPB. 

Mobile phase system 2: 64.9% water, 35% methanol, 0.1% formic acid as MPA 

and 99.9% acetonitrile and 0.1% formic acid as MPB.  

      We then evaluated the UPLC separation efficiency of E. coli lysate peptides 

under different flow rates at -10 °C using 10% acetonitrile as the modifier (Figure 

2-4). The full peak width at half maximum (FWHM) under each flow rate 

condition was calculated using 7 peaks selected from various points in the UPLC 

elution[81]. The FWHM decreased as the flow rate increased, suggesting higher 

separation efficiency at a higher flow rate. Additionally, the backpressure of the 
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LC system at equilibrium (100% mobile phase A) was measured at each 

corresponding flow rate. We found that a flow rate of 150 μL/min offered the 

optimal operational pressure (9,824 psi ± 404) and FWHM for our system. 

Replicate runs were performed to evaluate the robustness of the ultra-high-

pressure operating conditions (Figure 2-5).  

 

Figure 2-4. Flow-rate optimization of the UPLC separation at -10 

C. Base-peak chromatogram of UPLC separation under different flow rates and 
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corresponding pressures when the UPLC column was at equilibrium with 100% 

buffer A at -10 °C. 7 peaks selected from various point in the gradient (1e7 in the 

figure) were evaluated. The FWHM (in seconds) of each peak as well as their 

average FWHMs were reported in the table. The corresponding pressure under 

each condition was calculated as the average pressure from triplicate runs. 

 

Figure 2-5. Base-peak chromatograms of duplicate UPLC-MS runs at -10 °C. 

The flow rate is 150 μL/min. MPA is 10% acetonitrile and 0.1% formic acid in 

water, and MPB is 99.9% acetonitrile with 0.1% formic acid. 

      Finally, we compared our optimized subzero-temperature separation results 

with an analogous separation conducted at room temperature (Figure 2-6). At a 

flow rate of 150 μL/min, the backpressure was increased from 5,729 psi ± 157 at 

room temperature to 9,824 psi ± 404 at -10 °C. The backpressures were 
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significantly increased at the same flow rate when the temperature was decreased 

from room temperature to -10 °C because the viscosity of mobile phase increases 

as temperature decreases [71]. The average FWHM decreased slightly at -10 oC 

(e.g., from 8.28s ± 1.19 at RT to 6.50s ± 0.56 at -10 oC), suggesting that the UPLC 

separation at subzero temperatures shows similar or slightly better separation 

performance compared to room temperature separation using the same flow rate.  
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Figure 2-6. Flow-rate evaluation of the UPLC separation at room temperature. 

Base-peak chromatogram of UPLC separation under different flow rates and 

corresponding pressures when the UPLC column was at equilibrium with 100% 

buffer A. 7 randomly selected peptides (1-7 in the figure) were evaluated under 

three different flow rate conditions. The FWHM (in seconds) of each peak was 

manually measured and average FWHMs were calculated and reported in the 

table. The corresponding pressure of each condition was reported by calculating 

the average pressure from triplicate runs. 

2.4.2 Deuterium incorporation of E. coli lysate peptides using the UPLC 

separation at -10 °C 

      To determine the deuterium incorporation of the peptides after LC separation, 

UPLC-HDX-MS analysis was performed using a flow rate of 150 μL/min with a 

30-minute gradient at both room temperature and -10 °C. In total, the fractional 

deuterium incorporation was calculated for 840 identified peptides from 222 

proteins at room temperature and 879 identified peptides from 222 proteins at -

10 °C. Figure 2-7A shows the relative percentage of peptides with different 

fractional deuterium incorporation at room temperature and -10 °C. In total, 772 

peptides have greater than 50% deuterium incorporation at -10 °C, and only 39 

peptides have greater than 50% deuterium incorporation at room temperature. 

The average deuterium incorporation was approximately 40% higher at -10 °C 

(62.2±0.81%) when compared with equivalent room temperature separation 

(22.6±0.88%) (Figure 2-7B). We also evaluated the fractional deuterium 
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incorporation at 4 °C and found that the majority of the characterized peptides 

showed the fractional deuterium incorporation in the range from 30% to 60% 

(Figure 2-8). We found that the optimized UPLC separation at -10 °C greatly 

reduces the back-exchange rate in complex samples such as E. coli lysate 

peptides in a 30-minute separation gradient. We further evaluated the run-to-run 

reproducibility of our UPLC-HDX-MS platform. Figure 2-7C demonstrates the 

correlation between two replicate runs at -10 °C with a 30-minute gradient. The 

fractional deuterium incorporation was calculated for the same 520 identified 

peptides in both runs and we observed good reproducibility between these two 

runs (R2=0.9326). Our results suggested that the optimized subzero-temperature 

UPLC-HDX-MS platform can efficiently and reproducibly characterize complex 

deuterated samples such as cell lysate digest and maintain high deuteration levels. 
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Figure 2-7. Evaluation of fractional deuterium incorporation in the 30-min 

UPLC-HDXMS analysis. (A) Relative percentage of peptides in each fractional 

deuterium incorporation range at RT and -10 °C (840 peptides from RT, 879 

peptides from -10 °C, flow rate: 150 mL/min); (B) Average fractional deuterium 

incorporation of the peptides at RT and -10 °C. The error bars are the 95% 

confidence interval from the mean of the identified peptides based on the mean, 
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the standard deviation, and sample size; (C) Linear regression shows the 

reproducibility of the two replicates performed at -10 °C. 

 

Figure 2-8. Evaluation of the average deuterium incorporation at different 

temperatures. Relative percent of peptides in each fractional deuterium 

incorporation range at  RT and -10 ℃  (840 peptides from RT, 479 peptides from 

4 ℃, 879 peptides from -10 ℃, flow rate: 150 μL/min, gradient time: 30 min). 

2.4.3 Sub-zero temperature UPLC-HDX-MS of the E. coli lysate peptides 

with respect to gradient length 

      Good quality isotopic envelopes with few or no overlapped peaks are 

desirable for HDX-MS analysis, but a major hurdle for achieving this in complex 

samples is the limited peak capacity associated with LC separation. The 
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incorporation of UPLC has significantly improved the peak capacity of HDX-

MS, allowing for the characterization of larger proteins and protein complexes 

[58]. Still, many of these studies are performed with very short gradients at 0 oC. 

We have demonstrated that our optimized UPLC method can be efficiently 

operated at -10 oC with high deuterium retention after a 30-minute gradient, so 

we evaluated the separation performance of the UPLC and the back-exchange 

with longer gradients (from 15 min to 90 min) through the analysis of E. coli 

lysate peptides. 

      The separation performance of the UPLC system at -10 oC was evaluated 

using non-deuterated E. coli lysate peptides with different separation gradients 

(Figure 2-9). In a 90-minute gradient, 27,246 deconvoluted mass features were 

detected, which is ~3-fold higher than the number of deconvoluted mass features 

detected using a 15-minute gradient (8,530). Only 1,200 peptides were identified 

in the 15-minute gradient run which was significantly lower than the 4,520 

peptides identified for the 90-minute gradient run, suggesting better separation 

efficiency with longer UPLC gradients.  
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Figure 2-9. Deconvoluted mass features and identified peptides counts from the 

UPLC-MS/MS analysis with different gradient lengths. 

      We further evaluated the back-exchange observed for each gradient by 

comparing the average fractional deuterium incorporation of deuterium labeled 

E. coli peptides using the optimized UPLC-HDX-MS analysis. In total, we 

characterized 1419 deuterated peptides from 320 proteins in the 90-minute 

gradient run, which is about 4-fold more than were identified in the 15-minute 

run (382 peptides from 141 proteins). As shown in Figure 2-10, detected 

deuterated peptides in from different gradient lengths have similar fractional 

deuterium incorporation ranges. In all the gradients, we observed that a majority 

of detected deuterated peptides have greater than 50% deuterium incorporation. 

The average deuterium incorporation slightly decreased as the length of the 

gradient increased (64.5±14.9% for the 15-minute gradient and 56.9±14.8% for 
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the 90-minute gradient). However, the number of deuterated peptides that were 

detected and characterized in the UPLC-HDX-MS analysis increased drastically 

with increasing lengths of gradient (382 deuterated peptides detected for the 15-

minute gradient and 1419 deuterated peptides detected for the 90-minute 

gradient). Overall, our results suggested that longer UPLC gradients at -10 °C 

provide better separation capacity for increased peptide detection while 

maintaining similar deuterium incorporation.  
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Figure 2-10. Evaluation of fractional deuterium incorporation in the UPLC-

HDX-MS analysis at varying gradient lengths (15 min to 90 min, -10 °C, flow 

rate: 150 mL/min). (A) Relative percent of peptides in each fractional deuterium 

incorporation range. (B) Box and Whisker plots of the fractional deuterium 

incorporation of the identified peptides. 

       It is generally accepted that deuterium incorporation should decrease over 

time when the concentration of D2O is lowered if the primary structure of the 

peptide is the only contributor to the rate of back-exchange [60]. Using this 

model, we calculated the theoretical fractional deuterium incorporation of the 

detected E. coli peptides after separation using a 90-minute gradient and plotted 

them against their elution times (Figure 2-11). We then compared the simulated 

results to our experimental results for the 90-minute gradient (Figure 2-12). The 

deuterium incorporation for both the simulated and experimental peptides 

decreased at the beginning of the gradient. However, the simulated deuterium 

incorporation decreased linearly throughout the entire gradient, while the 

deuterium incorporation for the experimental peptides gradually increased at the 

end of the gradient. Interestingly, the same trend was observed under all gradient 

length conditions (15 minutes to 90 minutes) (Figure 2-13). 
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Figure 2-11. Simulated fractional deuterium incorporation of identified 

deuterated peptides in E. coli lysate digest. 

 

Figure 2-12. Comparison of simulated fractional deuterium incorporation and 

experimental fractional deuterium incorporation in the 90-min UPLC-HDX-MS 
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analysis at -10 °C. A total of 1419 identified deuterated peptides with R2 above 

0.9 were used. 

 

Figure 2-13. Average fractional deuterium incorporation of identified peptides 

eluted in different elution windows using different gradient lengths. The error 

bars were calculated from 95% confidence interval of means of the identified 

peptides eluted from each acetonitrile ranges at varying gradient times based on 

the mean, standard deviation, and sample size. 
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      Previous literature indicates that the observed deuteration trend may be the 

result of interactions between the peptides and the RPLC column altering the 

deuteration back-exchange rate depending on peptide sequence and length [79]. 

We first plotted the length of the identified deuterated peptides versus elution 

time and found that the average peptide length increased with increased elution 

time (Figure 2-14A). Longer peptides may have more interaction with the RPLC 

column which may block sites and decrease the overall rate of back exchange for 

some longer peptides. Another factor that may affect the back-exchange rates of 

peptides is the formation of secondary structure caused by hydrophobic 

interactions within the peptide. Formation of secondary structure is more 

common for longer peptides that generally eluted later in the gradient [79, 82, 

83]. These longer peptides may undergo induced formation of stabilized 

secondary structures [84, 85] and the deuterium embedded in the secondary 

structure will have less solvent accessibility and a reduced back-exchange rate. 

It has also been suggested that column interactions favor retention of the 

secondary helical structures [79]; this may further decrease the back exchange 

rate of longer peptides eluted later gradient due to column-induced deceleration 

of back-exchange. 

      Other peptide properties may also contribute to the back-exchange of 

individual peptides. We calculated the relative hydrophobicity for each identified 

peptide using the grand average of hydropathy (GRAVY) calculator 

(http://www.gravy-calculator.de/) [79] and plotted these values against the 
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elution time for each peptide (Figure 2-14B). Interestingly, even though RPLC 

separates based on hydrophobicity, the relative hydrophobicity of the peptides 

only increased in the first 30 minutes of the separation, and the average 

hydrophobicity does not change significantly from 30 minutes to 100 minutes. 

Thus, the overall increase in hydrophobicity may be another factor contributing 

to the reduced back-exchange rate for peptides eluted late in the gradient. The 

combined effects of column interaction, secondary structure, and hydrophobicity 

may explain the nonlinear deuteration trend observed in this study.  
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Figure 2-14. Investigation of the effects of peptide properties on deuterium 

incorporation for 1419 identified deuterated peptides in the 90-min UPLC-HDX-

MS analysis at -10 °C (A) Calculated peptide lengths in different elution 

windows. (B) GRAVY values of peptides in different elution windows. 

      Overall, the ability to maintain high fractional deuteration throughout a long 

gradient HPLC separation is valuable to HDX-MS analysis because higher 

deuterium incorporation allows more information regarding protein binding to be 

retained and reduces the bias of characterization. Furthermore, longer separation 

allows for more peptides identification to obtain higher proteome sequence 

coverage. While accurate identification of altered deuterium labeling is generally 

required for typical HDX-MS experiments on single proteins or simple protein 

complexes, it is especially important for analysis of complex protein mixtures as 

the likelihood of errant identification of interaction sites increases with sample 

complexity and could lead to false conclusions regarding protein binding or 

altered folding. The long gradient HPLC separation at subzero temperature 

introduced here exhibits the potential for the high proteome coverage and 

deuterium retention required to perform HDX-MS analysis on complex samples 

such as cell lysates for the study of protein binding and dynamics in more native-

like environments which could allow the more in-depth study of protein 

interactions and pathways.  
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2.5 Conclusion 

      We have performed, for the first  time, the systematic optimization of the 

UPLC-HDX-MS analysis of complex protein samples such as E. coli lysate 

digest at -10 °C. Under the optimized conditions, we characterized 1419 

deuterated peptides from 320 proteins using a 90-minute separation gradient at -

10 oC. Our results suggested that peptides eluted across the entire gradient 

(including peptides eluted at the end of the gradient) all maintain relatively high 

levels of deuteration. Overall, the optimized, sub-zero temperature, long-gradient 

UPLC separation is capable of characterizing thousands of peptides with low 

back exchange, which greatly increased the throughput in a single HDX-MS 

analysis.  

      Improvement and optimization of the sub-zero temperature UPLC-HDX-MS 

system may still be made; for example, the separation efficiency of highly 

complex samples can be further improved for high throughput HDX-MS by 

optimizing the parameters of the UPLC column including particle size, column 

length, ion pairing reagents, and packing materials. Additionally, we have to note 

that our average fractional deuterium incorporation is slightly lower than some 

reported results [62]. This is likely due to our sample preparation and manual 

sample injection process. Sample preparation can be improved to further reduce 

the back exchange by flash-freezing samples using dry ice, thawing the sample 

right before sample injection, controlling solution conditions such as pH and 
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ionic strength, etc. Other measures such as controlled desolvation in the MS 

ionization step can also help improve the overall deuterium retention as 

previously reported [86]. The potential application of this method suffers from 

typical limitations involved in LC-MS based proteomics studies such as the 

uncertainty inherent in label-free quantitation methods and run-to-run variation 

in LC-MS analysis [87]. Additionally, as is common in complex sample analysis, 

the possibility of false positive results is increased; in this case, erroneous 

detection of shifts in deuteration could falsely indicate protein interactions, so 

further confirmation of potential interactions screened with this method using 

other analytical techniques may be necessary to corroborate results. Furthermore, 

analysis of complex HDX-MS data sets is complicated and there are not currently 

any software packages available designed to analyze HDX-MS datasets of 

complex protein mixtures such as cell lysates. This type of data analysis also 

requires statistical analysis to interpret significant shifts in deuteration and 

methods by which to achieve this analysis have not been deeply studied [68]. 

However, all potential drawbacks considered, the application of long gradient 

low temperature separation to HDX-MS analysis holds great promise for broad 

screening of protein dynamics in samples with high complexity and in more 

native-like environments such as human cell lysates. As such, we intend to apply 

our optimized subzero temperature long-gradient HDX-MS system to the 

analysis of functional biological systems to further assess its ability to screen and 

characterize protein interactions and dynamics. Future studies will incorporate 
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the recommendations provided by the International Conference on Hydrogen-

Exchange Mass Spectrometry (IC-HDX) such as multiple labeling time points 

and incorporation of biological replicates [52]. Optimization of different buffer 

systems capable of lower temperature (-20 °C) separation can also be explored 

for analysis of complex samples using HDX-MS in future studies.  
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Chapter 3 Elucidating protein-ligand interactions in cell lysates 

using high-throughput hydrogen deuterium exchange mass 

spectrometry with integrated protein thermal depletion  

3.1 Abstract 

      Hydrogen deuterium exchange coupled with mass spectrometry (HDX-MS) 

is a powerful technique for the characterization of protein-ligand interactions. 

Currently, the need for breakthroughs in the application of HDX-MS analysis to 

protein-ligand interactions in highly complex biological samples such as cell 

lysates is rapidly growing.  However, HDX-MS analysis in such systems suffers 

from extreme spectral complexity as a result of high sample complexity and 

limited LC separation power due to the traditional use of a short LC gradients. 

Here, we introduced protein thermal depletion (PTD) to reduce protein 

complexity in E. coli cell lysate to our subzero temperature long gradient UPLC-

HDX-MS platform (PTD-HDX-MS) to facilitate high-throughput analysis of 

protein-ligand interactions in cell lysates. We spiked bovine carbonic anhydrase 

II (CaII) and its inhibitor acetazolamide (AZM) into E. coli cell lysate as a model 

system in our study. We demonstrated that PTD at 60 °C greatly reduces protein 

complexity in cell lysates while the AZM-targeted CaII complex still remains in 

solution due to improved thermal stability upon binding. Using both PTD to 

reduce sample complexity and subzero-temperature long gradient UPLC to boost 

LC separation power, we successfully elucidated the interaction site between 
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AZM and CaII in E. coli cell lysate from the high-throughput HDX-MS analysis 

of thousands of deuterated peptides from hundreds of proteins. Our results 

highlight the great promise of the PTD-HDX-MS platform for the identification 

of ligand targets and characterization of protein-ligand interactions in highly 

complex biological samples such as cell lysates. 

3.2 Introduction 

      Hydrogen deuterium exchange coupled with mass spectrometry (HDX-MS) 

is a powerful protein footprinting approach for the characterization of protein-

ligand interactions[52]. This technique is based on the dependence of the 

exchange rate of protein amide hydrogens with deuterium on solvent accessibility 

and hydrogen bonding when the protein is exposed to deuterium oxide [70, 88]. 

Consequently, reduced solvent accessibility following ligand binding protects the 

amide hydrogens involved in the binding interface against exchange while the 

same amide hydrogens will undergo rapid exchange without ligand binding. In 

the typical HDX-MS workflow, deuterium labeling is initiated by the dilution of 

the protein into a deuterium oxide-prepared buffer, so that proteins maintain 

native state. The deuterium labeling reaction is then quenched by decreasing the 

pH to 2.5. After quenching, proteins are digested using an acid-stable protease 

and subjected to LC separation and MS detection[5, 13]. Over the recent decades, 

improvements in several aspects of HDX sample handling including protein 

reduction and digestion[89-92], separation[57, 58, 93], MS detection[53], and 
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HDX data analysis software[94-96] have enabled the HDX-MS analysis of a wide 

size range of proteins under native conditions where other traditional methods for 

the characterization of protein-ligand interaction may be of limited use[4]. 

Currently, the HDX-MS community seeks to investigate protein-ligand 

interactions in native-like biological environments such as cell lysates[56, 62, 96]. 

      Back exchange, or the loss of deuterium after quenching is the central 

confounding issue in conventional HDX-MS analysis[54]. Back exchange can 

reduce sensitivity and make it difficult to distinguish HDX variation between 

protein and protein-ligand complexes which can bias the identification of sites of 

interest. Thus, a short LC gradient is typically implemented (e.g., 5-10 minutes) 

to reduce spectral complexity and minimize back exchange[4]. However, short 

LC gradients can hinder the application of HDX-MS analysis to highly complex 

protein matrix environments, such as cell lysates, as the deuterium labeled 

peptides in a mixture of all digested proteins will coelute together in a short LC 

gradient, resulting in extreme spectral complexity that compromises the HDX data 

analysis[53, 55, 56]. Furthermore, as with data dependent acquisition-based 

shotgun proteomics, sequence coverage of the protein(s) of interest will be 

decreased in the presence of a large amount of co-eluted peptides from nontarget 

proteins[66, 97]. Immobilization [64, 65] or affinity capture[66] of nontargeted 

proteins and the integration of size exclusion chromatography (SEC) [55] prior to 

LC-MS analysis have been developed for HDX-MS analysis to address high 

spectral complexity. However, reported strategies for protein enrichment, 



56 

 

including immobilization and biotinylation-based affinity capture of proteins, 

may introduce steric effects resulting in changes to protein-ligand interactions. 

Short SEC separations may suffer from low-resolution for highly complex 

biological samples such as cell lysates. Moreover, these strategies are typically 

only applicable to purified protein systems with known target proteins and are 

unsuitable for HDX-MS analysis of unknown protein-ligand interactions in 

complex samples such as cell lysates. To improve separation power, ion 

mobility[63], UPLC-based separation[57, 58], and subzero temperature-based 

long gradient separations[56, 62, 98] have been introduced into the HDX-MS 

workflow. Previously, our group optimized a long gradient (e.g., 90 minutes) 

subzero-temperature UPLC separation method using Escherichia coli (E. coli) 

cell lysate digest, which significantly boosts LC separation power to enable the 

high-throughput analysis of thousands of peptides with low back exchange in a 

single HDX-MS analysis for complex biological samples [56].  Yet, despite great 

progress, HDX-MS analysis is still not well-adapted for the characterization of 

protein-ligand interactions in native-like biological environments such as cell 

lysates.  

      Shifts in protein thermal stability upon ligand binding have been widely used 

to study protein-ligand interactions[19, 20]. The temperature at which a protein 

denatures (melting point, Tm) depends on the thermal stability of the protein. Upon 

exposure to heat at the melting point (Tm) or higher temperatures, proteins will 

denature and precipitate; precipitated proteins can be removed from the sample 
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via filtration or centrifugation. However, it is possible that target proteins in the 

cell lysate will become more stable upon ligand binding and resist thermal 

denaturation at temperatures which more unstable proteins aggregate. It is 

reported that protein Tm is widely distributed between 45 °C to 80 °C for the E. 

coli proteome and 40 °C to 65 °C for the human proteome (Homo sapiens).[99] 

Therefore, protein thermal depletion (PTD) by heating ligand-treated cell lysate 

at temperatures lower than the target protein Tm allows the removal of nontargeted 

proteins with lower Tm, providing a potential strategy to reduce sample complexity 

for high-throughput HDX-MS analysis in cell lysates. Here, we aim to integrate 

PTD with our subzero-temperature UPLC-HDX-MS platform (PTD-HDX-MS) 

for the high-throughput analysis of protein-ligand interactions in cell lysate.  

3.3 Materials and methods 
 

3.3.1 Materials and reagents 

 

      Unless otherwise stated, all chemicals and enzymes including CaII and AZM 

were acquired from Sigma-Aldrich (Milwaukee, WI). The ACE® Excel® 

SuperC18-AR™ column for UPLC separation was purchased from Advanced 

Chromatography Technologies Ltd (Aberdeen, Scotland). The Strata C18-U 

desalting column was acquired from Phenomenex (Torrance, CA). Tris(2-

carboxyethyl)phosphine (TCEP) was purchased from Gold Biotechnology (St. 

Louis, MO). 

 

3.3.2 E. coli cell lysate preparation 
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      5 μL of Escherichia coli (E. coli) origin media was added to a pre-prepared 

lysogeny broth and shaken overnight at 250 rpm and 37°C. This solution was 

transferred to pre-prepared LB flasks and shaken overnight at 250 rpm and 37°C. 

The second inoculation solution was shaken for 15 minutes at 7800 rpm and 4°C. 

After supernatant removal, the resulting pellet was resuspended in 25 mM ABC, 

and PMSF was added to achieve a final concentration of 0.1% (v/v). An Avestin 

C3 Emulsiflex homogenizer and 25 mM ABC buffer were used to lyse the E. coli 

cells. 1.5 mL aliquots were prepared in 1.5 mL Eppendorf tubes and centrifuged 

for one hour at 13,000 rpm and 4°C. The supernatant was transferred to fresh 

Eppendorf tubes for future use.  

 

3.3.3 Protein thermal depletion 

 

      A stock solution of CaII was prepared to a concentration of 1 μg/μL in 1x 

PBS. Stock AZM solution was also prepared in 1x PBS to a concentration of 1 

mM.  1.5 mL of solution containing AZM, CaII, and E. coli cell lysate in PBS 

(+AZM) was prepared to final concentrations of 0.05 mM, 0.1 μg/ μL, and ~2 

μg/μL, respectively. A second solution without AZM (-AZM) was prepared in 

PBS with the same concentrations of cell lysate proteins and CaII. 100 μL aliquots 

of each solution were prepared into 0.2 mL PCR tubes. AZM+ and AZM- samples 

were heated in triplicate at an increasing temperature gradient from 37 °C, 45-90 

°C in 5°C increments for 5 minutes using a PTC-200 Thermal Cycler. Samples 

were then allowed to return to room temperature for 3 minutes before being cooled 

on ice to 4 °C. All tubes were centrifuged at 10,000 rpm for 30 minutes at 4 °C. 
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Without disturbing the aggregated peptides, 90 μL of the remaining supernatant 

were transferred to 0.5 mL Eppendorf tubes and stored at -80 °C before further 

analysis. Protein concentration of the depleted samples was measured using a 

Pierce™ BCA Protein Assay Kit and its provided protocol from Thermo Fisher 

Scientific. 

 

3.3.4 Sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDS-

PAGE)  

      Sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDS-PAGE) 

was utilized to evaluate depleted E.coli samples. All chemicals and equipment 

related to SDS-PAGE were purchased from Bio-Rad technologies. 4x reducing 

buffer was prepared from 900 μL of 4x Laemmli buffer and 100 μL of 2-

mercaptoethanol. 10 μL of each sample was added to 5 μL of reducing buffer and 

heated at 95 °C for 5 minutes. The denatured samples were injected into a 12% 

running and 4% stacking gel and subjected to 3.00 A of current at 120 V for 90 

minutes using a PowerPac™ HC and Mini-PROTEAN Tetra Cell. Gels were 

stained using Coomassie Brilliant Blue R dye (Sigma-Aldrich, Milwaukee, WI). 

 

3.3.5 Subzero temperature liquid chromatography HDX-MS  

 

      Sample preparation for the assessment of PTD. The free CaII sample (-AZM) 

at 37 °C (without PTD) and 60 °C-depleted (PTD at 60 °C) -AZM sample were 

used to assess PTD for HDX-MS analysis. Based on BCA results, 10 μL of each 

sample containing 13.5 μg of E. coli proteins for each sample were prepared and 
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then was diluted with 90 μL of 1x PBS in H2O (pH 7.5) with the incubation time 

of  120 s at room temperature to mimic the HDX labeling process, followed by 

the addition of 100 μL of prechilled quenching solution containing 4M Urea and 

200 mM TCEP in 1% formic acid (pH 2.5).  The resulting solutions were 

incubated at 0 °C for 3 min. Next, protein digestion was performed by mixing 100 

μL of 2.4 mg/mL protease type XIII with the quenched solution at 0 °C for 4 min. 

The digested solutions were immediately mixed with 30 μL of acetonitrile in 1% 

formic acid prior to subzero-temperature LC separation to avoid sample freezing. 

Triplicate experiments were performed for both 37 °C and 60 °C-depleted -AZM 

samples.  

      Sample preparation for PTD-HDX-MS analysis in 60 °C-depleted samples. 

60 °C-depleted -AZM and 60 °C-depleted +AZM samples were used to perform 

differential PTD-HDX-MS. 10 μL of each sample was diluted with 90 μL of 1x 

PBS in deuterium oxide (D2O, pH 7.5) and incubated at room temperature for 

various times (90 s, and 120 s).  100 μL of prechilled quenching solution 

containing 4M Urea and 200 mM TCEP in 1% formic acid (pH 2.5) was added to 

each sample and the total solution was incubated at 0 °C for 3 min. Subsequent 

protein digestion was performed by mixing 100 μL of 2.4 mg/mL protease type 

XIII with the quenched solution at 0 °C for 4 min, and 30 μL of acetonitrile in 1% 

FA was immediately mixed with the solution prior to subzero-temperature LC 

separation.  Non-deuterated conditions were created for -AZM samples by using 
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H2O rather than D2O to generate a library of E.coli peptides. Samples were 

prepared in triplicate.  

      Sample preparation for HDX-MS analysis in pure CaII and AZM. Pure CaII 

solution was prepared to a concentration of 0.1 μg/μL in 1x PBS buffer. A CaII-

AZM complex solution was prepared by incubating 0.1 μg/μL CaH with 0.05 mM 

AZM in 1x PBS buffer. 10 μL of each solution was diluted with 90 μL of 1x PBS 

in deuterium oxide (D2O, pH 7.5) and incubated at room temperature for 120 s. 

Quenching and digestion followed the exact steps in PTD-HDX-MS sample 

preparation. Non-deuterated conditions were created for pure CaII by using H2O 

rather than D2O to generate a library of CaII peptides. Samples were prepared in 

triplicate.  

      Subzero temperature LC separation. Subzero temperature LC separation at -

10 °C was achieved using a C18-AR UPLC column (100 mm x 2.1 mm, 1.7 mm, 

90 Å) placed in a portable freezer [56].  A Thermo Accela pump was used to 

control the gradient. Mobile phase A (0.1% formic acid and 10% acetonitrile in 

HPLC-grade water) and mobile phase B (0.1% formic acid in acetonitrile) were 

used for LC separation. The flowrate was controlled at 150 µL/min. Samples were 

loaded over 10 minutes with 0% mobile phase B. Peptides were then separated by 

an increase from 0% to 33% mobile phase B with a 15 min gradient for the PTD 

assessment or 45 min gradient for HDX-MS analysis. Then, the UPLC column 

was washed with 90% mobile phase B for 5 min followed by a decrease to 0% 

mobile phase B for 3 min and re-equilibration for 10 min. The eluted peptides 
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were detected using an Orbitrap Exploris 240 mass spectrometer (Thermo Fisher 

Scientific, Bremen, Germany). Blank runs with the same gradient setup were 

performed between all sample runs to eliminate carryover.  

 

3.3.6 Thermal proteome profiling 

 

      Sample preparation. E. coli samples at 37 °C (+AZM and -AZM) and 70 °C 

(+AZM and -AZM) were used to perform two temperature point thermal 

proteome profiling (TPP). 10 μL of each sample was incubated with 100 μL of 6 

M urea and 5 μL of 200 mM dithiothreitol (DTT) for denaturation and reduction 

respectively at 37 °C for 1 h followed by incubation with 20 μL of 200 mM 

iodoacetamide for alkylation at room temperature in the dark for 30 min. After 

alkylation, proteins were incubated with 100 μL of 200 mM DTT at room 

temperature immediately followed by addition of 25 mM ABC to a final volume 

of 1 mL.  Proteins were digested with trypsin (prepared in 25 mM ammonium 

bicarbonate) at 37 °C and pH 7 overnight with a protein to enzyme ratio of 50:1 

(w/w). The digested peptides were desalted using a Strata C18-U column (55 μm, 

70 Å, 100 mg/mL) before vacuum concentration. The dried peptides were 

dissolved into 100 μL HPLC water and stored at -80 °C prior to LC-MS/MS 

analysis. Samples were prepared in triplicate for each condition. 

NanoLC separation. 10 µL of protein digest was injected on a C18 reverse phase 

liquid chromatography (RPLC) column (75 µm i.d., 150 mm length, 2 µm C18 

resin) for peptide separation. Mobile phase A (0.1% formic acid in HPLC water) 
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and mobile phase B (0.1% formic acid in acetonitrile) were prepared for nanoLC 

separation. The flow was split to achieve a final flow rate of approximately 0.8 

µL/min through the RPLC column [100]. The LC gradient was started with 0% 

mobile phase B for sample loading for 30 min followed by an increase to 40% 

mobile phase B for 60 min. Then the gradient was further increased to 90% mobile 

phase B in 3 min and was held for 5 min followed by a decrease to 0% mobile 

phase B in 2 min and re-equilibration of the column for 30 min. The eluted 

peptides were detected using an Orbitrap Exploris 240 mass spectrometer 

(Thermo Fisher Scientific, Bremen, Germany). A blank run with no sample 

injection was included between runs to eliminate carryover. 

3.3.7 Isothermal titration calorimetry (ITC) 

      Malvern MicroCal PEAQ-ITC instrument (Malvern Instruments Limited, 

UK) was used for ITC experiments . The experiments were performed at a 

constant temperature of 25 °C. The reference power was set at 10 μcal/s. The stir 

speed was kept constant at 720 rpm. A stock solution of CaII was prepared to a 

concentration of 50 μM in 1x PBS. Stock AZM solution was also prepared in 1x 

PBS to a concentration of 1 mM. Stock CaII samples were aliquoted for heating 

at 37 °C and 60 °C  for 5 minutes using a PTC-200 Thermal Cycler. Samples were 

then allowed to return to room temperature for 3 minutes before being cooled on 

ice to 4 °C. All tubes were centrifuged at 10,000 rpm for 30 minutes at 4 °C. The 

supernatants were taken for ITC experiments. A total of 300 μL of CaII was 

loaded in sample cell. The titration experiments consisted of a 150-s pretitration 
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delay followed by 18 injections of 2 µl aliquots of 1 mM AZM solutions with 150 

s intervals. The same 1x PBS buffer titrated with the corresponding ligand was 

served as the blank. The resulting binding isotherm were fitted by using “one set 

of sites” algorithms in MicroCal PEAQ-ITC analysis software.  

3.3.8 MS analysis 

      MS analysis for HDX-MS. An Orbitrap Exploris 240 mass spectrometer 

(Thermo Fisher Scientific, Bremen, Germany) coupled with a normal flow ion 

source was used for peptide detection. The heated capillary was set to 320 °C with 

a spray voltage of 3.5 kV. Sheath gas and Aux gas were set to 35 L/min and 7 

L/min respectively for improving ionization. MS scans were acquired with a 

resolution setting of 120,000 and 350 to 1350 m/z range. For HDX labeled 

samples, only LC-MS analysis was performed. The AGC for MS scans was set to 

standard mode, and the max ion time was set to 1000 ms with 2 micro scans. 

MS/MS scans were acquired with a resolution setting of 30,000 and 150 to 2000 

m/z range with higher-energy C-trap dissociation (HCD) at a normalized collision 

energy setting of 30%. The data-dependent acquisition mode was used for 

MS/MS. The AGC for MS/MS was set to standard mode, and the max ion 

injection time was set to auto mode with 2 micro scans. The cycle time for MS 

and MS/MS analysis was 2s.  

      MS analysis for thermal proteome profiling. An Orbitrap Exploris 240 mass 

spectrometer (Thermo Fisher Scientific, Bremen, Germany) coupled with a nano 

ion source was used for peptide detection. The heated capillary was set to 275 °C 
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with a spray voltage of 2 kV. The settings of MS and MS/MS scans were the same 

as in HDX-MS analysis.  

 

3.3.9 Data analysis 

      An E. coli proteome database (E. coli K12) downloaded from 

www.uniprot.org (proteome ID: UP000000625) was combined with the CaII 

sequence (Accession number: P00921) to serve as the protein database for the 

following data analyses.  

HDX-MS data analysis. The LC-MS/MS data of non-deuterated samples was 

searched against the protein database using MSGF+ [77] to identify E. coli lysate 

peptides.  The decoy database was automatically generated in MSGF+ software. 

Methionine oxidation and N-terminal acetylation were set as variable 

modifications for peptide identification. In-house developed software that fits 

peptide mass distributions to a Gaussian model and calculates the R2 was used to 

identify deuterated peptides and calculate the deuterium uptake of each identified 

peptide [56, 88].  Peptides were manually checked to ensure that the correct 

isotopic patterns were taken to calculate the deuterium uptake of the 

corresponding peptides. Deuterated peptides identified in all triplicate runs and 

both labeling time conditions were taken into statistical analysis. A two-tailed t-

test was applied to determine the likelihood that the deuterium uptake difference 

between - AZM and + AZM were significantly different [101]. 
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TPP data analysis. All raw files from thermal proteome profiling were processed 

using MaxQuant (version 1.6.5.0) for peptide identification and quantification 

[102].  Default MaxQuant parameters were used unless otherwise noted. 

Methionine oxidation and N-terminal acetylation were set as variable 

modifications and carbamidomethylation of cysteine residues was selected as a 

fixed modification. Identified peptides were filtered for a maximum false 

discovery rate (FDR) of 0.01.  The match between run features was selected with 

a match window of 0.7 min and an alignment window of 20 min. The identified 

contaminants and reverse sequences were filtered out. Only peptides quantified in 

all three replicates runs with label-free quantitation (LFQ) values larger than 0 in 

each condition were included for the following statistical analysis.  

 

3.4 Results and discussion 

      As a proof-of-concept for the proposed PTD-HDX-MS platform, E. coli cell 

lysate spiked with bovine carbonic anhydrase II (CaII) and its ligand 

acetazolamide (AZM) was used as the pairing model in our study. To determine 

the appropriate temperature for PTD, we heated both -AZM and +AZM aliquots 

to temperatures from 45 °C to 95 °C in increments of 5 °C. Our preliminary results 

suggested CaII remained in solution at 60 °C and denatured at 65 °C in the -AZM 

set (Figure 3-1A) while CaII remained in solution at 65 °C and denatured at 70 

°C in the +AZM samples (Figure 3-1B). This Tm shift indicates that CaII was 

stabilized upon AZM binding. Our label-free, two-temperature point bottom-up 
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TPP results also verified that AZM targeted CaII in E. coli cell lysate (Figure 3-

2). We then performed triplicate PTD at 60 °C, 65 °C, and 70 °C. Subsequent 

SDS-PAGE analysis (Figure 3-3A) showed an identical protein distribution 

between triplicate PTD runs for each temperature, indicating the reproducibility 

of the PTD process. Compared with the protein pattern at 37 °C, some protein 

bands were diminished or disappeared completely following PTD while CaII still 

remained in solution at 60 °C -AZM and at 65 °C +AZM. These results indicate 

that the protein complexity was greatly reduced by the removal of some 

untargeted proteins in PTD. It has also been reported that free CaII still remains 

functional for catalytic activity after heating at 60 °C for 5 minutes[103]. 

Therefore, -AZM and +AZM E. coli samples exposed to PTD at 60 °C were used 

for the following characterizations. BCA measurement suggested that 

approximately 40% of the protein was removed in 60 °C-depleted E. coli cell 

lysate (Figure 3-3B). We then further evaluated the identification of CaII peptides 

in both E. coli cell lysate without PTD (37 °C) and E. coli cell lysate with PTD at 

60 °C following typical HDX-MS workflow (Figure 3-3C, Figure 3-4). 66  2 

unique CaII peptides were identified in 60 °C-depleted E. coli cell lysate and 35% 

fewer unique CaII peptides (49  2) were identified in E. coli cell lysate without 

PTD. 91.5  0.5% sequence coverage of CaII was achieved in 60 °C-depleted E. 

coli cell lysate, approximately 7 % higher than the sequence coverage obtained in 

E. coli cell lysate without PTD. Moreover, 55% of the additional unique peptides 

less than 16 amino acids in length were identified in 60 °C-depleted E. coli cell 
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lysate compared to those peptides identified in E. coli cell lysate without PTD. 

These shorter peptides are essential for increasing the resolution of the 

characterization of the protein-ligand binding site in native-like conditions. 

Overall, our results suggest that protein thermal depletion greatly reduces protein 

complexity in cell lysates, enabling more peptide identification and improved 

sequence coverage of the targeted protein. The improved results will be 

advantageous for the binding site characterization in the following HDX-MS 

analysis.  

 

Figure 3-1. Evaluation of the melting points of CaII in E.coli cell lysate (A) with/ 

(B) without AZM treatment.  
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Figure 3-2. Validation of AZM target using two-temperature-points thermal 

proteome profiling. (A) Volcano plot for comparing the intensities between the 

identified E.coli  peptides with and without AZM treated at 37 °C. The dash grey 

lines indicate the cut off values (fold change > 2, P value < 0.01). (B) Volcano 

plot for comparing the intensities between the identified E.coli  peptides with and 

without AZM treated after protein thermal depletion at 70 °C. The dash grey lines 

indicate the cut off values (fold change > 2, P value < 0.01). Two CaII peptides 

(AVVQDPALKPLALVYGEATSRR and VLDALDSIK) were highlighted in 

red. (C) Extracted ion chromatographs (EICs) of peptide  

AVVQDPALKPLALVYGEATSRR at 37 °C (triplicate experiments were in 
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black, grey, and dark blue) and at 70 °C (triplicate experiments were in red, 

purple, and shiny blue).  

 

Figure 3-3. Evaluation of the PTD application for reducing sample complexity. 

(A) SDS-PAGE evaluation of the reproducibility of PTD process. (-) AZM 

indicates E. coli cell lysate without AZM treatment while (+) AZM indicates the 

E. coli cell lysate with AZM treatment. (B) BCA evaluation of protein 

concentration of E.coli cell lysate (-AZM) before PTD (37 °C) and after PTD at 

60 °C. (C) Comparison of the number of identified CaII peptides in E. coli cell 

lysate before PTD (37 °C) and after PTD at 60 °C following the HDX-MS 

workflow. 
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Figure 3-4. Map of CaII peptides identified in E.coli cell lysate before and after 

60 °C PTD. The blue bars represent the CaII peptides identified in both E. coli 

cell lysate (A) without PTD (37 °C) and (B) after 60 °C PTD. 

      Increasing proteome coverage and peptide identification count are essential 

for drug target identification and binding site elucidation in HDX-MS analyses. 

(A) 

 
(B) 
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Using E. coli digest, we previously demonstrated that subzero temperature, long 

gradient UPLC separation can be applied in HDX-MS analysis for improved 

peptide identification and proteome coverage with low deuterium back 

exchange[56].  Here, before performing HDX-MS analysis on 60 °C-depleted E. 

coli cell lysate, we optimized our gradient length (15 min to 45 min) for subzero 

temperature UPLC separation using the 60 °C-depleted E. coli cell lysate -AZM 

to obtain higher E. coli proteome coverage and peptide identification count. The 

base peak chromatographs using different gradient lengths are presented in 

Figure 3-5. With the 45 min gradient, we identified 2010 peptides from 169 

proteins, approximately 2 times the number of identified peptides in the 15 min 

gradient LC run. Increasing the LC gradient length also enabled the identification 

of additional CaII peptides.  

 

Figure 3-5. LC-HDX-MS analysis of CaII spiked E.coli cell lysate digest with 

different gradient lengths. (A) Base peak chromatograms under different gradient 

lengths; (B)  Peptide counts from E.coli proteins under different gradient lengths; 

(C) Identified CAII peptides under different gradient lengths. 
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      We then performed differential HDX-MS for the elucidation of both the AZM 

target and mechanism-of-action using 60 °C-depleted E. coli samples and a 45-

min LC gradient. We characterized 1220 peptides from 134 proteins in the 

deuterated samples. A previous HDX-MS study on CaII and troglitazone, another 

CaII inhibitor, reported small deuterium uptake differences between free CaII and 

CaII bound with troglitazone due to the small binding interface[104]. Therefore, 

a deuterium uptake difference greater than 0.3 Da and p-value less than 0.01 were 

used as the cutoff in the volcano plot for statistical analysis of the differential 

deuterium uptake for the characterized E. coli peptides. As shown in Figure 3-6, 

6 peptides exhibited significantly reduced deuterium uptake after AZM treatment. 

These 6 peptides were all identified from CaII and were involved in the region 

189-203. It was previously reported that the amino acids Leu198, Thr199, and 

Thr200 are involved in the hydrophobic pocket (Leu 198) and hydrophilic face 

(Thr199 and Thr200) of the binding cavity of CaII, regions which are reported to 

be vital for CaII ligand binding[105]. Examples of MS spectra of the peptides 

involved in the region 189-203 are shown in Figure 3-6C and Figure 3-7. 

Overall, we obtained 91.54% sequence coverage of CaII in the E. coli sample 

(Figure 3-6B and Figure 3-8). A few examples of HDX-MS analysis for other E. 

coli proteins are shown in Figure 3-9. The Tm of alkyl hydroperoxide reductase C 

was reported to be 63.1 °C and the Tm of 60 kDa chaperonin was reported to be 

68.3 °C[99]. In the 60 °C-PTD sample, an 88.24% sequence coverage and a 

72.10% sequence coverage were obtained for alkyl hydroperoxide reductase C 
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and 60 kDa chaperonin, respectively. However, no significant differences in 

deuterium uptake for their characterized peptides following AZM treatment were 

detected (Figure 3-6A). These results suggest that CaII is the target of AZM. 

Particularly, our results demonstrate that AZM targets the region 189-203 of CaII 

to inhibit catalysis. These findings are consistent with an X-ray crystallography 

study of the CaII-AZM interaction which reported that one hydrogen bond is 

formed between AZM and Thr199 on CAII[106]. These results suggest that our 

PTD-HDX-MS platform is highly sensitive and can distinguish the minor 

deuterium uptake differences resulting from the small binding interface between 

a protein and its ligand. Moreover, this is the first reveal of the interaction between 

CaII and AZM in a complex biological environment by the analysis of thousands 

of peptides from hundreds of proteins. Our findings highlight the great promise 

of the application of the PTD-HDX-MS platform for the identification of 

unknown protein targets and the characterization of the binding site between the 

unknown target and ligand in complex biological samples.  
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Figure 3-6. PTD-HDX-MS for the elucidation of the AZM target and mechanism-

of-action in 60 °C-depleted cell lysate. (A) Volcano plot showing deuterium 

uptake differences of E. coli peptides with/without AZM treatment under different 

HDX labeling conditions (0.3 Da deuterium uptake difference and p value < 0.01 

are set as cutoffs). (B) Structural interpretation of HDX-MS analysis of CaII 

(PDB:1V9E). The cyan color indicates no significant deuterium uptake difference 

in this region. The red color indicates significant deuterium uptake differences for 

peptides characterized in this region. The grey color indicates no coverage in the 

region. (C) MS spectra of CaII (189-203) in triplicate under different HDX 

labeling conditions.  

 

Figure 3-7. MS spectra of CaII involved in binding site in triplicate under (A) 90 

s HDX labeling (B) 120 s HDX labeling conditions. CaII(189-205): 

DYWTYPGSLTTPPLLES; CaII(189-208): DYWTYPGSLTTPPLLESVTW 
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Figure 3-8. Peptide map of CaII under 45 minutes gradient length. 
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Figure 3-9. Examples of structural interpretation of PTD-HDX-MS analysis of 

other E. coli proteins. (A) Alkyl hydroperoxide reductase C (AHPC). (B) 60 kDa 

chaperonin (CH60). (C) UPF0337 protein YjbJ (YJBJ). (D) Glyceraldehyde-3-

phosphate dehydrogenase A (G3P1). The cyan color indicates no significant 

deuterium uptake difference in this region. The grey color indicates no coverage 

in the region.  

      Next, to further confirm the binding site between CaII and AZM, we 

performed HDX-MS analysis using pure CaII and AZM. As shown in the Woods’ 

plot (Figure 3-10), a 91.5% sequence coverage was achieved from the pure CaII 

sample. Three peptides covering the region 189-205 showed significantly less 
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deuterium uptake upon AZM binding. The MS spectra of the three peptides are 

presented in Figure 3-11. The HDX-MS results in the pure CaII samples are 

highly consistent with the PTD-HDX-MS results from the complex E. coli 

samples. We then evaluated the conformational differences between CaII heated 

to 37 °C and 60 °C to assess the conformation of CaII involved in our PTD-HDX-

MS analysis. As shown in Figure 3-12, no significant difference in deuterium 

uptake was detected for CaII heated at 37 °C or 60 °C. In addition, AZM binding 

resulted in similar isothermal titration calorimetry (ITC) profiles for CaII 

regardless of treatment temperature. These results indicate that the conformation 

of CaII after heating to 60 °C and cooling was the same as its native form. 

 

Figure 3-10. Woods’ plot from the HDX-MS analysis of pure CaII bound with 

AZM. The dashed and full lines indicate 98% and 99% confidence, respectively. 
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Peptides with significant shifts in deuteration are indicated using red bars; and 

grey bars indicate peptides without significant differential deuterium uptake. 

 

Figure 3-11. MS spectra of CaII involved in binding site in triplicate under 120 s 

HDX labeling conditions in pure protein complex. CaII(189-203): 

DYWTYPGSLTTPPLL; CaII(189-205): DYWTYPGSLTTPPLLES; CaII(189-

208): DYWTYPGSLTTPPLLESVTW 
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Figure 3-12. Evaluation of conformations of CaII under two conditions: CaII at 

37 °C and CaII cooled down after heating at 60 °C for 5 minutes. (A) Overall 

deuterium uptake of CaII peptides. (B) Statistical analysis of deuterium uptake 

differences of CaII peptides between two conditions. (0.3 Da deuterium uptake 

difference and p value < 0.01 are set as cutoffs). (C) Comparison of isothermal 

titration calorimetry of CaII upon AZM binding. (D) Comparison of isotherm 

profiles of CaII binding with AZM. 

      Generally, two steps are involved in protein thermal denaturation: the first step 

is reversible conformational change, and the second step is global unfolding[107-

109]. Once the denaturation conditions are removed, proteins partially unfolded 

in the first step can intrinsically recover and refold to their native states given 

sufficient time as demonstrated by Anfinsen's dogma that the native conditions 

typically represent global thermodynamic minimum[108, 110, 111]. Many studies 
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on diverse proteins indicate that proteins refolded to their native structures after 

moderate heating[109, 112-115]. Upon exposure to temperatures ≥ Tm, proteins 

will denature and aggregate as a result of the association of exposed hydrophobic 

regions. A potential limitation of PTD is the possibility that some proteins may 

become trapped in metastable states in which conformation is misfolded to attain 

a local free energy minimum during refolding[108, 116]. While this misfolded 

conformation may not affect differential HDX-MS analysis results when protein 

and protein-ligand complex are both in the same metastable states, 

implementation of appropriate heating temperature can help minimize local 

conformational changes to reduce the possibility for misfolded local 

conformation. Lower protein concentration in PTD can also increase the 

probability of proteins refolding to their native conformations prior to HDX-MS 

analysis[108]. Overall, our results confirm that our PTD-HDX-MS platform 

coupled with subzero-temperature long gradient UPLC separation can accomplish 

high-throughput HDX-MS analyses for both unbiased identification of ligand 

targets as well as elucidation of the mechanism of protein-ligand interactions in 

cell lysate. 

3.5 Conclusion 

      Here, we have integrated protein thermal depletion with subzero-temperature 

long gradient UPLC-HDX-MS (PTD-HDX-MS) to form a novel platform and 

demonstrated the implementation of the PTD-HDX-MS platform for the unbiased 

characterization of the interaction of CaII and AZM in E. coli cell lysate. Our 
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results suggest that heating complex biological samples such as cell lysates can 

help deplete untargeted proteins, thereby greatly reducing sample complexity 

while the targeted protein remains in solution. Coupled with subzero temperature 

long gradient UPLC to boost LC separation power, our PTD-HDX-MS platform 

enables the high-throughput analysis of thousands of peptides from hundreds of 

proteins in single HDX-MS analysis. These results highlight the great potential 

and utility of the PTD-HDX-MS platform for the identification of ligand targets 

and characterization of protein-ligand interactions in highly complex biological 

samples. We are currently making improvements and optimizations of the PTD-

HDX-MS platform to achieve even higher proteome and protein sequence 

coverage; for example, protease digestion in cell lysate is complicated due to the 

presence of diverse structures of cell lysate proteins. Optimization of cell lysate-

based digestion in the HDX-MS workflow is important to obtain higher proteome 

sequence coverage. Additionally, although more than 13000 mass features were 

deconvoluted in the 45-minute LC gradient run, only 2010 mass features could be 

identified by the data-dependent acquisition method. The implementation of data-

independent acquisition methods may help boost the peptide identification to 

achieve higher proteome sequence coverage. Finally, improvements in HDX 

software for handling highly complex samples may also improve PTD-HDX-MS 

analysis efforts in cell lysates.   

      As protein thermal shift assay-based methods such as cellular thermal shift 

assay (CETSA)[20, 117] and thermal proteome profiling (TPP)[21, 118] have 
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been widely applied for protein target identification, known thermal stability of 

target proteins can be considered in the application of our PTD-HDX-MS strategy 

to directly characterize interactions of the ligand and the known target proteins in 

complex biological samples. When targeted proteins are unknown, determining 

and implementing appropriate depletion temperatures can be challenging. In this 

case, ligand-targeted MS detection or ligand-specific spectroscopy analysis (e.g., 

monitoring ligand concentrations in temperature-gradient samples) can be 

performed to select the optimal depletion temperature. Alternatively, TPP 

approaches can be implemented for protein target identification before the 

application of PTD-HDX-MS to cross-validate the identified targets as well as 

remove random targets from non-specific binding. This can be advantageous for 

PTD-HDX-MS over other prefractionation methods (e.g., ion exchange 

chromatography and SEC) for HDX-MS analysis. Still, PTD-HDX-MS may have 

limitations on detecting targeted proteins with low thermal stability due to 

inefficient depletion under low depletion temperatures. In this case, SEC-based 

prefractionation may be employed to solve this problem.  

      Optimization of protein digestion in cell lysates and implementation of DIA 

acquisition in HDX-MS may help boost peptide identification to achieve higher 

proteome sequence coverage for more complex samples (e.g., mammalian cell 

lysates). However, it is typically challenging for HDX-MS to distinguish 

differential uptakes due to direct ligand binding, allosteric changes, or ligand-

induced protein-protein interaction. PTD-HDX-MS may also suffer in this regard. 
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In this case, TPP methods or activity-based protein profiling (ABPP)[119] can be 

used to cross verify the identified protein targets and eliminate false positive 

results; complementary methods such as chemical cross-linking and mutagenesis 

can be employed to reveal the mechanism of action of ligands in cell lysates[120]. 

In addition, thermal proximity coaggregation (TPCA) [121] can be paired with 

our PTD-HDX-MS to discern induced protein-protein interactions as the result of 

overexpressing a protein in solution from protein-ligand interactions to see if the 

change in deuterium uptake relates to coaggregating proteins. 

      Overall, we envision that, by benefiting from both reduced sample complexity 

and improved LC separation power, our PTD-HDX-MS platform will promote 

the routine characterization of protein-ligand interaction in cell lysates and other 

complex samples such as serum and plasma to facilitate direct HDX-MS analysis 

of clinical samples.  
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Chapter 4 Hydrogen-Deuterium Exchange Mass Spectrometry 

Reveals a Novel Binding Region of a Neutralizing Fully Human 

Monoclonal Antibody to Anthrax Protective Antigen 

4.1 Abstract 

      Anthrax vaccine adsorbed (AVA) containing protective antigen (PA) is the 

only FDA-approved anthrax vaccine in the US. Characterization of the binding of 

AVA-induced anti-PA human antibodies against the PA antigen after vaccination 

is crucial to understanding mechanisms of the AVA-elicited humoral immune 

response. Hydrogen deuterium exchange mass spectrometry (HDX-MS) is often 

coupled with a short liquid chromatography gradient (e.g., 5-10 minutes) for the 

characterization of protein interactions. We have recently developed a long-

gradient (e.g., 90 minutes), sub-zero temperature, ultra-high performance liquid 

chromatography HDX-MS (UPLC-HDX-MS) platform which has significantly 

increased separation power and limited back-exchange for the analysis of protein 

samples with high complexity. In this study, we demonstrated the utility of this 

platform for mapping antibody-antigen epitopes by examining four fully human 

monoclonal antibodies to anthrax PA. Antibody p1C03, with limited neutralizing 

activity in vivo, bound to a region on domain 1A of PA. p6C04 and p1A06, with 

no neutralizing activities, bound to the same helix on domain 3 to prevent 

oligomerization of PA. We found p6C01 strongly bound to domain 3 on a 

different helix region. We also identified a secondary epitope for p6C01, which 
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likely leads to the blocking of furin cleavage of PA after p6C01 binding. This 

novel binding of p6C01 results in highly neutralizing activity. This is the first 

report of this distinct binding mechanism for a highly neutralizing fully human 

antibody to anthrax protective antigen. Studying such epitopes can facilitate the 

development of novel therapeutics against anthrax. 

4.2 Introduction 

      Bacillus anthracis has long been recognized as a potential bioterrorist threat 

due to the transmissibility of its spores and the high mortality rate from 

inhalational infection. Such fears were realized in 2001 when spores circulated by 

a bioterrorist through the U.S. postal system resulted in twenty-two cases of 

inhalational anthrax and five deaths. Bacillus anthracis produces toxins that 

suppress the host’s immune system, allowing the bacteria to quickly multiply, 

leading to sepsis [122]. Anthrax produces two toxins, lethal toxin and edema 

toxin, via a tripartite system of three proteins, protective antigen (PA), lethal 

factor (LF), and edema factor (EF). Both LF and EF require PA to gain entry into 

the cell before intoxication, thus PA is the target of immunization and passive 

immunotherapies for anthrax infection [123]. 

      Intoxication proceeds by PA first binding the cell surface via its receptors 

CMG-2 and TEM-8 [124]. Furin-like proteases on the cell surface then cleave the 

83 kDa PA into PA-63, which remains bound to the receptor, and PA-20, which 

dissociates from the complex. After loss of PA-20, PA-63 oligomerizes to form a 
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heptameric or octameric structure [125]. This oligomerized PA surface can then 

bind LF and/or EF to form toxin, and the entire complex is internalized by the 

cell. After endocytosis, enzymatic toxins LF and EF are released into the cytosol.  

      PA is a well-characterized protein with four functional domains. Domain 1 

contains the furin cleavage site [126]. After cleavage, domain 1 becomes domain 

1A (PA-20) which leaves the cell surface and domain 1B (or 1’) which along with 

domain 2 forms the surface for LF and EF to bind. Domain 3 is necessary for 

oligomerization and domain 4 contains the receptor binding domain where PA 

binds to TEM8/CMG2.  

      Antibodies to PA can prevent intoxication by a variety of mechanisms. 

Domain 1A is the most immunogenic portion of the protein, but antibodies 

directed toward it are typically unable to neutralize toxin, with a few notable 

exceptions [127, 128]. Antibodies to domain 3 can interrupt oligomerization, but 

such antibodies may or may not be neutralizing [129, 130]. Antibodies of most 

interest for immunotherapeutics bind either to domain 4, and prevent PA from 

binding to the cell surface, or to domain 1b/2, which either prevents EF/LF from 

binding and forming the toxin complex or prevents furin cleavage [131].   

       Hydrogen-deuterium exchange mass spectrometry (HDX-MS) has long been 

utilized as a tool for characterizing both protein dynamics and protein-protein 

interactions [52]. HDX-MS measures the exchange rate of protein backbone 

amide hydrogens with deuterium upon the exposure of protein to deuterium oxide 
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(D2O) [12]. The rate of exchange for protein amide hydrogens depends on the 

involvement of both hydrogen bonding and solvent accessibility. When a protein 

binds to other protein(s), the exchange rate of the amide hydrogen in the binding 

regions is significantly decreased due to the reduced solvent accessibility, 

resulting in less deuterium incorporation in these regions. Therefore, the 

identified regions with decreased deuterium incorporation can be indicative of the 

binding site for protein-protein interactions. Unlike the short liquid 

chromatography gradient times (e.g. 5-10 min) typically used in the routine HDX-

MS studies [4, 132-135], we have recently developed a subzero-temperature, long 

gradient, ultrahigh pressure liquid chromatography system located in a low-cost 

refrigerator with significantly improved separation power while limiting back-

exchange for HDX-MS to separate deuterated protein fragments with high 

complexity [56].  

      Here we demonstrate its utility for mapping antibody-antigen epitopes by 

examining four full-length, fully human monoclonal antibodies to anthrax PA. 

The first antibody p1C03, binds to a flexible loop region on domain 1A of PA. 

Two of these antibodies, p6C04 and p1A06, bind to the same epitope in domain 

3 in a manner that prevents oligomerization but is not neutralizing. Finally, p6C01 

is a highly neutralizing antibody that prevents furin cleavage, also binding to an 

epitope in domain 3. Thus, we show here that antibodies binding to domain 3 in 

adjacent helices can have vastly different functional anti-toxin characteristics. 
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This information will contribute to the successful development of novel 

therapeutics as well as novel subunit vaccines against anthrax. 

4.3. Materials and Methods 

4.3.1. Materials and Reagents 

      All chemicals, including Protease Type XIII from Aspergillus saitoi (≥0.6 

unit/mg) and deuterium oxide (≥99.6 atom % D), were purchased from Sigma-

Aldrich (Milwaukee, WI) unless noted otherwise. An ACE® Excel® SuperC18™ 

column (100 mm × 2.1 mm, 1.7 μm, 90 Å) was purchased from Advanced 

Chromatography Technologies Ltd (Aberdeen, Scotland). Recombinant PA was 

purchased from List Biological Laboratories, Inc. (Campbell, CA). Fully human 

monoclonal antibodies p6C01, p1C03, p1A06 and p6C04 were produced in 

HEK293 cells as previously described [130, 136].  

4.3.2. Differential UPLC-HDX-MS 

      Differential HDX-MS experiments were performed for PA epitope mapping. 

For epitope mapping on antibodies p6C04 and p6C01, protein samples were 

prepared as 6 μM PA alone, 6 μM PA premixed with p6C01 antibody at molar 

ratio of 1:1 or 6 μM PA premixed with p6C04 antibody at molar ratio of 1:1. Free 

PA and PA premixed with p6CO4 were first used to optimize HDX reaction 

conditions. 4 μL of free PA sample and 4 μL of PA:p6C04 complex sample were 

diluted with 36 μL of 1x PBS in D2O and incubated for various times (2 minutes, 
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5 minutes, and 10 minutes) at room temperature. In this HDX reaction, 2 minutes 

deuterium labeling exhibited the distinguishable relative fractional deuterium 

incorporation between PA alone and PA bound with p6C04 (Figure 4-1). In order 

to increase throughput for long gradient UPLC-HDX-MS analysis, a single 

shorter incubation time of 2 minutes was used for the other three antibodies’ 

epitope mapping. 4 μL of PA:p6C01 complex sample were then diluted with 36 

μL of 1x PBS in D2O and incubated for 2 minutes at room temperature. 

Experiments for each sample were conducted in triplicate. The reaction was 

quenched by adding 40 μL of chilled 50% acetonitrile in 1% formic acid to a final 

pH of 2.5 and incubated at 0 °C for 2 minutes. The quenched solution then was 

incubated with 80 μL of 2.4 mg/mL protease type XIII at 0 °C for 4 minutes for 

protein digestion. The digested peptides were quickly injected into the subzero 

temperature UPLC system (0.1% formic acid and 10% acetonitrile in water for 

mobile phase A and 0.1% formic acid in acetonitrile for mobile phase B) with a 

gradient from 0% to 33% mobile phase B at 150 μL/min flowrate over 30 minutes 

at -10 °C followed by mass spectrometer detection [56].  4 μL of non-deuterated 

6 μM PA sample was incubated with 36 μL of 1x PBS in H2O, followed by same 

quenching, digestion, subzero temperature UPLC separation, and MS analysis 

steps for peptide identification.  

      For epitope mapping on antibodies p1A06 and p1C03, protein samples were 

prepared as 2.7 μM PA alone, 2.7 μM PA premixed with p1A06 antibody at molar 

ratio of 1:1 or 2.7 μM PA premixed with p1C03 antibody at molar ratio of 1:1. 
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For HDX reactions, 9 μL of free PA sample, 9 μL of PA: p1A06 complex sample 

and 9 μL of PA: p1C03 complex sample were diluted with 72 μL of 1x PBS in 

D2O and incubated for 2 minutes at room temperature, individually. Experiments 

for each sample were conducted in triplicate. The reaction was quenched by 

adding 80 μL of chilled 30% acetonitrile in 1% formic acid to a final pH of 2.5 

and incubated at 0 °C for 2 minutes. The quenched solution then was incubated 

with 80 μL of 2.4 mg/mL protease type XIII at 0 °C for 4 minutes for protein 

digestion. The digested peptides were quickly injected into the subzero 

temperature UPLC system (0.1% formic acid and 10% acetonitrile in water for 

mobile phase A and 0.1% formic acid in acetonitrile for mobile phase B) with a 

gradient from 0% to 33% mobile phase B at 150 μL/min flowrate over 30 minutes 

at -10 °C followed by mass spectrometer detection [56].  9 μL of non-deuterated 

2.7 μM PA sample was incubated with 72 μL of 1x PBS in H2O, followed by 

same quenching, digestion, subzero temperature UPLC separation, and MS 

analysis steps for peptide identification.  

      An Orbitrap Exploris 240 mass spectrometer (Thermo Fisher Scientific, USA) 

was used for LC-MS/MS. The heated capillary temperature was set to 320°C with 

a spray voltage of 3.5 kV. Sheath gas and Aux gas were set to 35 L/min and 7 

L/min for improving ionization. MS scans were obtained with a resolution setting 

of 120,000 and m/z range from 350 to 1350. The AGC for MS scans was set to 

standard mode and the max ion time was set to 1000 ms with 2 micro scans. 

MS/MS scans were acquired with a resolution setting of 30000 and m/z range 
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from 150 to 2000 with higher-energy C-trap dissociation (HCD) at a normalized 

collision energy setting of 30%. The ten most abundant precursor ions were 

selected for MS/MS. The AGC for MS/MS was set to standard mode and the max 

ion injection time was set to auto mode with 2 micro scans.  

 

Figure 4-1: HDX time-course study for PA upon p6C04 binding. Relative 

fractional deuterium incorporation for 9 peptides in binding region were 

compared in the absence (PA alone) and presence of p6C04 (PA:p6C04) under 2 

minutes, 5 minutes, and 10 minutes deuterium labeling conditions. Experiments 

were performed in triplicate. 

4.3.3. HDX-MS Data Analysis 

      The LC-MS/MS data of non-deuterated PA were searched against a database 

containing PA sequence using MSGF+ [77]. The decoy database is automatically 

generated in MSGF+ software. The peptide identifications were filtered using a 
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SpecE value cut-off of 1E−10 (i.e., the calculated FDR <1% at the unique peptide 

level). The identified peptides listed together with LC-MS/MS data from all 

deuterated samples were then imported into the in-house developed software to 

calculate the deuterium uptake levels of the identified peptides in all deuterated 

samples. This software fits peptide mass distributions to a Gaussian model and 

calculates the R2 value [56]. All peptides were manually checked to ensure that 

the correct isotopic patterns were taken into account to calculate the deuterium 

uptake levels of the corresponding peptides. Fractional deuterium incorporation 

of the identified peptides [54, 78] between PA alone and the PA/antibody complex 

were calculated. Peptide relative fractional deuterium incorporation (%) was 

calculated by subtracting the fractional deuterium incorporation of the peptides in 

the PA:antibody complex from the fractional deuterium incorporation of the 

peptides in free PA [137]. Any peptide that showed a reduction in fraction 

deuterium incorporation of 5% or greater in the complex sample was considered 

to be protected [80, 138].  

4.4. Results and discussion 

      In previous work, we isolated antibody secreting cells from a single donor 

after booster vaccination with AVA and generated a suite of fully human 

monoclonal antibodies (hmAb) with high specificity for protective antigen (PA) 

[130]. However, only a few of the antibodies were able to efficiently neutralize 

lethal toxin, measured in both a standard in vitro lethal toxin neutralization assay 
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and in vivo mouse model where A/J mice were challenged with lethal toxin after 

administration of antibody. Here, we applied and optimized the previously 

developed subzero UPLC-HDX-MS platform to characterize the interaction 

between PA and four previously isolated monoclonal antibodies to provide new 

insights in the neutralization response to AVA. 

      The first antibody we evaluated is p1C03. Our previous study determined that 

it 1) strongly binds to domain 1A and whole PA with strong binding affinity (Kd 

< 0.1 nM), 2) does not neutralize toxin in vitro, yet surprisingly 3) confers 40% 

protection in vivo [130]. Figure 4-2A shows the fragment coverage for PA after 

incubation of the p1C03/PA complex with D2O followed by protease digestion. 

Peptides from PA (n=272) achieved 91% sequence coverage for epitope mapping 

against p1C03. Peptides colored in red show lower relative fractional deuterium 

incorporation, indicating protection of those fragments from deuterium exchange 

in the antibody/PA complex. Two regions with relatively lower fractional 

deuterium uptake upon binding were highlighted on the crystal structure of PA in 

Figure 4-2B. The primary epitope showing higher protection was in light blue, 

and the secondary epitope with less protection was in cyan. The furin cleavage 

site was in red. Figure 4-2C shows examples of two fragments in triplicate with 

and without antibody in the primary epitope (IQYQRENPTEK, z=3; 

YQRENPTEKGLDFKL, z=4). Figure 4-2D shows two fragments from the 

secondary epitope (LSIPSSELENIPSENQYFQSAIWSGFIK, z=3; 
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IPSENQYFQSAIWSGFIK, z=3). Spectra from all fragments in mapped epitope 

regions from the p1C03 experiments are presented in Figure 4-3. 

 

Figure 4-2. HDX-MS results for p1C03 binding. (A) Heatmap for epitope 

mapping of PA in the presence of p1C03. Peptide relative fractional deuterium 

incorporation (%) was calculated by subtracting the fractional deuterium 

incorporation of the peptides in the PA:p1C03 complex from the fractional 

deuterium incorporation of the peptides in free PA. The relative fractional 

deuterium incorporation of each fragment was indicated using the gradient in the 

figure legend. The peptides with the relative fractional deuterium incorporation 
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in the range of -5% to 5% between free PA status and PA: p1C03 complex status 

are in grey, indicating no protection. The peptides with the relative fractional 

deuterium incorporation above 5% are in orange, indicating protection. (B) 

Highlights of mapped epitope in crystal structure of PA. The primary epitope is 

in blue. The secondary epitope is in teal. The furin cleavage site is in red. (C) MS 

spectra in triplicate of two peptides in primary epitope in the absence and presence 

of p1C03. (D) MS spectra in triplicate of two peptides in secondary epitope in the 

absence and presence of p1C03. 

(A) 
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(B) 

 

Figure 4-3: MS spectra of 12 identified peptides for p1C03 binding.(A) MS 

spectra of 9 identified peptides in primary epitope. (B) MS spectra of 3 identified 

peptides in secondary epitope. Red ovals highlight the correct peak distribution 

for peptide 7. 

      The second antibody we evaluated is p6C04. We had previously determined 

that it 1) bound to recombinant domain 3 and whole PA with high affinity (Kd = 

0.11 nM), 2) prevented oligomerization as determined by a standard SDS-PAGE 

oligomerization assay, yet 3) had no neutralization capacity, either in vitro in a 

lethal toxin neutralization assay or in vivo in a mouse lethal toxin challenge model 

[130]. Figure 4-4A shows the fragment coverage for PA after incubation of the 

p6C04/PA complex with D2O followed by protease digestion. Peptides from PA 
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(n=223) achieved 95% sequence coverage for epitope mapping against p6C04. 

Peptides colored in red show lower relative fractional deuterium incorporation, 

indicating protection of those fragments from deuterium exchange in the 

antibody/PA complex. These fragments with lower relative fractional deuterium 

incorporation are highlighted on the crystal structure of PA in Figure 4-4B. The 

highlighted area is a flexible helix on domain 3 and it would not be surprising that 

an antibody bound to this area could sterically hinder oligomerization. Figure 4-

4C shows spectra for two contiguous fragments (DFNFDQQTSQNIKNQLAEL, 

z=2; NATNIYTVLDKIKLN, z=3) of PA identified as having decreased relative 

fractional deuterium incorporation. These spectra were obtained under conditions 

of no deuteration (top), with deuteration but no antibody in triplicate (middle), 

and with deuteration and antibody also in triplicate (bottom). In both cases, the 

measured decrease in deuterium incorporation is obvious and repeatable. For all 

of the 14 peptides identified in this epitope, a significant lower relative fractional 

deuterium incorporation was observed upon antibody binding (all fragments 

identified from the p6C04 binding epitope are presented in Figure 4-5. 
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Figure 4-4. HDX-MS results for p6C04 binding. (A) Heatmap for epitope 

mapping of PA in the presence of p6C04. Peptide relative fractional deuterium 

incorporation (%) was calculated by subtracting the fractional deuterium 

incorporation of the peptides in the PA:p6C04 complex from the fractional 

deuterium incorporation of the peptides in free PA. The relative fractional 

deuterium incorporation of each fragment was indicated using the gradient in the 

figure legend. The peptides with the relative fractional deuterium incorporation 
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in the range of -5% to 5% between free PA status and PA:p6C04 complex status 

are in grey, indicating no protection. The peptides with the relative fractional 

deuterium incorporation above 5% between free PA status and PA:p6C04 

complex status are in orange, indicating protection. (B) Highlights of mapped 

epitope in crystal structure of PA. The primary epitope is in orange. The furin 

cleavage site is in red. (C) MS spectra in triplicate of two peptides in primary 

epitope in the absence and presence of p6C04. 
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Figure 4-5: MS spectra of 14 identified peptides in primary epitope for p6C04 

binding. 

      The third antibody we evaluated is p1A06. Our previous study found that 

p1A06 was similar to p6C04 with respect to binding to domain 3 and inhibiting 

oligomerization [130]. Figure 4-6A shows the fragment coverage for PA after 

incubation of the p1A06/PA complex with D2O followed by protease digestion. 

Peptides from PA (n=269) achieved 91% sequence coverage for epitope mapping 

against p1A06. The region with relatively lower fractional deuterium uptake upon 

binding were highlighted in green on the crystal structure of PA in Figure 4-6B. 

Same epitope for p1A06 binding was identified in domain 3 as for p6C04 binding 

(Figure 4-4B, Figure 4-6B). Figure 4-6C shows spectra for two contiguous 

fragments (NFDQQTSQNIKNQLAEL, z=2; NATNIYTVLDKIKLNAKMN, 

z=4) of PA identified as having low relative fractional deuterium incorporation 



105 

 

upon p1A06 binding. Spectra from all fragments in mapped epitope regions from 

the p1A06 experiments are presented in Figure 4-7. 

 

Figure 4-6. HDX-MS results for p1A06 binding. (A) Heatmap for epitope 

mapping of PA in the presence of p1A06. Peptide relative fractional deuterium 

incorporation (%) was calculated by subtracting the fractional deuterium 

incorporation of the peptides in the PA:p1A06 complex from the fractional 

deuterium incorporation of the peptides in free PA. The relative fractional 
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deuterium incorporation of each fragment was indicated using the gradient in the 

figure legend. The peptides with the relative fractional deuterium incorporation 

in the range of -5% to 5% between free PA status and PA: p1A06 complex status 

are in grey, indicating no protection. The peptides with the relative fractional 

deuterium incorporation above 5% are in orange, indicating protection. (B) 

Highlights of mapped epitope in crystal structure of PA. The primary epitope is 

green. The furin cleavage site is in red. (C) MS spectra in triplicate of two peptides 

in primary epitope in the absence and presence of p1A06. 
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Figure 3-7: MS spectra of 9 identified peptides in primary epitope for p1A06 

binding. 

      The last antibody we evaluated is p6C01. We were previously unable to map 

the binding of p6C01 other than to whole PA with high affinity (<0.1nM), but 

showed that it prevented furin cleavage and was highly neutralizing both in vitro 
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and in vivo (80% survival) [130]. We assumed that this antibody either bound to 

a complex conformational epitope that we were unable to measure using 

recombinant domains, or bound to domain 1B/2, which we were unable to 

express. Figure 4-8A shows the fragment coverage for PA after incubation of the 

p6C01/PA complex with D2O followed by protease digestion. Peptides from PA 

(n=244) achieved 95% sequence coverage for epitope mapping against p6C01. 

This antibody presented two surprises. First, similarly to p6C04 and p1A06, 

p6C01 strongly protects an exposed portion of domain 3. But there is also a 

secondary epitope showing less (but highly repeatable) relative fractional 

deuterium incorporation in domain 2. In Figure 4-8B, the primary epitope is 

shown in blue, the secondary epitope in teal, and the furin cleavage site in red. 

Figure 4-8C shows examples of two fragments, again in triplicate with and 

without antibody, in the primary epitope (AVNPSDPLETTKPDMTLK, z=3; 

VNPSDPLETTKPDMTLKEALK, z=4). Figure 4D shows two fragments from 

the secondary epitope (IATYNFENGRVR, z=3; TYNFENGRVRVD, z=3). 

Spectra from all fragments in mapped epitope regions from the p6C01 

experiments are presented in Figure 4-9.  
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Figure 4-8. HDX-MS results for p6C01 binding. (A) Heatmap for epitope 

mapping of PA in the presence of p6C01. Peptide relative fractional deuterium 

incorporation (%) was calculated by subtracting the fractional deuterium 

incorporation of the peptides in the PA:p6C01 complex from the fractional 

deuterium incorporation of the peptides in free PA. The relative fractional 

deuterium incorporation of each fragment was indicated using the gradient in the 

figure legend. The peptides with the relative fractional deuterium incorporation 

in the range of -5% to 5% between free PA status and PA: p6C01 complex status 

are in grey, indicating no protection. The peptides with the relative fractional 
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deuterium incorporation above 5% are in orange, indicating protection. (B) 

Highlights of mapped epitope in crystal structure of PA. The primary epitope is 

blue. The secondary epitope is teal. The furin cleavage site is in red. (C) MS 

spectra in triplicate of two peptides in primary epitope in the absence and presence 

of p6C01. (D) MS spectra in triplicate of two peptides in secondary epitope in the 

absence and presence of p6C01. 
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Figure 4-9. MS spectra of 28 identified peptides for p6C01 binding.(A) MS 

spectra of 16 identified peptides in primary epitope. (B) MS spectra of 12 

identified peptides in secondary epitope. 

      Examining the epitope binding of these four monoclonal antibodies both 

highlights the importance of understanding the relationship between epitope 

binding and functional characteristics of the antibodies in question and 

emphasizes how HDX technology can be used to accomplish this goal. While the 

data we obtained for these monoclonal antibodies overlay the various functional 

and binding assays previously found to characterize them, HDX-MS revealed 

more precise targeting involved in PA’s secondary structure for these antibodies 

from AVA-induced immune responses. Taken together, these mapped epitopes 

associated with the neutralization activities and functions (Table 4-1) will 

facilitate the understanding of the elicited human humoral immune response after 
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AVA vaccination and will contribute to the successful development of antibody 

cocktail-based novel therapeutics as well as novel vaccines against anthrax. 

Table 1. Summary of four fully human monoclonal antibodies and their binding 

to anthrax protective antigen. In vivo neutralization (% survival) and domain 

activity were reported on the basis of previous studies (columns marked with *) 

[130]. The specific epitopes were mapped using HDX-MS in this study. 

 

      Antibody p6C01 presented several surprises. Our HDX results show that this 

antibody clearly binds to domain 3, but with a secondary protected region with 

lower relative fractional deuterium incorporation in domain 2. While we are 

confident of its presence, further research is necessary to determine the exact 

nature of this region. It could form a legitimate interaction with a section of the 

antibody away from the CDRs participating in the primary binding, or perhaps 

simply strong binding to the primary epitope positions the antibody in a way that 

also weakly protects the protected region by steric hindrance. It is also possible 

that the binding of the antibody causes a conformational change in PA moving 
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the primary and secondary epitopes into close proximity of each other. Keeping 

in mind that this antibody neutralizes by preventing furin cleavage, it seems likely 

that the portion of the antibody protecting the secondary region is also blocking 

the furin cleavage site, whether sterically, or by conformational change. There are 

previous reports of monoclonal antibodies that blocked furin cleavage while 

binding away from the furin cleavage site, even from domain 1A [127]. However, 

this is the first documented example demonstrating this manner of binding of a 

highly neutralizing fully-human antibody to anthrax protective antigen domain 3 

in a manner which prevents furin cleavage.  

      Our work also suggests that experiments with recombinant protein domains 

should be used with understanding of their limitations. Either the GST tag 

interfered with p6C01 binding to the recombinant domain 3 fragment through 

steric hindrance or preventing proper folding of the domain, or binding of the 

secondary epitope is necessary for its extremely high affinity interaction with full-

length PA. The ability of HDX-MS to measure complex conformational epitopes 

from native, properly folded protein is a strength of this technique. 

       We also show that p6C04 and p1A06 bind to the same epitope of domain 3. 

It is important to point out that these two antibodies are not clonally related, and 

in fact p1A06 uses VH-5-51*03/JH6*02 and has a remarkably long 26 a.a. CDR3, 

while p6C04 uses VH4-59*03/JH5*02 with a 20 a.a. CDR3. Although both 

utilizing VK1 (p1A06: VK1-16*02; p6C04: VK1-5*04) the light chains also have 
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quite dissimilar CDR3s. We point out these differences for several reasons. 1) It 

is clear that certain portions of PA are more immunogenic eliciting diverse 

antibody responses to the same epitope. 2) The total number of epitopes on PA 

that different antibodies might bind could be quite limited. We are further 

investigating this phenomenon. 

4.5 Conclusions 

      In summary, we have reported our adaptations of HDX-MS to be able to 

accomplish long gradient UPLC separations with limited back-exchange for 

handling protein samples with high complexity [56]. Here we have applied this 

technology to four fully human monoclonal antibodies and mapped their binding 

to anthrax protective antigen. Similar to p6C04 and p1A06, p6C01 strongly binds 

to domain 3, but it presents entirely different neutralizing characteristics. The 

characterized secondary epitope for p6C01 binding suggested the allosteric effect 

on monoclonal antibody neutralizing, which highlights the utilization of this 

technology for providing valuable conformational information on 

antibody/antigen binding without the need for expensive or time-consuming 

crystallography or cryo-EM techniques. 
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Chapter 5 Direct epitope-mapping of human vaccine-elicited 

polyclonal serum antibodies using hydrogen deuterium exchange 

mass spectrometry with integrated protein thermal depletion 

5.1 Abstract 

    Vaccination offers an important and effective strategy for human beings to fight 

infectious bacterial and viral diseases. Epitope-mapping of human polyclonal 

antibody (pAb) specificities against vaccine antigens is crucial for the 

understanding of the vaccine-induced protective immunity. However, due to the 

complexity of vaccine-elicited serum antibodies and the inability to predict the 

binding epitopes of pAbs in humans, very few techniques can be used for direct 

conformational epitope-mapping of pAbs in vaccine-elicited serum samples. Our 

group recently developed a subzero temperature long gradient UPLC-HDX-MS 

platform with integrated protein thermal depletion (PTD-HDX-MS) to 

characterize protein interactions in cell lysates. Here, we demonstrated the utility 

of PTD-HDX-MS platform for direct conformational epitope-mapping of pAbs 

in anthrax vaccine adsorbed (AVA) vaccine-elicited serum antibodies to 

protective antigen (PA). With the implementation of PTD at 60 °C and our 

subzero temperature UPLC separation, we identified three protected regions on 

PA in clinical 560606 serum antibodies isolated from the donor after AVA 

vaccination. We observed protection of peptides in the flexible helix region of 

domain 3, which has previously been reported to be involved in oligomerization 
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of PA. Overall, our results suggest that PTD-HDX-MS can be a unique approach 

for direct conformational epitope-mapping in vaccine-elicited serum antibodies, 

which will facilitate the investigation of pAbs-induced immune response after 

vaccination in serological studies.  

5.2 Introduction 

      Vaccination offers an important and effective strategy for fighting infectious 

bacterial and viral diseases [139]. The binding and subsequent neutralization of 

disease antigens by vaccine-elicited antibodies in human serum by various 

mechanisms protects from infection and plays an essential role in immunology. 

Characterization of antigen-antibody binding interfaces (e.g., epitope-mapping) 

contributes to a better understanding of vaccine-induced protective immunity. 

Isolation and epitope-mapping of monoclonal antibodies (mAbs) have been 

extensively conducted to understand vaccine-induced immune responses [140]. 

However, the characterization of mAbs typically focuses on antibodies with 

particular functions (e.g., high neutralizing), while the overall and complex 

vaccine-induced polyclonal antibody (pAbs)-mediated humoral immune response 

is less well investigated at the conformational epitope level. Recent studies 

suggest that the epitope specificity of overall vaccine-elicited pAbs binding 

influences vaccine protection efficacy [141] and the epitope specificity varies by 

population (e.g., different age group, different race group, or different 

geographical location) [142]. Therefore, epitope-mapping of pAbs in vaccine-
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elicited serum is essential for the better understanding of the fundamentals of 

vaccine-induced protection and the correlates of protection, which can help 

evaluate, compare, and improve vaccines.  

            Peptide-based enzyme-linked immunosorbent assay (ELISA), peptide 

microarrays, and phage display are commonly used strategies for epitope-

mapping of pAbs in human serum samples where overlapping peptides from 

pathogens are generated and coated onto a plate or captured by a phage library 

followed by the detection of the peptides bound to a given pathogen [143, 144]. 

However, these linear peptide-based approaches do not provide information on 

conformational epitopes despite binding-induced conformational change often 

playing a vital role in toxin neutralizing efficacy [140]. The recently developed 

electron microscopy polyclonal epitope mapping (EMPEM) technique for 

detection of epitopes suffers from low resolution and the potential loss of 

information on intact IgG-induced conformational changes to pathogens when 

using digested fragment antigen-binding region (fab) from serum antibodies  [145, 

146]. Unlike conformational epitope-mapping of mAbs, conformational epitope-

mapping of pAbs in human vaccine-elicited serum samples is still inherently 

challenging due to the extremely complexity of the human serum antibodies.  

      Hydrogen-deuterium exchange mass spectrometry (HDX-MS) has emerged 

as a powerful tool for epitope-mapping in the past decades [140, 147]. The basis 

of HDX-MS is that the exchange rate of protein amide hydrogen depends 
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primarily on the engagement of both hydrogen bonding and solvent accessibility 

when the protein is exposed to deuterium oxide. Thus, the amide hydrogens 

involved in the binding interface will be protected against exchange due to the 

reduced solvent accessibility following protein binding while the amide 

hydrogens will binding undergo rapid exchange without protein binding. 

Therefore, the identified regions with decreased deuterium incorporation 

following protein binding can be indicative of the binding site for the protein–

protein interaction. Furthermore, the induced conformational change (e.g., 

increased solvent accessibility) after protein binding can also be monitored based 

on the difference of deuterium incorporation before and after protein binding. In 

conventional HDX-MS workflow, proteins will undergo deuterium labeling by 

the dilution of the protein into deuterium oxide. The deuterium labeling reaction 

will then be quenched by the addition of an acidic buffer (pH 2.5) followed by 

protease digestion, LC separation, and MS detection. Zhang and co-workers 

performed epitope-mapping of Fab fragments from polyclonal antibodies after 

immunization with cashew nut extract in a goat using conventional HDX-MS 

[148]. Ständer and co-workers performed epitope-mapping of pAbs purified from 

rabbit immunized with factor H-binding protein (fHbp) using conventional HDX-

MS [147]. Still, due to the inherent complexity of vaccine-elicited serum 

antibodies, implementation of the conventional HDX-MS workflow to such 

samples for direct epitope-mapping of pAbs is not well adapted because a mixture 

of all digested proteins will coelute in the traditionally-used short LC gradient, 
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resulting in extreme spectral complexity which compromises HDX-MS data 

analysis. Additionally, unlike epitope mapping of mAbs in which one antibody 

binds one antigen, multiple different pAbs will bind to a single antigen, causing 

an increase of unbound antigen in pAb sample due to the unpredictable binding 

manner of pAbs. As the binding region on the unbound antigen is not protected 

by pAbs, after deuterium labeling and protease digestion, the peptides in the 

binding region of unbound antigens will mix with the peptides in the binding 

region of antigens bound by pAbs, thereby neutralizing the overall deuterium 

incorporation for peptides involved in binding region and decreasing the 

sensitivity of the binding site characterization. 

      Our group recently developed a subzero temperature long gradient UPLC-

HDX-MS platform with integrated protein thermal depletion (PTD-HDX-MS) for 

the characterization of protein interactions in complex biological samples such as 

cell lysates [149]. We demonstrated that PTD can be an effective strategy for 

removing proteins with lower melting points while maintaining proteins with 

higher melting points in solution for HDX-MS analysis. Given that antigens will 

become more stable upon pAbs binding and therefore resist thermal denaturation 

at temperatures where the unbound antigen will denature and aggregate, PTD can 

be a potential strategy to remove the unbound PA for epitope-mapping of pAbs. 

In this work, we introduce a PTD-HDX-MS workflow that can be used for direct 

epitope-mapping of pAbs in vaccine-elicited serum antibodies. We demonstrate 

the utility of the PTD-HDX-MS platform for epitope-mapping of pAbs in serum 
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antibodies isolated from human donors that have been vaccinated with anthrax 

vaccine adsorbed (AVA) against protective antigen (PA). We determined that 

PTD at 60 °C can help remove unbound PA while PA bound with pAbs remained 

in solution. We characterized the same pAbs-induced epitopes on PA in positive 

control serum samples prepared before and after PTD at 60 °C, indicating the 

unbiased epitope-mapping of pAbs against PA in 60 °C-depleted clinical serum 

antibodies. We further applied PTD-HDX-MS for epitope-mapping of pAbs 

against PA in AVA vaccine-elicited serum samples. PTD at 60 °C allowed for the 

characterization of the epitopes and the conformational changes which 

disappeared without PTD due to the presence of unbound PA. Overall, this 

platform holds great potential for conformational epitope-mapping of pAbs in 

human-vaccine elicited samples. 

5.3 Materials and methods 

5.3.1 Materials and reagents 

      All chemicals, including Protease Type XIII from Aspergillus saitoi (≥0.6 

unit/mg) and deuterium oxide (≥99.6 atom % D) were purchased from Sigma-

Aldrich (Milwaukee, WI, USA) unless noted otherwise. An ACE® Excel® 

SuperC18™ column (100 mm × 2.1 mm, 1.7 μm, 90 Å) was purchased from 

Advanced Chromatography Technologies Ltd. (Aberdeen, Scotland). 

Recombinant PA was purchased from List Biological Laboratories, Inc. 

(Campbell, CA, USA). Fully human monoclonal antibodies p6C01, p1C03, 
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p5D03, and p6C04 were produced in HEK293 cells as previously described [130, 

136]. Clinical serum antibodies HPV-013 and 560606 were provided by the 

Oklahoma Medical Research Foundation. All studies requiring informed consent 

were pre-approved by the Institutional Review Board of the Oklahoma Medical 

Research Foundation. 

5.3.1 Protein thermal depletion 

      Protein thermal depletion for free PA and PA: p6CO4 complex. 1.2 μM of 

free PA was prepared in 1x PBS. PA: p6CO4 complex was prepared by premixing 

1.2 μM PA with p6C04 antibody in 1x PBS at molar ratio of 1:1. 20 μL aliquots 

of each solution were prepared into 0.2 mL PCR tubes. Free PA and PA: p6CO4 

complex samples were heated at an increasing temperature gradient from 37 °C, 

45-85 °C in 5°C increments for 5 minutes using a PTC-200 Thermal Cycler. 

Samples were then allowed to return to room temperature for 3 minutes before 

being cooled on ice to 4 °C. All tubes were centrifuged at 10,000 rpm for 30 

minutes at 4 °C. Without disturbing the aggregated peptides, 15 μL of the 

remaining supernatant were taken for further SDS-PAGE analysis. 

      Protein thermal depletion for vaccine-elicited serum antibodies. The positive 

control (PC) sample was prepared using the entire serum IgG isolated from an 

unvaccinated donor HPV-013 spiked with a total of 10% 4 known anti-PA 

antibodies (p6C01, p1C03, p6C04, and p5D03) in equal amounts. Sample 560606 

was the entire serum IgG containing 14.8% anti-PA IgG isolated from an AVA-
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vaccinated donor. 0.3 μM of PA was separately premixed with PC and 560606 at 

a PA to anti-PA pAbs molar ratio of 2:1, and 25 μL aliquots of each sample were 

prepared into 0.2 mL PCR tubes. PC and 560606 samples were heated in duplicate 

at 37 °C, 50 °C, 60 °C, 65 °C, and 70 °C using a PTC-200 Thermal Cycler. 

Samples were then allowed to return to room temperature for 3 minutes before 

being cooled on ice to 4 °C. All tubes were centrifuged at 10,000 rpm for 30 

minutes at 4 °C. Without disturbing the aggregated peptides, 10 μL of the 

remaining supernatant were taken for western blot.  

5.3.2 Sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDS-

PAGE)  

      SDS-PAGE was utilized for heat-induced denaturation of free PA and PA: 

p6C04 complex. All chemicals and equipment related to SDS-PAGE were 

purchased from Bio-Rad technologies. 4x reducing buffer was prepared from 900 

μL of 4x Laemmli buffer and 100 μL of 2-mercaptoethanol. 15 μL of each sample 

was added to 5 μL of reducing buffer and heated at 95 °C for 5 minutes. The 

denatured samples were injected into a 12% running and 4% stacking gel and 

subjected to 3.00 A of current at 120 V for 90 minutes using a PowerPac™ HC 

and Mini-PROTEAN Tetra Cell. Gels were stained using Coomassie Brilliant 

Blue R dye (Sigma-Aldrich, Milwaukee, WI). 

5.3.3 Western blot 
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      Western blot was utilized for the evaluation of  thermal depleted vaccine-

elicited serum antibodies. All chemicals and equipment related to western blot 

were purchased from Bio-Rad technologies. Reducing buffer was prepared from 

950 μL of  Laemmli buffer and 50 μL of 2-mercaptoethanol. 10 μL of each sample 

was mixed with 10 μL of reducing buffer followed by heating at 95°C for 5 

minutes for denaturation. 3ul of Western Marker was used for reference. The 

samples were loaded onto a 12.5% running and 5% stacking gel and subjected to 

200 V for 45 minutes. Immuno-Blot PVDF membrane was prepared for western 

blot at 3.00 A of current at 15 V for 30 minutes. Primary 560047p6C04 antibody 

was prepared to 3 µg/ml in 3% milk and incubated with the membrane at room 

temperature for 1 hour followed by the incubation of diluted goat anti-Human IgG 

HRP conjugate (1:8000) in 3% milk at room temperature for 1 hour. The western 

blot image was taken from the imager (Bio-Rad ChemiDoc MP). 

5.3.2 PTD-HDX-MS 

      PTD sample preparation. 10 μg of PA was separately premixed with PC and 

560606 at PA to anti-PA pAbs molar ratio of 2:1 and diluted to a total volume of 

100 μL. 20 μL aliquots of each sample were prepared into 0.2 mL PCR tubes. PC 

and 560606 samples were heated in duplicate at 37 °C and 60 °C using a PTC-

200 Thermal Cycler. Samples were then allowed to return to room temperature 

for 3 minutes before being cooled on ice to 4 °C. All tubes were centrifuged at 
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10,000 rpm for 30 minutes at 4 °C. Without disturbing the aggregated peptides, 

15 μL of the remaining supernatant were taken for HDX-MS analysis.  

      Differential HDX-MS. HDX-MS was performed for epitope-mapping of pAbs 

in PTD-treated PC and 560606 samples. Free PA was prepared to a concentration 

of 0.13 μg/μL. For epitope-mapping in the positive control, 15 μL of free PA and  

PTD-treated serum samples were diluted using 75 μL deuterium oxide prepared 

in 1x PBS buffer. Experiments for each sample were conducted in duplicate. The 

deuterium labeling reaction was quenched by the addition of 90 μL of pre-chilled 

50% acetonitrile in 1% formic acid (pH 2.5) at 0 °C for 2 min. After quenching, 

protein digestion was performed by the addition of 180 μL of 2.4 mg/mL protease 

type XIII and incubated at 0 °C for 4 min. A total of 15 μL of non-deuterated free 

PA was incubated with 75 μL of 1× PBS in H2O, followed by the same quenching 

and digestion conditions for peptide identification. The digested samples were 

quickly injected into our customized subzero temperature UPLC system (0.1% 

formic acid and 10% acetonitrile in water for mobile phase A, and 0.1% formic 

acid in acetonitrile for mobile phase B) with a gradient from 0% to 33% mobile 

phase B at a flowrate of 150 μL/min over 45 min at −10 °C followed by MS 

detection.  

      An Orbitrap Exploris 240 mass spectrometer (Thermo Fisher Scientific, 

Bremen, Germany) was used for LC–MS/MS. The heated capillary temperature 

was set to 320 °C with a spray voltage of 3.5 kV. Sheath gas and Aux gas were 
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set to 35 L/min and 7 L/min respectively to improve ionization. A 3 second cycle 

time was set for MS and MS/MS scans. MS scans were obtained with a resolution 

setting of 120,000 over a m/z range from 350 to 1350. The AGC for MS scans 

was set to standard mode, and the max ion time was set to 1000 ms with 2 micro 

scans. MS/MS scans were acquired with a resolution setting of 30,000 and an m/z 

range from 150 to 2000 with higher-energy C-trap dissociation (HCD) at a 

normalized collision energy setting of 30%. The AGC for MS/MS was set to 

standard mode, and the max ion injection time was set to auto mode with 2 micro 

scans. 

5.3.3 Data analysis 

      A database of PA peptides was generated from the LC–MS/MS data of the 

non-deuterated PA run using MSGF+. A SpecEValue cut-off of 1 × 1010 (i.e., the 

calculated FDR <1% at the unique peptide level) was used for peptide 

identification. The deuterium uptake levels of the identified peptides in all 

deuterated samples were calculated using “The Deuterium Calculator” software 

where peptide mass distributions were fitted into a Gaussian model and R2 values 

were calculated [14]. To ensure the correct calculation of deuterium incorporation 

of peptides, the exported isotopic patterns from the software were manually 

checked for all peptides. Peptide relative fractional deuterium incorporation (%) 

was calculated by subtracting the fractional deuterium incorporation of the 

peptides in the IgG pool from the fractional deuterium incorporation of the 
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peptides in free PA. A 5% or greater in the complex sample was considered to be 

protected. A two-tailed t-test was also applied to determine the significance of the 

likelihood that the deuterium uptake difference of the peptides between free and 

complex sample were significantly different.  

5.4 Results and discussions 

5.4.1 Evaluation of sensitivity for the characterization of epitope in subzero-

temperature UPLC-HDX-MS. 

      Unlike the well-defined 1:1 molar ratio (antigen : antibody) typically used in 

epitope-mapping of mAb using HDX-MS [140], the molar ratio of antigen and 

pAbs is hard to control as multiple antibodies could bind to one antigen upon pAbs 

binding, resulting in the increase of unbound antigen. The deuterium uptake from 

the unbound antigen neutralizes the deuterium uptake from the antigen bound with 

antibody, compromising the overall deuterium uptake from the peptides involved 

in binding region. Therefore, it is essential to evaluate the sensitivity of HDX-MS 

platform to determine the epitope in order to guide the sample preparation for 

pAbs in HDX-MS. We evaluated the sensitivity of our subzero-temperature 

UPLC-HDX-MS platform for the determination of epitope used our platform 

using PA and the previously characterized p6C01 [140] with varying the molar 

ratio of PA and p6C01 (from 1:1 to 10:1). We characterized the deuterium uptake 

of 13 peptides involved in the biding site in domain 3 for p6C01 and statistically 

evaluated the significance of the deuterium uptake difference of these PA peptides 
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before and after p6C01 binding (Figure 5-1). The HDX profiles of peptide 

AVNPSDPLETTKPDMTLKEALK indicated the gradual loss of sensitivity as 

the peptide isotopic distribution shifts towards the peptide isotopic distribution 

from free PA owing to the presence of  increased unbound PA (Figure 5-1B). 

After the increase of  the molar ratio of PA and p6C01 to 10:1, the significant 

deuterium uptake difference can still be detected between free PA alone and PA 

bound with p6C01 (Figure 5-1A). These results help guide the following sample 

preparation for epitope-mapping of pAbs using in clinical samples using PTD-

HDX-MS analysis.  

 

Figure 5-1. Evaluation of sensitivity of epitope-mapping using our platform. (A) 

Comparison of deuterium uptake (D_uptake) of 13 identified peptides involved 

in binding region at varying molar ratio of PA and p6C01 (1:1 to 10:1). **** 

indicates P value < 0.0001. ** indicates P value = 0.0011. (B) Example of HDX 

profile of one peptide involved in binding region. 
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5.4.2 Epitope-mapping of pAbs in vaccine-elicited serum antibodies using 

PTD-HDX-MS.  

      The determination of the temperature for PTD is essential for epitope-

mapping of pAbs using PTD-HDX-MS platform. We first evaluated the change 

of the thermal stability of PA (83 kDa) upon binding to p6C04. As shown in 

Figure 5-2. Free PA without binding with p6C04 was completely denatured at 

60 °C while PA still remained in solution when the temperature was increased to 

75 °C upon binding with p6C04. These results suggested that heating sample at 

60 °C can keep the antibody-bound PA remain in solution while the unbound PA 

will be denatured and removed.  

 

Figure 5-2. Evaluation of the change of thermal stability of PA. (A) free PA heated 

under different temperature. (B) PA:p6C04 complex heated under different 

temperature. 
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     We then further evaluated the PTD for pAbs binding in clinical samples. Two 

clinical samples were prepared. One was a clinical positive control (PC) sample 

in which a total of 10 % 4 known anti-PA antibodies (p6C01, p1C03, p6C04, and 

p5D03) were equally spiked into the entire serum IgG isolated from an 

unvaccinated donor HPV-013. Based on the previous ratio evaluation, we mixed 

PA with anti-PA IgG in PC sample at the molar ratio of 2:1 (the molar ratio of PA 

and each anti-PA antibody is 8:1) to mimic pAbs binding in entire serum IgG. 

The second is the clinical entire serum IgG isolated from an AVA-vaccinated 

donor 606. PA was mixed with anti-PA pAbs in 560606 sample at the molar ratio 

of 2:1 for pAbs binding in entire serum IgG. The two prepared clinical samples 

after heating at different temperatures were evaluated using western blot. As 

shown in Figure 5-3A, in PC sample, majority of PA remained in solution after 

PTD at 60 °C, indicating the increased thermal stability of PA upon pAbs binding 

in PC sample. In clinical sample 560606 (Figure 5-3B), compared with PA only, 

PA amount was reduced after PTD at 60 °C, 65 °C, and 70 °C. The remaining PA 

after PTD at 60 °C is the stabilized PA upon pAbs binding in 606 as unbound PA 

will be completely denatured at 60 °C. Overall, these results suggested that PTD 

at 60 °C can help remove the unbound PA while keeping the PA stabilized upon 

pAbs binding remain in solution.  
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Figure 5-3. Evaluation of the change of thermal stability of PA upon pAbs binding. 

(A) PC sample heated under different temperature. (B) 560606 heated under 

different temperature. 

      To investigate the feasibility of our PTD-HDX-MS platform for unbiased 

epitope-mapping of pAbs in AVA vaccine-elicited serum antibody pool, we then 

performed HDX-MS analysis in PC sample after PTD at  37 °C and 60 °C. We 

characterized 257 peptides covering 90.6% sequence of PA in clinical PC after 

PTD at 37 °C. Our results showed PA peptides in three regions were significantly 

protected in the PC sample after PTD at 37 °C  (Figure 5-4A and Figure 5-4B). 

These mapped epitopes were consistent with the reported epitopes for p1C03, 

p6C01, and p6C04 (Figure 5-4C) [140]. The examples of MS spectra of the 

characterized peptides involved in binding sites were shown in Figure 5-4D. To 

assess if PTD at 60 °C  will introduce conformational change of PA involved in 

our PTD-HDX-MS analysis, we performed HDX-MS analysis in PC sample after 

PTD at 60 °C . We characterized 159 peptides covering 88.8% sequence of PA in 
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clinical PC after PTD at 60 °C. We identified the peptides in three regions 

showing the significant deuterium uptake difference upon antibodies binding in 

PC sample after PTD at 60 °C, which are consistent with the HDX-MS results in 

the PC sample after PTD at 37 °C  (Figure 5-5). Other than these three regions, 

no significant deuterium uptake difference was observed in other regions in PC 

sample after PTD at 60 °C. These results suggested that PTD at 60 °C did not 

disrupt the interaction between PA and pAbs in PC samples and did not introduce 

additional conformational change of PA. We then evaluated the relative fractional 

deuterium uptake difference of the same peptides involved in binding regions in 

PC sample after PTD at 37 °C and 60 °C (Figure 5-6). Compared to the peptides 

in 37 °C, the relative fractional deuterium uptake differences were significantly 

increased by around 4% for the peptides in 60 °C due to the removal of the 

unbound free PA in PC sample. Overall, these results suggested that with PTD at 

60 °C, our PTD-HDX-MS platform enables unbiased epitope-mapping of pAbs 

against PA in clinical serum IgGs and the PTD process improves the sensitivity 

for epitope-mapping of pAbs in HDX-MS analysis.  
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Figure 5-4. Epitope-mapping of pAbs in PC sample (HPV-013) after PTD at 37 °C. 

(A) Histogram of peptides relative fractional deuterium uptake difference in PC 

sample after PTD at 37 °C . Peptide relative fractional deuterium incorporation 

(%) was calculated by subtracting the fractional deuterium incorporation of the 
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PA peptides in the PC sample from the fractional deuterium incorporation of the 

peptides in free PA. The relative fractional deuterium incorporation of each 

fragment in the range of -5% to 5% indicates no difference in deuterium uptake 

while the relative fractional deuterium incorporation of each fragment out the 

range of -5% to 5% indicates destabilization and protection. (B) Example of 

deuterium uptake of peptides involved in the same region under free and complex 

condition. *** indicates p value < 0.001, **** indicates p value < 0.0001, and ns 

indicates no significance. (C) Highlights of mapped epitope in crystal structure of 

PA. Region without sequence coverage is in grey. The covered region is tan. The 

purple region indicates the characterized epitope for p1C03. The green region 

indicates the characterized epitope for p6C01. The cyan region indicates the 

characterized epitope for p6C04. (C) Example of MS spectra of three peptides 

involved in binding sites. 
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Figure 5-5. Epitope-mapping of pAbs in PC sample (HPV-013) after PTD at 60 °C. 

Peptide relative fractional deuterium incorporation (%) was calculated by 

subtracting the fractional deuterium incorporation of the PA peptides in the PC 

sample from the fractional deuterium incorporation of the peptides in free PA. 

The relative fractional deuterium incorporation of each fragment in the range of -

5% to 5% indicates no difference in deuterium uptake while the relative fractional 

deuterium incorporation of each fragment out the range of -5% to 5% indicates 

destabilization and protection. ** indicates p value < 0.01, **** indicates p value 

< 0.0001. 
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Figure 5-6. Comparison of the relative fractional deuterium uptake difference of 

the peptides involved in binding region under PTD at 37 °C and 60 °C. Peptide 

relative fractional deuterium incorporation (%) was calculated by subtracting the 

fractional deuterium incorporation of the PA peptides in the PC sample from the 

fractional deuterium incorporation of the peptides in free PA. ** indicates p value 

< 0.01, **** indicates p value < 0.0001. 

      We further performed HDX-MS analysis in 560606 sample after PTD at  

37 °C and 60 °C. We characterized 274 peptides covering 90.6% sequence of PA 

in 560606 after PTD at 37 °C (Figure 5-7). However, we did not identify any 

significant protected region from HDX-MS analysis even though the western blot 

confirmed the binding event of PA and pAbs in 560606 sample (Figure 5-3B). 

The possible reason is that the peptides from large amount of the unbound PA in 

560606 sample compromised the overall deuterium uptake for the same peptides 
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bound with pAbs, causing the overall deuterium uptake of the peptides involved 

in binding in 560606 sample were hard to be differentiated from the deuterium 

uptake of these peptides in free PA condition. We then applied HDX-MS analysis 

in 560606 sample after PTD at 60 °C where the unbound PA will be removed 

from the sample. We characterized 42 PA peptides in 560606 sample after PTD 

at 60 °C. We found the peptides in two regions were protected and one region was 

destabilized in 560606 sample after PTD at 60 °C while these deuterium uptake 

differences weren’t identified in 560606 sample without thermal depletion 

(Figure 5-8A). The examples of MS spectra of the characterized peptides in 

560606 sample after PTD ta 37 °C and 60 °C were shown in Figure 5-8B and 

Figure 5-8C. One of the protected peptides was in the flexible helix region in 

domain 3 which has previously been reported to be involved in oligomerization 

of PA. The destabilized region can potentially be the pAbs binding induced 

conformational change in 560606. Overall, these results highlight the 

implementation of PTD to  remove the unbound protein to improve the sensitivity 

of the epitope-mapping of pAbs in clinical serum samples.  
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Figure 5-7. Epitope-mapping of pAbs in 560606 sample after PTD at 37 °C. 

Peptide relative fractional deuterium incorporation (%) was calculated by 

subtracting the fractional deuterium incorporation of the PA peptides in the PC 

sample from the fractional deuterium incorporation of the peptides in free PA. 

The relative fractional deuterium incorporation of each fragment in the range of -

5% to 5% indicates no difference in deuterium uptake while the relative fractional 

deuterium incorporation of each fragment out the range of -5% to 5% indicates 

destabilization and protection. 
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(A) 

 

(B) 
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(C) 

 

Figure 5-8. Comparison of HDX-MS analysis for 560606 after PTD at 37 °C and 

60 °C. (A) Highlights of mapped epitope and structural change in crystal structure 

of PA. Region without sequence coverage is in grey. The covered region is tan. 

The red region indicates the epitopes. The blue region indicates destabilized 

region (B) Example of MS spectra of the peptides involved in the structural 

change. (C) Example of MS spectra of the peptides with no structural change. 

5.5 Conclusion 

      Here, we demonstrated the utility of PTD-HDX-MS platform for direct 

conformational epitope-mapping of pAbs to a targeted antigen in human vaccine-

elicited serum antibodies. By examining the PTD-HDX-MS platform in AVA-

vaccinated serum antibodies, our results highlighted that the implementation of 
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PTD as a strategy to remove unbound antigen resulted from the unpredictable 

binding properties of pAbs in vaccine-elicited serum, thereby greatly increasing 

the sensitivity for the characterization of pAbs-induced epitopes using HDX-MS. 

Due to the implementation of PTD at 60 °C, we were capable to characterize the 

two protected regions and one destabilized region on PA against clinical 560606 

serum antibodies isolated from the donor after AVA vaccination. We observed 

protection of peptides in the flexible helix region of domain 3 which has 

previously been reported to be involved in oligomerization of PA. Overall, this 

platform holds great potential for direct conformational epitope-mapping of pAbs 

in AVA-vaccine elicited serum antibodies for the investigation of AVA vaccine-

induced immune responses. The implementation of PTD-HDX-MS may suffer 

from its limitation that PTD may disrupt some weak antigen-antibody interactions, 

which may cause the loss of some pAbs binding information. In this case, 

complementary approaches such as SEC-based fractionation prior to HDX-MS 

can be incorporated to provide additional information for the comprehensive 

epitope-mapping of pAbs in vaccine-elicited serum antibodies. Overall, we 

believe that PTD-HDX-MS can be complementary strategy to facilitate the 

investigation of vaccine-induced immune response and correlates of the vaccine 

protection resulted from the overall pAbs binding in serological studies. 
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Chapter 6 Overall summary and future directions 

 

6.1 Overall summary 

      This dissertation describes the development and application of a high-

throughput HDX-MS platform for the characterization of protein interactions in 

complex biological samples. The characterization of protein interactions 

preserved within their native surroundings in complex biological samples (e.g., 

cell lysate and human plasma) is essential for understanding protein functions in 

real physiological processes. HDX-MS is a powerful technique for the 

characterization of protein interactions over the past 20 years. However, this 

technique suffers from limited LC separation power owing to the traditional use 

of short LC gradients, impeding the application of HDX-MS analysis to complex 

biological samples. Currently, there is a growing need for breakthroughs in the 

application of HDX-MS analysis to analyze protein interactions in highly 

complex biological samples such as cell lysates and human plasma. 

      To make HDX-MS applicable for the analysis of complex biological samples, 

boosting separation efficiency is essential. In chapter 2, we customized and 

optimized a subzero temperature UPLC system for HDX-MS analysis in complex 

biological samples using E. coli cell lysate digest. We demonstrated that subzero 

temperature LC separation associated with peptide-column interactions enables 

the long gradient UPLC separation to boost identification counts of E. coli 

peptides while a majority of the peptides kept over 50% deuterium incorporation 

during their retention time. Our customized, optimized, subzero-temperature long 
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gradient UPLC system is capable of characterizing thousands of peptides from 

hundreds of proteins in a single HDX-MS analysis, facilitating the application of 

HDX-MS for the characterization of protein interactions in complex biological 

samples.  

      In chapter 3, we integrated protein thermal depletion (PTD) to reduce protein 

complexity in cell lysates into our subzero-temperature UPLC-HDX-MS platform 

(PTD-HDX-MS), improving our platform for the characterization of protein 

interactions in complex biological samples. We demonstrated that PTD can be an 

effective novel strategy to significantly reduce overall sample complexity for 

HDX-MS analysis. Using our PTD-HDX-MS platform for the first time, we 

successfully elucidated the interaction sites between AZM and CaII in E. coli cell 

lysate via high-throughput HDX-MS analysis of thousands of deuterated peptides 

from hundreds of proteins. Our results highlight the great promise of the 

application of the PTD-HDX-MS platform for the identification of ligand targets 

and characterization of protein–ligand interactions in highly complex biological 

samples such as cell lysates. 

      Characterization of the interaction between vaccine-elicited antibodies and 

antigen is important for understanding of fundamentals of how vaccine works. In 

chapter 4, We first demonstrated the utility of HDX-MS for mapping antibody–

antigen epitopes by examining four fully human monoclonal antibodies (mAbs) 

specific to anthrax protective antigen (PA). We elucidated the diverse binding 

mechanisms for these 4 mAbs. p1C03 with partial neutralizing activities in vivo 
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bound to a flexible loop region on domain 1A of PA. p6C04 and p1A06, which 

demonstrate no neutralizing activities, bound to the same flexible helix on domain 

three to prevent oligomerization of PA. Surprisingly, we found that p6C01 bound 

strongly to domain three on a different helix region. We also identified a 

secondary epitope for p6C01, may leading to the inhibition of PA cleavage by 

furin after p6C01 binding. The alternative binding mechanism for p6C01 resulted 

in its high neutralizing activity. This is the first report of this distinct binding 

mechanism for a highly neutralizing fully human antibody with anthrax protective 

antigen. The mapping of epitopes associated with neutralization activities will 

contribute to the development of novel therapeutics against anthrax. In chapter 5, 

we extended our PTD-HDX-MS platform for epitope-mapping of vaccine-elicited 

polyclonal antibodies (pAbs) in serum antibody pool. We demonstrated that PTD 

can be a potential strategy to remove unbound antigen resulted from the 

unpredictable binding properties of pAbs in vaccine-elicited serum, thereby 

greatly increasing the sensitivity for the characterization of pAbs-induced 

epitopes using HDX-MS. We successfully characterized the epitopes induced by 

vaccine-elicited pAbs binding in the isolated serum antibodies from human 

donors vaccinated with anthrax vaccine adsorbed (AVA) against protective 

antigen (PA). Overall, these results highlight the effectiveness of our PTD-HDX-

MS platform for the direct epitope-mapping of pAbs in vaccine induced serum 

antibody pools, which is essential for the better understanding of the diversity of 
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vaccine-induced immune protection and the correlates of protection in different 

demographics.  

6.2 Future directions 

      The characterization of protein interactions in naturally cellular context plays 

an important role for the understanding of protein function which regulates 

numerous biological processes in cell activity. Coupled with bottom-up 

proteomics where a large scale of proteins can be analyzed in a single sample,  

HDX-MS has its unique advantages of providing peptide-level or residual level 

resolution of protein binding site as well as monitoring proteins conformational 

change in protein interactions. On the long way of making HDX-MS analysis 

applicable in more complex biological samples sample (e.g., mammalian cell), 

every step in HDX-MS workflow has to be optimized and promoted by the 

collaboration of researchers in different fields. Optimization of sample handling 

for cell lysates in HDX-MS analysis including quenching condition and digestion 

condition to improve cell lysate-based digestion efficiency is important to 

improve the proteome sequence coverage. Additionally, Improvements of 

instrumentation including multidimensional separation and MS detection (e.g., 

DIA) also can help improve the proteome sequence coverage. Furthermore,   

proteome-level HDX-MS data analysis can be laborious. Improvements on 

current HDX-MS data analysis software to facilitate proteome-level HDX-MS 

data analysis is needed for providing robust and accurate proteome-level HDX-

MS data interpretation. 
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      Conformational epitope-mapping of pAbs in vaccine-elicited serum sample is 

extremely challenging due to the high complexity of serum antibodies and the 

complex pAbs binding properties. The application of PTD-HDX-MS platform for 

the epitope-mapping in vaccine-elicited serum antibodies described in chapter 5 

still suffers from its limitation that PTD may disrupt some weak antigen-antibody 

interaction, may causing the loss of some pAbs binding information. In the future, 

to obtain comprehensive pAbs binding information, in addition to PTD-HDX-

MS, complementary approaches such as SEC-based fractionation prior to HDX-

MS can be developed to provide additional information. 
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