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CHAPTER|

INTRODUCTION

Francisella tularensisis a highly infectious, gram-negative, coccobacillus and
causative agent of the disease tularemia in wild rodents and rabbits. The idisease
occasionally transmitted to incidental hosts including humans. The Geangsella has
two speciesk. tularensisandF. philomiragia. It has been recently proposed that
Francisdlla-like endosymbionts of ticks and certain fish pathogens also be included in the
genusFrancisella. Francisella philomiragia is an opportunistic pathogen and is reported
to cause pneumonia and systemic disease in immunocompromised individuals.
Francisella tularensis has two main subspecies, type A (dsfarensis) and type B (ssp.
holarctica). Type A is the more virulent form and is seen exclusively in North America
whereas the less virulent type B is found in North America and EuFasiacisella
tularensistype A has a terrestrial life cycle; the bacterium is enzooticlchidents and
rabbits. This transmission cycle is vectored by arthropods, mainly ticks amgl fhés,
and accounts for 90% of human tularemia cases in North AmEriamcisella tularensis
type B has a waterborne life cycle in which the bacterium is enzootic én-asgociated

rodents and beavers and accounts for 10% of human tularemia cases in North.America



Francisella tularensis can be easily aerosolized and is highly infectious;
therefore, the Centers for Disease Control and Prevention has claSstfiedensis as a
category A Select Agent. Much of the research in recent yearsdusetl on
pathogenesis and vaccine development. Over the last 10 years, our understanding of the
immune response to the bacterium as well as the genetic aspects of thenesikagfe.
tularensis has improved considerably. However, our understanding of the ecology of this
bacterium, its persistence in nature as well as the biology in the vestdirlgecking.

The first two studies reported herein describe the systematic st&dyutdrensis
colonization in the tick vectofBermacentor variabilis andAmblyomma americanum as
well as describing theapillary feeding method of colonizing the different stages of these
ticks with F. tularensis. The role of these ticks as a possible reservdt. tilarensisis
also discussed he final chapter of this dissertation addresses the possible role of chiti

as a nutrient source fét. tularensis in the tick life cycle.
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LITERATURE REVIEW



Abstract

Francisellatularensisis a highly infectious pathogen that causes the disease
tularemiaFrancisellatularensis is susceptible to more than 300 different species
including mammals, birds, amphibians and invertebrates. The animals which are
important in maintaining the natural infection in enzootic foci are wild rodewts a
rabbits along with their arthropod vectors including ticks and flies. In this aththpte
history and epidemiology @. tularensis, ecology of vector borne transmissionFof

tularensis, and artificial feeding methods for infecting ticks are reviewed.

I ntroduction

Francisella tularensis is non-motile, non-sporulating, facultative intracellular
gram-negative bacteria that cause the disease tularemia in a widg obaeimals
including wild and domestic animals and humans (Etle., 2002; Goodmast al.,
2005; Sjostedt, 2007). However, the environmental persistertedwérensisis mainly
due to the tick transmitted enzootic cycle of tularemia in wildlife includibbita.and

rodents (Eisen, 2007; Eisenal., 2008; Jellison, 1974).



In the first half of the 20 century, human tularemia cases in the United States
were relatively high, and the disease was transmitted mainly througictwith
infected rabbits. In the latter half of the™2@entury the number of human cases declined
and the major mode of disease transmission was by tick bites (Eisen, 2007). b 5i0e la
years, the south-central United States comprised of Arkansas, Missouhip@klaand
Kansas, has become the focal point of human tularemia outbreaks with 60% to 70% of

these cases being attributed to infection from tick bites (Eisen, 2007).

The forest/shrub land ecology of the south-central tularemia endenoa isgi
well suited for abundant tick populations (Eisen, 2007; Esah, 2008; Sonenshine,
1991).Dermacentor variabilis andAmblyomma americanum are the main vectors fé.
tularensisin this region. Experimental studies have shown that ticks may serve as
biological vectors oF. tularensis, and that it can be transstadially transmitted from one
tick stage to the other (Bell, 1945; Francis, 1927; Hopla, 1953). Although experiments
done in the 1930s and 1940s have shown transovarial transmisBiovamabilis, D.
andersoni, andHemophysalis leporipalustris, more recent studies have failed to confirm
this result (Burgdorfer and Varma, 1967; Bell, 1945ancisella-like endosymbionts
(FLE) have been shown to colonize the reproductive tissueerafacentor species, and
this association indicates an ancient link betwieemcisella and ticks (Baldridget al.,
2009; de Carvalhet al., 2011; Machado-Ferreig al., 2009; Niebylsket al., 1997; Sun

et al., 2000).

Host seeking activity dD. variabilis andA. americanum ticks peaks in early

spring and summer in the south-central tularemia endemic region coinciding with the



annual seasonal tularemia outbreaks in humans. A tick-small mammalianrzosigce

cycle is major reason for the persistence of tularemia in this regida skuelies have

shown thaD. variabilis adults and larvae can survive the winter and resume host seeking
activity in the following spring, whereas the nymphs are not known to survive the winte
months (Burg, 2001; Kollart al., 2000a; Sonenshine, 1972; Sonenshine, 1991). In
contrast forA. americanum, it is the nymphs and adults that are known to overwinter
(Brownet al., 2011; Eisen, 2007; Kollaet al., 2000a; Sonenshine, 199Eyancisella
tularensis infected ticks that overwinter may carry over the infection from one enzootic

cycle to the next and thus maintain the persistence of this bacterium in nature.

In recent decades, much progress has been made in our understanding of the
pathogenesis and virulencekaftularensis especially in regard to mouse infection
models and vaccine development (Clingbial., 2010; Lindgreret al., 2011; Meibom
and Charbit, 2009; Santat al., 2009); however, with regard to the biologyFof
tularensisin the tick vectors and the molecular level interactions at the vector-pathogen
interface very little is known (Eisen, 2007; Peteratead., 2009).Francisellatularensis
wasshown todisseminate from the gut to the hemolympiDirandersoni, but evidence
of bacterium in the salivary gland or in the saliva has not been reported fackany t
species (Francis, 1927; Peterseal., 2009). The glass capillary tube method of feeding
ticks with pathogens has been shown to be an excellent method of infecting various tick
species with pathogens (Broadwadeal., 2002; Kocaret al., 2005; Younget al., 1996).
Environmental persistence Bf tularensis has been reported especially Fottularensis

ssp.holarctica andF. tularensis ssp.novicida in aquatic environments, and in addition,



the latter was shown to form biofilms in the presence of chitin (Berrada aioddTi,

2011; Hazlett and Cirillo, 2009; Margoksal., 2009).

History and Epidemiology of Tularemia

Tularemia was first described by G. W. McCoy in ground squirrels in Tulare
County in California, and a year later the bacterium was isolated by Ma@bghapin
(McCoy and Chapin, 1912). Two years later the first human case of tularemia wa
described in Ohio (Wherry and Lamb, 1914). However, a disease of similar nature ha
been described in Utah in 1908, and even eatrlier, there were reports of simike disea
description from Norway called lemming fever and also from Japan calledbyat
(wild hare’s disease) (Morner, 1992; Ohara, 1954; Pearse, 1911). The bacterium was
initially designated aBacterium tularense, the term coined after Tulare County,
California where McCoy first described the disease. In 1921, Edward Francisdstnewve
experimental transmission of the bacterium in dee@lyysops discalis) and later in
several arthropod vectors including ticks (Francis, 1927; Francis and Mayne, 1921). The
bacterium was briefly classified under the geBugcella andPasteurella because of the
serological similaritTopley and Wilson, 1937). In 1947, the naRrancisella was

given to the genus in recognition of the extensive work of Edward Francis on this



bacterium, and in 1961 Philip and Owen proposed the Rkaeareisella tularensis as the

type species for this genus (Olsufjev, 1970; Philip and Owen, 1961).

After the initial description of the disease in the 1920s, numerous tularerasa cas
were reported from North America, Europe, Russia and Japan. A distinct diffenctime
virulence of the isolates seen in North American outbreaks from those seen in &wutope
Asia was reported. In 1961, Olsufiev and colleagues suggesteldrensis biovar
tularensis for the more virulent North American isolatesfaridlarensis biovar
palaearctica for the less virulent European and Asian isolates. Laterdibiovars were
designated aB. tularensis ssp.tularensis andF. tularensis ssp.holarctica, respectively
(Olsufievet al., 1959; Olsufjev, 1970). In another classification based on the
susceptibility of thénolarctica subspecies for erythromycin, biovar | Egnd biovar |
Ery® was proposed (Olsufjev and Meshcheryakova, 1982). W. L. Jellison used the
designation type A for sspularensis and type B for ssgholarctica. Owing to its
simplicity, this nomenclature is still used today (Jellison, 1974; Olsufjev and
Meshcheryakova, 1982). In 1950 a new bacterium simileraacisella was isolated
from water samples from Ogden Bay, Utah. This new bacterium was disbimde fr
tularensisin that it could ferment sucrose, and the n&astuerella novicida sp. nov.
was designated and later categorized as a s§ptubrensis (Larsonet al., 1955;

Olsufjev and Meshcheryakova, 1982). AnotReancisella isolate was reported from
Central Asia and was included as gspdiasiatica. Currently, there are four ssp. ef
tularensis namelytularensis, holarctica, novicida andmediasiatica (Olsufjev and

Meshcheryakova, 1982).



Johansen and colleagues in 20@p{orted two subdivisions within the virulent
tularensis ssp. by analyzing 25 variable number of tandem rep®iIR) loci using the
multi locus VNTR analysis (MLVA) method and designated them as Al and A2
(Johanssost al., 2004). Following this VNTR analysis, Staples and colleagues found
similar genetic diversity among the type A isolates in the Uniteg@Shy analyzing
pulsed field gel electrophoresis (PFGE) subtyping and the geographionoatthe
isolates (Staplegt al., 2006). They gave the designation type A East and type A West to
the A1 and A2 subtypes and reported that the Al isolates were more virulent and mainly
found in the south-central States and along the Atlantic Coast, whereas theuless vi
A2 subtype was seen in the arid regions of the Rocky Mountains west to the Sierra
Nevada Mountains of California (Staplksal., 2006). Kugeler and colleagues in 2009
identified four distinct genotypes of type A, namely Ala, Alb, A2a, A2b and also type B
in the United States using PFGE, and they also identified the case fati@g\f these

genotypes as 4%, 24%, 0%, 0%, and 7%, respectively (Kugjeler 2009).

In the 1940s and 1950s, Russian researchers were able to develop several
attenuated vaccine strainskaftularensis using several methods including repeated
culture in artificial media (Tigertt, 1962). In 1956, a mixture of these attedsatains
were transferred to the United States, and from this mixed culture, a tyymrBisas
selected based on intradermal vaccine safety and efficacy (Eidedidowns, 1961;
Tigertt, 1962). This strain was called the Live Vaccine Stain (LVS); adfhdess
virulent in humans, it still retained virulence in mice (Cordaal., 2002). The molecular
mechanism by which the LVS is attenuated is not known, and the vaccine is not fully

effective against higher inocula of viruldattularensis. Therefore, it has been approved

9



only for use in people who are at high risk of exposure, particularly research workers
(Burke, 1977; Friend, 2006; Conlan and Oyston, 2007). Recent progress in identifying
the possible genes responsible for the attenuation may lead to the developnstablef a

and effective vaccine (Salomonssaml., 2009).

Following the initial description of the disease in 1911, more than 35,000 human
tularemia cases have been reported in the United States of which 90% acklyatise
ssp.tularensis (Choi, 2002) Francisella tularensis have long been considered as a
potential biological warfare agent because of the highly infectious natures of t
bacterium and the ease of aerosolization (Degtrak, 2001). This pathogen was one of
the biological agents used by the Japanese Imperial Army at Unit 731 durirectreS
World War and is also one of the biological agents developed by the United States and
former Soviet Union as part of their biological weapons development program (Eennis
al., 2001). The primary disease presentation for human tulareciiede
ulceroglandular, glandular, oculoglandular, oropharyhgeseumonic, typhoidal, and
septicemic forms (Denngt al., 2001). The different presentations of the disease depend
mainly on the route of entry of the bacterium. The most common form, the
ulceroglandular presentation, occurs due to the entfytofarensis through the bite of
an arthropod vector or through cuts or abrasions of the skin while handling infected
animals (Elliset al., 2002). The oculoglandular form is rare and can develop when
bacteria comes in contact with the conjunctiva. The ingestion of contaminated food or
water leads to oropharyngeal presentation. The virtdetudarensis ssp.tularensis can
often lead to typhoidal or septicemic forms of the disease because of theematsire

of the bacteria, and this presentation can be fatal. The most acute form oé#se ds

10



the pneumonic form, which can sometimes occur as a secondary complication of any of

the above presentations.

The unusually high number of cases of tularemia in the first half of the 20
century in the United States was most likely due to the exposure to infected animals
particularly infected rabbits. Most of these cases were ulceroglandyieggentation
(Jellison, 1974). The increased awareness of the disease and urbanization may have
caused the number of tularemia cases to decline after 1950s, and this decline was more
pronounced, especially in the number of winter cases of tularemia that accairthanie
rabbit hunting season (Evaesal., 1985). Tularemia in eastern and central States
including lllinois, Kentucky, Ohio, Tennessee and Virginia continued to declineeage
the cases in the south-central States comprised of Arkansas, Missouri, Cklkafebm
Kansas remained constant (Eisen, 2007; Jellison, 1974). Subtyping of the genagpes se
in the south-central endemic region has indicated that these infections fodltre
virulent Al subtype (Eisen, 2007; Kuge&tral., 2009). Another focus of recent
tularemia outbreaks is on Martha’s Vineyard, an island off the coast of Mass#s
(Feldmaret al., 2001; Teutsclet al., 1979).Francisellatularensisis believed to have
been introduced to the island in the 1930s by the importation of infected rabbits for game
hunting from the endemic areas of Arkansas and Missouri. Consistent with this
conjecture, it is the Al subtype that is found on the island (Kugedr 2009; Matyas
et al., 2007b). The first case of pneumonic tularemia on Martha’s Vineyard was in 1978,
and in the following years, cases have been continuously reported (Feldaha2001;

Matyaset al., 2007b). This unusual route of transmission is thought to occur due to

11



landscaping activity, especially due to the aerosolization of tularema@edfeabbit

carcasses or rabbit nests by lawn mowing (Agger et al., 2005; Matya=260ab).

Ecology of Vector-Borne Transmission of F. tularensis

Tularemia is often described as a disease seen exclusively in the Northern
Hemisphere (Sjostedt, 2003). Outbreaks of the disease in humans and other mammals
have occurred in a variety of geographical locations. In the former Sovieh,Uni
investigators had identified several endemic areas of tularemia wheompassed a
large variety of natural foci including swamp-floodland, grassland- meaddwla
woodland, steppe, cisalpine-stream and desert flood land (Olsufiev, 1966). In these
various ecotones;. tularensis was isolated from several ixodid ticks, roderts/cola
terrestrius, Micotus spp.,Mus musculus andClethrionomys spp.), Arctic harel(epus
timidus), mosquitoesAedes cinereus andOchlerotatus excrucians), and flies
(Tabanidae) (Olsufiev, 1966). Olsufiev and colleagues have also demonstratd€ that
tularensis can survive in tabanid fly gut for up to 56 hours (Olsufevn and Golovd, 1936).
Although arthropods including tabanids, deer-flies and mosquitoes have been associate
with F. tularensis transmission, they have not been shown to be biological vectbrs of
tularensis, and this bacterium has never been isolated from their salivary glands €Keim

al., 2007; Sjostedt, 2007). Flies can act as mechanical vectors, and it is suggedted that t

12



proximity of watershed areas in tularemia outbreaks may indicate egateEminated

with F. tularensis, whichmay serve as a potential reservoir of infection for flies and
mosquitoes, likely infecting them at the larval stage (Lundstrom, 2011; Olsufiev, 1966;
Palo et al., 2005; Sjostedt, 2007; Svensson et al., 2009). These observations in Russia
along with reports of tularemia in Scandinavia and other parts of Europe intizidte t
tularensis type B in Europe and Russia follows an aquatic life cycle, wihergarensis
infects semi-aquatic rodents, ticks, and flies, with human and animal traremis
occurring via contact with infected rodents or by tick and fly bites (Katiah, 2007).

The number of human tularemia cases in Russia has greatly decreastn &tond

World War. This has been correlated to the decrease in rodent populations, particularly

water rat populations (Efimost al., 2003).

In the United States there are distinct differences betWwetarensis type A
and type B based on the geographic distribution, host association and vectors involved. In
the United StateB. tularensis type B has a similar aquatic life cycle as that seen in
Europe and human tularemia cases causdd twarensis type B are concentrated along
the upper Mississippi River and in areas of high rainfall including the Paafib\Mest.
The major animal hosts involved in the enzootic cycle are the semi-aquaticsrodent
including muskrats@ndatra zbethicus) beavers Castor canadensis), and voles

(Microtus sp.) (Jellison, 1974; Staplesal., 2006).

Based on the genotyping data onEhéularensisisolates, the geographical
location of the isolates, and based on case histories, Staples and colleagues have

speculated that the A2 subtypeFottularensis has a terrestrial life cycle, which can

13



infect rabbits via ticks[§. andersoni) and flies functioning as arthropod vectors. Human
cases involving th€. tularensis A2 subtype are seen in the arid regions to the west of
Rocky Mountains to the Sierra Nevada Mountains (Staglals, 2006). Deer fly
(Chrysops discalis) was one of the first vector linked to the transmissioR. dfilarensis,
and the term “deer fly fever” has often been associated with tulardetisgn, 1974).
These flies function as mechanical vectorg dlarensis, and they transmit mainly the
type A West (A2) subtype df. tularensis which is seen to the west of Rocky Mountains
primarily ldaho, Wyoming, Utah, and Nevada, with recent outbreaks in Utadr¢Piet

al., 2009; Staplest al., 2006).

Francisdlatularensistype Al has a terrestrial transmission and is seen
predominantly in the south-central States of Arkansas, Missouri, and Oklahomacand als
along the Atlantic Coast. Rabbits and hares, including cottontail rabyligsi{Sgus sp.)
are the major hosts associated vithularensis type A1l. However, these lagomorphs are
not considered a stable reservoir hodt dlillarensis because their populations are highly
susceptible to the disease during epizootic outbreaks which result in high death rates
(Jellison, 1974; Keinet al., 2007; Shoemaket al., 1997). Ticks are the major vectors
involved in the transmission &f tularensistype Al in humans and may also play a

important role in maintaining the enzootic cycle in nature.

Dermacentor species.

The importance of ticks as vectors Fortularensis were perhaps know even
during the initial discoveries of the bacterium in California ground squirrelsoChe

infected squirrels collected during a study had an engorged tick and was a possible
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contributor to the disease in that animal (Jellison, 1974). Seberalacentor ticks are
known to be vectors d¢¥. tularensis. The twoDermacentor species that are important for
tularemia infections in humans and animals in the United Stat&s gaeiabilis andD.
andersoni. The first case dD. andersoni (Rocky Mountain Wood tick) transmitted
glandular type of tick fever was later shown to be tularemiaFanhdarensis was
subsequently isolated frobBw andersoni ticks in nature (Jellison, 1974; Parlekal .,
1924). These ticks are known for their vector role in epizootics of tularemia in sheep i
Idaho and Montana where during the first half of the 20th century, large nunier of
andersoni infestations on sheep especially during the lambing season caused high
mortality in sheep due to tularemia (Betllal., 1978; Jellison, 1974).

Dermacentor variabilisis one of the principle vectors Bf tularensisin the
United States and the bacterium was first discovered in this tick by R. G. Gisen, (
2007; Goodmauset al., 2005; Green, 1931Ppuring an investigation of an ulceroglandular
tularemia outbreak in the Crow Indian Reservation in south-central Montana, it was
found that tick bites were one of the causes of infection, and 8 out of 15 p@ols of
variabilis ticks collected from dogs in this area were positive-fdularensis (Schmidet
al., 1983). In another outbreak of glandular tularemia on the lower Brule and Crow Creek
Indian Reservation in South Dakol,variabilis ticks were identified as the vector, and
8 out of 46 pools obD. variabilisticks collected from dogs were positive for either type A
or type B subspecies &f tularensis (Markowitz et al., 1985).

Dermacentor variabilis also plays a key role in transmissiorFotularensis in
the south-central United States and is cited as a primary reason fdateenia

persistence in this region. High incidence of tularemia in people involved in outdoor
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activities is thought to be due to the high risk of tick exposure in this region @ssal
1968; Eisen, 2007; Scofietf al., 1992; Taylort al., 1991). The seasonal distribution of
human tularemia cases in this region is mostly during spring and summer monts, whi
also coincides with the higb. variabilis tick activity (Eisen, 2007)Dermacentor
variabilis ticks are identified as an amplifying host and vectdf.d¢@larensisin
Martha'’s Vineyard, and the genetic diversity seen among.thgarensis isolates from
these ticks indicate long standing enzootic cycle of tularemia on the iSSaethertet
al., 2004). In a PCR done on host seeking ticks on the island, less than 1% to 5% of the
ticks were reported positive depending on site and year of tick collection @hbta
2007a). In 2010, Goethert and Telford reported a high concentratioriubérensis in
infected ticks on the island with a median of 3.3 Xdénome equivalents per tick
(Goethert and Telford, 2010).

In the United State®). andersoni is distributed throughout the Rocky Mountains
at elevations above 1000m (Goodnetal., 2005). Both larvae and nymphs of this tick
species feed on a variety of small mammals including rodents and rabbits, addlthe a
ticks feed on larger mammals including humans, carnivores, game animéds sbattp
and horses (Burgdorfer, 1969; Jellison, 1974).

In the United StateB. variabilisticks are widely distributed in the Great Plains
and Eastern States (Burgdorfer, 1969; Sonenshine, 1972; Sonenshine, 1991). The habitat
range is restricted by a lack of suitable deciduous forest, brushy habitatkmd
adequate rainfall (Sonenshine, 1991). The prairie, sagebrush, and semidesert diabitats t
the west, the boreal forests to the north, and the narrow forested areas along the draina

basins of the Missouri, Arkansas, and Mississippi Rivers support abundant populations of
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this tick species (Burgdorfer, 1969; Sonenshine, 1991). The immature st&yes of
variabilis including larvae and nymph exclusively feed on smaller mammals including
meadow miceNlicrotus sp.) and white footed mic®é omyscus sp.) and to a much
lesser extent on rabbits, rats, squirrels and cats. These immature stagasly seen
guesting at the ground level, while adult ticks quest higher in the vegetation and have a
broader host range. The principle hosts include dogs and other larger mammass such a
cattle, coyotes, wild cats, raccoons, foxes, skunks, deer and humans (Sonenshine, 1991).
Kollar and colleagues, in a study to determine the host utilizatibn@riabilis in
Missouri, found that raccoons followed by opossums were the most preferred hosts for
adult ticks, whereas voles and chipmunks were the hosts for nymphal ticks (kiodllars
2000b). Marsh rice rats, white footed mice, and voles were the preferred holsés for t
larval stages (Kollaret al., 2000b).

Tick activity studies in Missouri showed that adbltvariabilis ticks continue
their host seeking behavior from March through August, with peak activity fromdune t
July (Kollarset al., 2000b). The early year activity is from the spring cohort, which
overwintered from the previous year, and the late year activity is usuaihytire
summer cohort which molted from nymphs, that fed during the current year (Burg, 2001;
Kollarset al., 2000b; Sonenshine, 1972). In Missolxivariabilis nymphal activity is
from April to October with the highest activity during May and June. Larval popnsat
in Missouri have a bimodal activity, with one peak in late summer (September) and
another during early spring (Kollagsal., 2000b). Unfed larvae survive long periods of

exposure in the environment and usually overwinter. Adults are also known to
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overwinter; in contrast, overwintering of nymphs is rare (Burgdorfer, 1969; Sunens
1972; Sonenshine, 1991).

Parker and Spencer showed in 1926 the transovarial transmis8&act&ium
tularense in D. andersoni ticks. In this study, eight of the fifteen female ticks that
engorged on infected hosts transmitted the infection to progeny. Two out of these eight
positive ticks, had infection in eggs only, while in the other six infection waseesd
form larvae or nymphs or both (Parker and Spencer, 1926). Parker concluded that
transstadial transmission Bécterium tularense does occur id. andersoni and
transovarial transmission can also occur, but not in all infected females. However,
investigations in the 1950s and 60s failed to demonstrate the transovarial trenmsimiss
D. andersoni (Burgdorfer and Varma, 1967). Edward Francis reported detailed
microscopic changes including bacterial multiplication in gut and diss&onnato
hemolymph inD. andersoni ticks infected withBacterium tularense (Francis, 1927). He
concluded thab. andersoni is a true biological host of tularemia, and the bacteria were
seen in the feces, epithelial cells of the digestive tract, Malpighian tnbdekecelomic
fluid of these ticks. However, the bacterium was not observed in the salivarg gland
the ovaries, and this observation led him to believe that the transmission was due to fecal
contamination at the bite site (Francis, 1927).

Philip and Jellison demonstrated the experimental transmission of thauracter
to guinea pigs by infecteld. variabilis (Philip and Jellison, 1934). The same authors
confirmed the transovarial transmission in these ticks by demonstragingfeistion of
mice parasitized by larvae which hatched from eggs of an infected adukidwlever,

larvae from the same lot failed to infect rabbits or guinea pigs. Theyegdeded on the
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evidence of transovarial transmission by injection of washed eggs of twtethfemale
ticks intraperitoneally into guinea pigs; these animals later succumbedrentid. In the
same article the authors observed Bedterium tularense was not completely adapted

for continuous colonization iD. variabilis, because of the mortality seen in heavily
infected ticks, especially in ticks which fed on host during the peak of bactgfhnilip

and Jellison, 1934). In a detailed study in 1945, Bell reported the transmission of
Pasteurella tularensisin D. variabilis ticks. He observed that certain ticks in the lot were
more resistant to infection than the others. He also reported that vitality ks were

not affected by infection and reaffirmed the knowledge that bacteremia in the host
(usually just occurring prior to the death of the animal) was required ksrtbdoecome
infected (Bell, 1945). During his study, Bell did not observe any mortality in ticks
feeding at the time of death of the host, as observed by Philip and Jellison (Bell, 1945;
Philip and Jellison, 1934). He did not observe any difference in fecundity between
infected and uninfected ticks and also did not observe the transovarial transmission in
these ticks (Bell, 1945). Higher (37°C) or lower (15°C) holding temperatures for up to 9
days of the infected nymphal ticks also did not affect their infectivity (B845).

Recently, Reese and coworkers evaluated the ability of the nymptadiabilis ticks to
transmit Alb, A2 and type B stainsiftularensis (Reesest al., 2010). Transstadial
transmission from larva to nymph was observed with all three strains, but #rere w
significant decrease in feeding success and significantly higherliyartanfected

nymphs. Low transmission rates to mice were also seen in A2 and type tBdrtfeks,

and infection of mice with the Alb infected ticks were not observed (Reakse2010).
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A number ofDermacentor species are known to be principle tick vectork.of

tularensis in the former Soviet Union includirg. pictus andD. marginatus (Hopla,

1974). In 1960, Petrov showed tirattularensis infectedD. marginatus larvae were

capable of transmitting the bacterium and observed that feeding of tidcom@anied

by an increase in the number of bacteria, but the process of molting ésdraaterial
numbers in ticks. In addition, Petrov observed that ticks had to be adequately infected fo
transmission from one stage to the other (Petrov, 1960). In 1966, Petrov showed that
bacteria could penetrate the gut of the tick into hemolymph and the salivadyog2.
marginatus and also reported the transovarial transmission in this tick (Hopla, 1974).
However, he could not reproduce the transovarial transmissnnarginatus during

later repetition of his experiments (Hopla, 1974).

In recent years, B. variabilis associated endosymbiont has been discovered and
phylogenetic analysis shows that it is closely related to pathoEesicisella species
(Goethertet al., 2004; Matyast al., 2007a). Thé-rancisella-like endosymbionts (FLE)
andDermacentor ticks show little sign of co-speciation owing to the less degree of
phylogenetic divergence between FLEs of diffef@etmacentor species, indicating the
relation between the endosymbiont & macentor ticks is of recent origin (Niebylski
etal., 1997; Scoles, 2004). It is speculated that a broad host permissible tick trahamitte
FLE ancestor similar tb. tularensis, which may have spread among other ticks by a
common infection pathway and secondarily adapted to a symbiotic life steley{bkiet
al., 1997; Scoles, 2004). Another closely reldftedncisella-like symbiont, different
from FLE, was found in 50% @. variabilis ticks tested on the Martha’s Vineyard

Island (Goethert and Telford, 2005). Th&sevariabilis Francisella (DVF) demonstrated
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transovarial transmission, and co-infection of FLE with DVF did not interfétetine
transmission of either bacteria in these ticks (Goethert and Telford, 2005). In1997,
Niebylski and coworkers characterize® aandersoni symbiont as belonging to the
genusFrancisella based on 16s rDNA sequence data (Niebdskl., 1997). The
symbiont was found to inhabit the ovarial tissues, especially in the phagocytieves
and was vertically transmitting in 95.6% of the female progery. ahdersoni ticks
(Niebylskiet al., 1997).

Amblyomma americanum.

Amblyomma americanum, the lone star tick, was first identified as a vectoHor
tularensisin 1943 when Warring and Ruffin reported an outbreak of tularemia among
soldiers in a maneuver area in Tennessee (Jellison, 1974; Warring and Ruffin, 1946). Of
the 50 cases reported, 32 had history of tick bite prior to the onset of the diseaseaThe ar
was heavily infested with ticks, the primary lesions indicated tickihi4 of these
cases, ané. americanum wasthe only tick discovered in the vicinity (Warring and
Ruffin, 1946). In a survey of ticks in Arkansas, Calhoun found that one pool of lone star
tick taken from four dogs in Marion County was infected Wi#isteurella tularensis
(Calhoun, 1954). In a following survey of ticks in high tularemia incidence counties i
Arkansas, five pools dk. americanum ticks were found positive for tularemia infection,
while none of the dog ticks, rabbit ticks or the black legged ticks were found to be
positive (Calhoun, 1954). One of the positive pool from a drag collection included adult
female ticks and a nymph. The other positive pools had adults, nymphs and larvae
collected from cows and dogs. Calhoun and Alford reported the finding of inf&cted

americanum larvae in nature, which indicates the possible transovarial transmisgton of
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tularensis in these ticks (Calhoun and Alford, 1955). However, an investigation to study
the possibility of the transovarial routeAnamericanum has not been performed (Eisen,

2007).

In a review on the “Transmission of tularemia organisms by ticks in the Southern
States”, Hopla states that among the three tick species that are known to bite huma
this region A. americanum andD. variabilis are the most important vectorskof
tularensis because of the peak host seeking activity of these ticks coinciding with
tularemia outbreaks in these states (Hopla, 1960). The one other tick species found in this
region,Ixodes scapularis may not be a good candidate ds &ularensis vector, because
the human biting stage of these ticks has a peak activity during the wintam,sehi&h
does not correlate with tularemia outbreaks in this region. He also suggestsdhgt a
the two possiblé&. tularensis vector species in this regiofiamericanum may be the
most important because of its activity during the summer months, abundance, and broad

host range among all three stages of the tick (Hopla, 1960).

Along with being a vector fdf. tularensis, A. americanum s also a reported
vector of other infectious agents of both humans and animals. Extensive studies have
been done over the years to better understand the activity and habitat of tipsdiek s
(Bowman and Nuttall, 2008; Goodmainal., 2005; Jellison, 1974RAmblyomma
americanum is distributed from central Texas, eastern Oklahoma, southeastern United
States and along the Atlantic Sea Coast (Burgdorfer, 1969). This tick is pnechdimi
found in forested habitats, and an example of an ideal habitat is the scrub-brush

dominated hills of the Ozark region of eastern Oklahoma (Sonenshine, 1991). Larvae and
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nymphs usually feed on rabbits, squirrels, foxes, raccoons, skunks, and on a variety of
ground dwelling birds particularly quail, turkey, and poultry, whereas adult tiekls fan
larger and medium sized animals. All stages.cdmericanum are known to attack

humans, deer, cattle, horse, and dogs (Sonenshine, 1991).

H. G. Koch in a study about the survivability of lone star ticks in southeastern
Oklahoma reported that these ticks are fairly tolerant to the extremes oémgerature
and low humidity, and the best environment for survival was the bottomland oak-hickory
habitat (Koch, 1984). The study also found that all three stages of the tick could survive
the winter. Larvae that feed to engorgement as well as unfed larvae oasyamally
overwinter, whereas nymphs and adults overwinter in large numbers. However,
Burgdorfer reported that larvae that take a blood meal usually overwintenpbat t
larvae which fail to find a host die (Burgdorfer, 1969). In southeastern Missouri, adult
lone star tick questing activity was highest in May with a gradual detiiregh
September (Kollarst al., 2000a). A dual spring and midsummer peak of adult ticks in
eastern Oklahoma was reported by Patrick and Hair (Patrick and Hair, 197 @). &l
colleagues found that in Missouri, nymphal ticks were mostly active frprih through
September with peak activity in June, while larval activity continued fromtdrdugh
October with peak activity in September (Kollatsl., 2000a). The authors also studied
the host preference for the different stages of the lone star tick and fouritetirduitie
tailed deer was the most important host for adluimericanum ticks, whereas in areas
were white tailed deer abundance is rare, foxes and raccoons can be the lppshéor
adult ticks (Cohemt al., 2010). White tailed deer, raccoons, rabbits, and bobwhite quail

were all important host for nymphs. For larval ticks, rabbits were the nfested host
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(Kollars et al., 2000a). In order to determine the potential risk of human exposure to
human biting ticks in Missouri, Brown and coworkers studied the habitat association of
different ticks and found th#&. americanum was the most abundant tick species in the
area, and also reported that adults and nymphs preferred forested habitaiandjras
(Brownet al., 2011). The same authors also found that 20% and 30% of the State had
elevated risk of human exposure to nymphal and @daltnericanum respectively and

this data positively correlated with the reporting of tularemia casesse #reas.

Hopla had reported the experimental transmissiddeoterium tularense in lone
star ticks, and the ability of infected larvae to retain infection though nymptiadalt
stage (Hopla, 1953). This observation was previously reported by C. B. Philip ¢Piai
Parker, 1934). Hopla also reported that no difference in mortality of ticks was ethserv
any stage of infection of the ticks, when compared to control ticks, and reported large
variations in the amount of bacteria per tick (Hopla, 1953). Infected adult ticks which
were fasted for six months containgakcterium tularensis although at reduced numbers,
but were still able to infect guinea pigs. The same author also reportecettiagfe
infected ticks orBacterium tularense-immunized rabbits did not reduce the infection of
ticks after subsequent molting to adult stage, and this result was also truedtednf
ticks on resistant hosts including dogs &adterium tularense-immunized mice (Hopla,
1953). Although on a different tick vector, this finding contradicts the conclusionllof Be
who reported. variabilis ticks cleared the bacteria upon feeding on an immunized host
(Bell, 1945). In repeat experiments, Hopla also demonstrated the stage to stage
transmission oBacterium tularense in A. americanum and showed that the bacterium

persisted in the adult tick even after five months of fasting, although meandacte
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counts per tick was reduced when compared to that of recently molted adult tigksoHe
suggests that these results indicate the possibility of these ticks oeemgrand

carrying over the infection to the next year (Hopla, 1960). He reasoned tligctease
seen during long starvation period may be due to bacteria being evacuateuefigum af

these ticks during defecation (Hopla, 1955).

Artificial feeding methodsfor infecting ticks

Ticks can be infected with pathogens by a variety of artifinigltro methods.
These include feeding chambers with natural or artificial membraneanfiesiema
infusion, hemocelic injection, and glass capillary feeding (Broadweagtr, 2002;
Burgdorfer, 1957; Sonenshine, 1991). Membrane feeding chambers have been used to
infect a number of ixodid ticks includingodes, Amblyomma andDermacentor (Barreet
al., 1998; Howarth and Hokama, 1983; Waladda., 1995; Youngt al., 1996). These
membranes are expensive to prepare and often undergo decomposition and contamination
(Broadwateeet al., 2002). Enema infusion technique has been used to introduce
pathogens in adult ticks, but this technique often lead to tick injury and mortality
(Broadwatetet al., 2002; Turellet al., 1997). Intra-hemocel injection of pathogens into
ticks has been employed to infect ticks waibrrelia burgdorferi and Venezuelan equine

encephalitis virus i. variabilis andAmblyomma cajennese, respectively (Johnat al.,
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2000; Turellet al., 1997). This method is not the most suitable method of infecting ticks,
as the natural route of entry of pathogens in most cases is through the mouth and into the

gut lumen (Burgdorfer and Varma, 1967).

Capillary feeding of ticks was originally reported by Chabaud in 1950, anthlater
1954, Burgdorfer described the method in detail for infedlingndersoni and
Amblyomma maculatum with Leptospira Pomona an@. andersoni with rabies virus
(Burgdorfer, 1957). In this method the glass tubes were pushed over the hypostome and
chelicera of the ticks under a microscope and plasticine blocks were used to hold the
capillaries in position. Several other researchers have recently usetethizd of
infecting various tick species with pathogens (Bouwkieegt., 2010; Inokuma and
Kemp, 1998; Rechast al., 1999; Willadsemt al., 1984). Broadwater and coworkers
successfully used this method for feedirgdes scapularis ticks withBorrelia
burgdorferi (Broadwateet al., 2002). In 2001, Maculoso and colleagues used glass
micro-capillary tube feeding for colonizirig variabilis ticks with Rickettsia species and
showed the transovarial transmission of tHeiskettsial organisms in ticks upon feeding
to repletion on rabbits (Macalusbal., 2001). Kocan and colleagues were able to
capillary feedD. variabilis ticks with Anaplasma marginale and suggested the potential
of this feeding method for identifying aspects of pathogen-vector int@nadtiat are not
readily recognized in naturally feeding ticks (Koahal., 2005). The advantages of this
feeding method is to introduce uniform inocula to ticks and the elimination of expense
and mortality in laboratory animals, which is the standard method for feecksqg ti

(Broadwatelet al., 2002; Burgdorfer, 1957).
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Salivainduction in ticks

Previous literature cites three methods of inducing salivary secretigodiah i
ticks. They are application of pilocarpine, intra-hemocelomic injection of dioyaesnd
tactile stimulation of the mouth parts of the ticks. In 1960, J. D. Gregson demonstrated
the collection of saliva iD. andersoni ticks by appropriate tactile stimulation to the
chelicerae and by fitting a capillary tube of critical diameter ¢vemouth parts

(Gregson, 1960).

In 1967, R. J. Tatchell, reported that hypodermic injections of pilocarpine in saline
into the hemocel dBoophilus microplus ticks produced six times more saliva than from
tactile stimulation alone (Tatchell, 1967). Ribeiro and coworkers showed thatrpiloe
induced saliva of adult femalgodes dammini ticks inhibits the function of peritoneal-
derived rat neutrophils (Ribeie al., 1990). Pilocarpine application was also used to
detect pathogens in tick saliva (Ewietcal., 1994; Gaget al., 1992). Gage and
colleagues detected rickettsial organisms in tick saliva, which was indyd¢egital
application of 5% pilocarpine solution resulting in collection of as much as 1-5 pL of
saliva from partially engorgeld. andersoni ticks (Gageet al., 1992).Borrelia
burgdorferi was detected from saliva of partially engordpemties scapularis ticks by
application of 2uL of pilocarpine (50mg/mL in 95% alcohol) to the scutum of these ticks

(Ewinget al., 1994).

The neurotransmitter dopamine is released from the salivary nerveoéiekis,
which results in activation of adenylate cyclase and formation of e (Saueret

al., 1995). Certain drugs and neurotransmitters have been known to induce salivary
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secretions in ticks (Needham and Sauer, 1979). Treatment of dopamine or t4lic A
and theophylline significantly increases saliva production in ticks (Saakr 1995).
Jaworski and colleagues used dopamine and theophylline to induce sa&imial yomma
andDermacentor; 1mM dopamine, 1mM theophylline and 3% dimethyl sulfoxide in
saline injected intracelomically every 15 minutes could induce saliva ie émgprged
ticks (Jaworsket al., 1995). This method was also usedfoamericanumto induce
saliva for studying its characteristics (Madaal., 2004). Detection of pathogens in
saliva is essential to confirm whether the pathogen is present in the salivastricted

to other tissues of the tick. (Gagfeal., 1992).

Utilization of chitin by bacteria

Chitin is one of the most abundant biopolymers in nature, second only to cellulose.
In nature chitin is produced by fungi, arthropods, and nematodes. Chitin is composed of
monomers of N-acetyl-D-glucosamine (NAG) linked togethep-y-4)-glycosidic
bonds (Merzendorfer and Zimoch, 2003). Chitinase enzymes hydrolyze chitin polymer to
chitobiosan (dimer) and then to NAG. Many marine bacteria utilize this abundant source
of chitin. Marine bacteria depolymerize chitin with cell surface hydrolesB\G
(Zobell and Rittenberg, 1938). Both gram-positive and negative bacteria haved\&AG a

main constituent of their peptidoglycan cell wall, and it has been shown to be aerexcell
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source of nitrogen and energy. NAG has also been shown to be preferentially taken up b
marinea-proteobacteria (Cottrell and Kirchman, 2000). Among non-marine bacteria, the
studies on NAG transport have been performetl oli, Bacillus subtilis,

Saphylococcus aureus andVibrio furnissii (Bassleret al., 1991; Imadat al., 1977;
Plumbridge, 1990B. subtilis was found to utilize 90% of the NAG intake for producing
cell wall precursors, and possesses a high affinity transport system @(fNAeset

al., 1970; Mobleyet al., 1982).

Chitin functions as a structural scaffold in arthropods, and supports the cuticle,
trachea, and peritrophic membrane lining the gut epithelium (Merzendorf&irandh,
2003). Insect growth and molting depends on chitin production and remodeling. In ticks
chitin is one of the important components of the cuticle, which provides physical
strength, muscle attachment sites, and protection from dehydration, andnpésgeatial
role in molting (Sonenshine, 1991). Tilly and coworkers have shown that chitin mutants
of Borrelia burgdorferi were unable to utilize chitobiose due to dysfunctional chitobiosan
transporter genes (Tillgt al., 2001; Tillyet al., 2004). Piesman and colleagues, based on
their observation dBorrelia growth inlxodes scapularis ticks speculated that the
unusual decline in the spirochete number in molting ticks may be due to the depletion of
chitin by ticks, making it unavailable for bacterial growth within thedest{Piesmaet
al., 1990). Heavy infections d. burgdorferi in tick eggs may affects normal growth of
the developing eggs and interfere with chitin deposition on the eggs (Burgeaifer

1988; Piesmast al., 1990).
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Francisella sp. have been shown to form biofilifkéassetet al., 2003; Verhoeven
et al., 2010). Biofilm formed by bacteria play an important role in environmental
persistence and disease transmisgtoancisella tularensis subspecies encode two

conserved putative chitinase gen@lsiA andChiB (http://www.patricbrc.org/(Snyderet

al., 2007). Margolis and colleagues have shown that biofilm formation and chitin
utilization inF. tularensis ssp.novicida is diminished irChiA or ChiB mutants when

chitin was the sole source of available carbon (Margbhs., 2009). A number oF.
tularensis strains have been isolated from different tick species, and chitin utilizatipn ma

be important during the tick infection stage of this bacterium.
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CHAPTERI 11

BIOLOGY OF FRANCISELLA TULARENSIS SUBSPECIESHOLARCTICA

STRAINLVSIN THE TICK VECTOR DERMACENTOR VARIABILIS
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Abstract

They-proteobacteriunfrancisella tularensis causes seasonal tick-transmitted
tularemia epizootics in rodents and rabbits and incidental infection in humans. To study
the biology ofFrancisella tularensis in the tick vectors, colony-reared larva, nymph, and
adultDermacentor variabilis were artificially capillary fed (CF) a meal containing 10
CFU/mLF. tularensis subspeciekolarctica strain LVS (live vaccine strain) via fine bore
capillaries tubes fitted over the tick mouthparts. After the feeding periocwleof
colonization and distribution in tick tissue were determined. CF larva and nymeh wer
initially colonized with 8.8+0.8x1tand 1.1+0.03x10CFU/tick, respectively, followed
by a decline in colonization to less tharf OFU per tick at molting. After molting, the
colonization increased to 5.2 + 0.01 %&Hhd 1.02+0.39x10CFU per molted nymph and
adult tick, respectively, and persisted in 60% of molted adult ticks at three months post-
CF (PCF). In the CF adult ticks, tularensis initially colonized the gut and disseminated
to hemolymph and salivary glands by three weeks PCF and was found to persist up to 6
months PCF. WheR. tularensis was introduced via intra-hemocelic (i.h.) injection in
adult ticks, a minimum of one CFU per tick was required to establish colonizatioR, and
tularensis was detected in saliva four days post i.h. injectiancisella tularensis in
tick salivary glands was infectious to mice with an infectious dose 508 @D2 CFU
via i.p. injection. In gravid female ticks infected wkhtularensis via the i.h. route, the
bacteria disseminated to the ovaries and subsequently to the ova, but the pathogen was

not recovered from hatched larv@®Ermacentor variabilisis a potential vector fd¥.
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tularensis in the south-central tularemia endemic region of the United States, and the
reason for the persistence of this disease is due to the mainten&ntdafensisin

nature by the annual enzootic cycle of tularemia in ticks and small mamnyicas
This study demonstrated tHat variabilisis an experimental vector fét. tularensis. The
long-term persistence &1 tularensisin D. variabilis adults suggests bacteria can
potentially overwinter in the tick and may carryover the infection from oaetgethe

next maintaining the persistence of tularemia in the region.

Introduction

Francisdllatularensisis a highly infectious, gram-negative, coccobacillus that
causes tularemia epizootics in small mammals and incidental infections indluma
(Goodmaret al., 2005; Jellison, 1974; Sjostedt, 2007). Althokgkularensis can infect
a wide range of animal hosts, including reptiles and birds, maintenance of thenagent
particular endemic region involves small mammalian hosts, which maintainifcsigt
tick or biting insect parasitic cycle acting as transmission vectoFs fatarensis
(Goodmaret al., 2005; Jellison, 1974). Ticks have been implicated as the primary vector
for F. tularensis in many endemic regions, but biting flies and mosquitoes also can serve
as primary vectors. Flies and mosquitoes are mechanical vectart@rensis, butF.
tularensis colonizes and persists in ticks, and can therefore serve as biological vectors

(Jellison, 1950; Staples al., 2006).Francisella tularensis have co-evolved with ticks as
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demonstrated by the presencd-oéncisella-like endosymbionts in many tick species.
TheseFrancisella-like endosymbionts have a 100% penetrance in symbiotic tick
populations, reproductive tissue predilection and vertical transmission (Reddrial .,
2009; Niebylskiet al., 1997; Scoles, 2004; Sehal., 2000). Although ticks and their
hosts are reported to maintain tularemia enzootic cycle in nature, littteven about the
biology of F. tularensis in ticks.

Rodent and lagomorphs serve as primary hosts and their associated tick specie
act as vectors in the endemic foci of tularemia in the United States catdnpirise
Arkansas, Missouri, and Oklahoma (Calhoun, 1954; Hopla, 1960). In Oklahoma, human
tularemia occurs in a summer seasonal pattern likely mirroring teerssay of
tularemia in small mammals. The peaks of this seasonality are concuitreticky
guesting activity of adulDermacentor variabilis and nymphal and adukmblyomma
americanum. These tick species are thought to be the primary tick vectors for Human
tularensis in this region (Assadt al., 1968; Eisen, 2007; Scofieftlal., 1992). The cross
timbers and prairie-forest ecosystems in this hyper-endemic regiorpaiadly suitable
habitats for these ticks and 60-70% of human tularemia cases have been étikioke
bites (Eisen, 2007; Eisashal., 2008). BotlDermacentor andAmblyomma species have
been shown to be experimental vectorsHaularensis with transstadial transmission
from larva to nymph and nymph to adult (Bell, 1945; Hopla, 1953). Although
Francisella-like endosymbionts are transmitted transovarially in ticks, studies examining
transovarial transmission &f tularensisin ticks have reported conflicting results (Eisen,
2007; Hopla, 1953, 1974; Philip and Jellison, 1934). Detailed studies regarding vector

competency, tissue localization aRdcularensis multiplication inside the tick has not
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been reported. Ticks can be experimentally infected with infectious dneall®wing

them to feed on an appropriate host animal or by use of a variety of artifedaide
methods (Burgdorfer, 1957; Joheisal., 2000; Turell et al., 1997; Yourgyal., 1996). In
the current study capillary tube feeding (CF) was used to colbnizariabilis with F.
tularensis ssp.holarctica strain LVS. This method provides a uniform dose for ticks and
reduces the variability encountered when ticks are fed on infected aninzds\({Biteret

al., 2002; Kocaret al., 2005). In addition, it is often difficult to synchronize tick feeding
with the bacteremia when using animals to establish colonization in ticks and thes insur
the optimum acquisition of the pathogen (Bell, 1945; Eesah, 2009). In the current
study, the artificial method of chemically-induced salivation was aksd tesdetect the
presence oF. tularensis in tick saliva. Although this is the first report of the use of tick
oral secretions for detection Bf tularensis, this technique has been reported previously
for detection of other pathogens (Ewigt@l., 1994; Gaget al., 1992).

The present study was designed to determine the colonizing efficieRcy of
tularensis for D. variabilis ticks infected by the CF method and to determine the tissue
localization and transstadial transmissiorrofularensis in this tick vector. The results
presented in this study indicate tiatvariabilis is an experimental vector fér.

tularensis and may play a role as an inter-epizootic reservoir for tularemia in nature.
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Materials and Methods

Ticks, bacterial strain and growth conditions

Dermacentor variabilis larvae, nymphs, and adults were obtained from the Tick
Rearing Facility, Department of Entomology and Plant Pathology, Oklahonea Stat
University (Stillwater, OK). Larvae were collected followingdew® to repletion on
rabbits. Nymphs used were partially fed on sheep to approximately 4.5 mg/nympth. Adul
ticks used were unfed (flat adults), and those used for saliva induction experiraents w
allowed to feed on sheep for five to six days (partially fed adults). Fennsdesfor the
transovarial transmission studies were fed to repletion. Flat adult and péeiall
nymphs were weighed before and after CF to assess the CF success, and ongithose

0.4 mg weight gain were used.

Francisdlla tularensis ssp.holarctica strain LVS (ATCC 29684) was supplied by
the Oklahoma State Department of Health. Green fluorescent protein (GfFé&3eng
pFNLTP6gro-gfp plasmid (Maier et al., 2004) was a gift of Thomas C. Zhart (Medical
College Wisconsin, Milwaukee, Wisconsin), and electroporated-inidarensis. For
making electrocompeteft tularensis, Mueller-Hinton broth (Becton Dickinson,
Cockeysville, MD, USA) cultures supplemented with 2% IsoVitaleX (BectakiBson)
were grown to early-log phase (optical denatt$50 nm, 0.5 to 0.6 or 1xT0CFU/mL),
washed two times with 0.5 M sucrose, andpended in 1 ml of 0.5 M sucrose. For
electroporation, 1 df plasmid DNA (100 pg/ml) was mixed with 200 pL

electrocompetent cells, incubated at room temperatudd®forin and electroporated
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using a MicroPulser electroporation apparatus (BioRad, Richmond, California) at,2.9 kV
25 uF capacitance and 6Q0resistance for 5.3 msec. After electroporation the cells were
suspended in 1mL of Mueller-Hinton broth supplemented with 2% IsoVitaleX and
incubated at 37°C for 4 h. Transformed colonies were selected by plating chdxidin
infusion agar (Difco, BD Diagnostigystems, Sparks, MD) supplemented with 1%
hemoglobin and ampicillin (60 pg/mL) and kanamycin (25 pg/mL) for selection. The
transformation efficiency was 1.3x38ansformants/pg of plasmid DNA. The
transformedr. tularensis was used to infect ticks and to visualizgularensisin tick
hemolymphFrancisella tularensis was grown on chocolate agar plates (Hardy
diagnostics, Santa Monica, CA.) at 37°C in 5%,&072 h. The BBL Prompt

Inoculation System (BD Diagnostics, Franklin Lakes, NJ) was used tarpfep

tularensis suspensions in the tick inoculum. All chemicals used in the study were

purchased from Sigma (St. Louise, MO) unless indicated otherwise.
Capillary feeding of larvae, nymphs, and adult ticks

The ticks were surface disinfected by washing in 30% hydrogen peroxide,
distilled water, and 70% isopropyl alcohol for 5 seconds each. After washiragutie
ticks were immobilized dorsal sides up on double-sided tape in a 100 mm x 15 mm Petri
dish base. The ticks were then further immobilized by applying single sided tape ove
1/4"™ of their caudal portion. The larvae and nymphs were immobilized with their dorsal
side down on double sided tape on a Petri dish base. For @E,(k@lernal diameter of
0.0219 inch), QL (internal diameter of 0.0189 inch) and 85 (internal diameter of

0.0314 inch) glass capillary tubes (Drummond Scientific Company, Broomall, &x&) w
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used for larvae, nymphs and the adult ticks, respectively. The ends of the tubes were
positioned over the hypostome of the tick while the other end rested on the edge of the
Petri dish attached with a double sided tape (Broadwbétr, 2002). The feeding media
for larvae, nymphs, and adult ticks was Minimum Essential Media (MEM) (GIBC
Grand Island, NY) with 10% fetal bovine serum (Hyclone, Logan, UT.). Therfgedi
medium was spiked with. tularensis ssp.holarctica strain LVS at approximately 10

CFU/ ml. The tick meal was then introduced into the capillary tubes, and the &o&s w
allowed to feed for 12 to 24 hours at 30°C and 90% relative humidity. After feeding the
ticks were either surface disinfected by washing as above and minaktdoninations

of CFUs or were maintained in microcentrifuge tubes capped with moistened cotton
plugs for varying periods of time in a humidity chamber (relative humidity @9%) at

room temperature (23°C) (unless specified otherwise) with automated arti§bting

to simulate a 12 h day night cycle. To determine the bacterial number in tick gutysaliva
glands, and ovaries, these tissues were dissected under sterile conditions under a
dissecting microscope. Hemolymph was collected from the cut ends of tiggitep

sterile glass capillary tubes. The minced whole tick or the tick tissuesingeibated in

PBS containing 64g/mL ampicillin for 2 h at room temperature on a rotor platform
mixer (Boekel Scientific, Feasterville, PA.), serially diluted in RB&picillin solution

and plated on chocolate agar plates. CFUs were determined following incub&rS& at

in 5% CQ for 72 h.
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I mmunohistochemistry and real-time quantitative PCR

For immunohistochemical analysis, both infected and uninfected (ticks CF with
meal withoutr. tularensis) ticks were cut longitudinally ihalf on a median plane and
ovaries from gravid females were fixed in Carsons fixative, embedded wiffippaaad
sectioned and affixed to glass slides. After deparaffinizing, the sectemesncubated
with phosphate buffered saline with 0.05% Tween 20 (PBST) at RT for 15 min. and then
incubated at 37°C for 1 h with tularensis antiserum (Beckton Dickinson, Sparks,
Maryland) at 1:60 dilution in PBST. Adsorbed antiserum was used as negative control.
After washing the slides with PBST five times followed by a final washiitig avstilled
water, the sections were incubated with FITC conjugated secondary antibodyTraPB
37°C for 30 min (KPL, Gaithersburg, Maryland) at 1:60 dilution. The sections were then
washed in PBST twice, PBS once and finally washed with distilled water. i@ibs sl
were dried and visualized using Nikon Eclipse 50i epi-fluorescence microscope and a
Nikon digital sight DS-5M-L1 digital camera. For visualizifgtularensis in tick
hemolymph, ticks were CF with GFP-expresdimdularensis, hemolymph was collected
and placed directly on glass slide with coverslip and visualized using thei@m@sitent
microscope at 1, 2, 3, and 4 weeks PE#.RT-gPCR reactions a 97 bp producEof
tularensis insertion sequence-2 was amplified with the primers ISFtu2F and ISFtu2R
(Versageet al., 2003). Each sample was analyzed using Fast SYBR green master mix on
an AB7500Fast Reallime PCR System (Applied Biosystems, Foster City, CA.).

During each analysis a negative control (no template) was processed and the
amplification product was confirmed by analyzing the dissociation curve. RT-PCR

reaction (20 puL) had 10uL Fast SYBR green master mix, 6ul DNase Ridasedter,
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1pL forward primer (ISFtu2F), 1uL reverse primer (ISFtu2R) and 2uL teen@gtling
conditions were 95°C for 20 seconds, followed by 34 cycles of 95°C for 10 seconds and
60°C for 30 seconds. Genome equivalents (GE) were calculated based on standard curves
obtained by plotting threshold cycle value and different concentratidhswfrensis

DNA. The final value for each sample is calculated by multiplying withdthetion

factor. The samples used for PCR were total DNA from ticks (tick miaaedtOOul

PBS) extracted using DNeasy Tissue Kit (Qiagen, Valencia, CA.), Vilaleelution

volume of 50uL.
I ntra-hemocelic injection and saliva induction in ticks

To determine the lowest infectious dose for ticks and to colonize gravid females
and partially fed adult ticks, 1pL of the inoculum containing approximatéCEQ/mL
of F. tularensis ssp.holarctica strain LVS in PBS was injected i.h. in the ventral region
of the tick, medial to the caudal most coxa using a 10uL custom made Hamiltagesyri
with a 0.5 inch, 33 gauge needle (Hamilton Company, Reno, NV.). Injection of gravid
females was done in the left or right spiracles. For the detectiertaarensisin tick
saliva, partially fed adult ticks were injected i.h. withtularensis, and the ticks were
held in a humidity chamber at 27°C. For collecting the saliva, partiallly.fadarensis
infected adult ticks were immobilized dorsal side up on double sided tape. Ticks were
then injected with approximately 4 uL of 1 mM dopamine, 1 mM theophilline and 3%
dimethyl sulfoxid in PBS (pH 7.3) (Jaworsdtial., 1995) every 15 min. for 1 h (at

RT=23°C). Saliva was collected in 10 pL glass capillary tubes (Drummoentific
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Company, Broomall, PA) placed over the hypostome of the tick. The capillaryaiube f

collecting the saliva was held in place using modeling clay (Fig. 1).

I nfectivedose 50 in BAL B/c mice

To determine the infectivity d¥. tularensis recovered from ticks, salivary glands
from four partially fed adult ticks (infected with tularensis four days previously via i.h.
route) were excised by dissection under sterile conditions and minced in 2005uL PB
containing 64pg/mL ampicillin at four days post injection (P1). The saligknyds were
diluted in PBS-ampicillin to make the appropriate inoculum size. Figergrental
groups of BALB/c mice (six mice in each group) were injected i.p. with 0F%, 0.5
CFU, 5 CFU, 71.3 CFU, and 493 CFU respectively. Control group of five mice was
injected with uninfected tick salivary gland in PBS-ampicillin.To deteenthe infective
dose 50 of laboratory culturéd tularensis, four experimental groups of BALB/c mice
(six mice in each group) were injected i.p. with 1.3 CFU, 12.9 CFU, 64 CFU, and 129
CFU, respectively. Control group of four mice was injected with PBS aloneid®, m
were observed twice daily, and mice showing clinical symptoms (ruffleddad)
huddling, lethargy, and decreased mobility) were euthanized. The liver aed smee
aseptically removed from the mice, weighed and homogenized. Blood was ddlieate
the heart immediately after ethanization and serial 10-fold dilutions wereandd#ated
on chocolate agar plates. CFUs were counted after 72 h of incubation at 37°C and 5%
CQO,. The data from the experiment was used to calculateuding the Reed-Muench

method (Lennette and Schmidt, 1964).
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Statistical analysis

Francisdlla tularensis colonization in different groups @. variabilis ticks
during adult colonization, transstadial transmission from larva to nymphsyamgh to
adult were compared by using 1-way analysis of variance on log-transfortaed da
followed by pairwise multiple comparison of mean CFU values using Holm-Sislsk te
Overall significance level for Holm-Sidak tests vilas 0.05. The same method was also
used to compare. tularensis tissue colonization of two months PCF adult ticks. Mann-
Whitney Rank Sum test was performed to determine the statistical diéerethe mean
CFUlinfected tick between molted adult male and ferDabeariabilis. All statistical
analyses were performed with SigmaPlot v11.0 software package (Sgftaare Inc.,

Chicago, IL).

Results

Francisdla tularensis colonization of D. variabilis larvae and transstadial

transmission to nymphs.

Significant difference in the colonization Bftularensis at different days PCF
was observed (ANOVAE = 7.96, degrees of freedom (df) = 6, B3 0.001). The
degree to which larvae took in the capillary fed meal was not ascertaiyaltaght
change in larvae, so only the ticks which were positivé&foularensis was used for the

experimental analysis. At one-day PCF, 15.8% of larvae exhibited colonizatioa wit
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mean colonization level of 8.8+0.8xX1GFU/larva. This % colonization by capillary
feeding was the lowest among the various stages of ticks used in this studgwr his |
percent colonization may reflect a technical difficulty for larvae to aedqualonization

by F. tularensis rather than a biological factokt our experimental holding conditions
(RH=95% and mean room temperature of 20°C), the larvae molted to adults in 18 days
PCF. Post moltingf. tularensis CFU/tick increased, reaching 5.2 + 0.01 %@FU/tick

after five weeks, demonstrating the transstadial transmissiertdfrensis (Fig. 2).
Significant difference in the mean colonization levels between two weekisva weeks
PCF (unadjuste® < 0.001) was observed indicating bacterial multiplication within the
ticks after molting. When the ticks were held at 23°C, mortality of lanase w
approximately 50% irrespective Bf tularensis colonization, and the number I6f

tularensis colonized (molted) nymphs was extremely small. However, when the holding
temperature was reduced to 20°C, the percentage mortality was ddaiedshe number

of F. tularensis colonized (molted) nymphs was higher (data not shown).

Francisella tularensis colonization of D. variabilis nymphs and transstadial

transmission to adults.

No significant difference in the colonizationfeftularensis at different days PCF
was observed (ANOVAE =1.2, df = 12, 194 = 0.29). The degree to which nymphs
fed was ascertained by comparison of pre-feeding and post-feeding weights.
Approximately 30% (>3mg/nymph weight gain post-feeding) of CF tiake colonized
with a mean level of 1.1 + 0.03 x’1GFU/nymph at one day PCF. Considering only those

nymphs that ingested the initial inoculum, 100% remained colonized for 14 days, but the
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infections declined towards molting to adults at 28 days, at which time 7/15 were
negative forF. tularensis by culture indicating either the colonization was too low to be
detected or these ticks may have cleared the infection. Interestinglyn@hs molting

at 28 days had clear&dtularensis colonization and only 2/8 colonized nymphs molted

by 28 days, suggesting that colonization may prolong the time to molting. A piggress
decline in the level of colonization between day 1 PCF and molting at day 28 was seen.
Following molting to adults, the percent of molted colonized adults remaineigellat
constant at 60% for PCF between days 42 to 84, and the mean colonization level was 34
+ 45 at PCF day 28 and changed to 1.02+0.39&FU/molted adult at day 49 PCF. The
level of colonization varied considerably in molted adults and ranged frbi 10’

CFUftick (Fig. 3 A & B). No correlation between weight gain in nymphg atipillary
feeding and-. tularensis colonization level in nymphs up to 7 days PCF was observed.
The majority of the nymphs were colonized with an average value' @RI0/nymph
irrespective of the weight gain (Fig. 4). Correlation between weight gaipmphs and

F. tularensis colonization level in molted adult ticks after 2 months PCF was also not
observed (Fig. 5). Among the molted adults, the number of female ticks colonized (60%
was more than males (48%), however, the average CFU/tick in both males aled fema

were similar P = 0.94) (Table 1).

Francisdla tularensis colonization of D. variabilis adults and lack of transovarial

transmission to hatched larvae.

For unfed adults, CF resulted in 57% becoming colonizedwiti arensis at

107 to 10" CFU/tick for 28 days PCF (Fig. 6). Those ticks not colonized appeared to have
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not ingested the inoculum, because their weights did not increase after fé&mling
significant differences were observed in the overall mean colonizatios Feveldult

male versus female ticks at time up to 28 days PCF and difference in catonieatls

in ticks at different days PCF (ANOVA: = 2.7, df = 4, 74P = 0.07) was also not

observed. Tick mortality of approximately 10% was observed in both colonized and non-
colonized adult ticks (data not shown). In order to examine persistence of cabonizat

one batch of 30 unfed adults were ERularensis andheld in a humidity chamber for

182 days PCF. Of these 12/30 survived to 182 days PCF of which only 3 were colonized
with 10° to 16 CFUtick. The survival rate of adult ticks GFtularensiswas similar to

that for ticks CF meal lacking. tularensis.

To test whether transovarial transmissioffr aularensis to larvae occurs, adult
femaleD. variabilis ticks were allowed to feed to repletion on sheep and subsequently
inoculated i.h. with approximately 1@CFU/tick. The ticks were held in a humidity
chamber until oviposition was completed, and the eggs hatched into larvae. After
dissection of the infected gravid female ticks at 14 dayB.Rljarensiswas detected in
hemolymph, gut, Malpighian tubules, and ovaries (Fig. 7); but only 1/11 egg masses were
positive forF. tularensis by culture or RT-qPCR. However, in a second experiment in
which the ambient holding temperature of the colonized female ticks was changed from
23°C to 27°C, 7/8 of the egg masses were colonized at 3.20 + 0.DZKWPegg mass
and the female ticks post-ovipositing were colonized at 3.98%CIFU/tick. Francisella
tularensiswas not detected in ova deposited during the initial five days of oviposition,
but became positive fdt. tularensis from around 7 days after the start of egg laying

(Table 2). Eggs hatched to larvae between 20 and 30 days post-ovipositing, but
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transovarial transmission &f tularensisto larvae was not detected by either culture or
RT-gPCR in these larvae. At high levels of colonizattartularensisinfectionmay

interfere with hatching as demonstrated by one egg mass colonized WEFWOLO0

eggs from which no larvae hatched (Table 3). To better understand how ova were
colonized, but hatched larvae were not, ova were examined microscopically usin
immunohistochemical technique for detectiorFofularensis. The bacteria were
demonstrated in the outer tunica propria and shell of ova, but not in the ova cytoplasm
(Fig. 8 A-D). The fecundity of ticks was not affectedfbyularensis infection when

ticks were held at 23°C as compared to uninfected ticks. However, the mean sgg mas
weight of F. tularensis from infected ticks was lower (164mg) when compared to

uninfected ticks (320mg) when ticks were held at 27°C (Table 3).

Deter mination of inoculum dose of F. tularensis necessary to establish colonization

in adult D. variabilisticks.

As shown in Table 4, an inoculum dose of only 1.5 CFU/tick (n = 5) was
sufficient to establish colonization in ticks by day 14 Pl compared to higher itiooula
doses which established colonization in 100% of the ticks at day one PI. The level of
colonization in ticks inoculated with 1.5CFU/ tick was 4.36 + 13 CFU/tick. Mortality was
similar to that of the controls up to 14 days post i.h. for tick inoculated WitEEO F.

tularensig/tick (data not shown).
Tissuelocalization of F. tularensisin adult D. variabilis ticks.

To determine the tissue dissemination in capillary fed &luwlariabilis ticks,

ticks were dissected at various times PCF and the le¥eltolfarensis present in gut,
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hemolymph, and salivary glands determined. As shown in Fig. 9, the primary site of
F. tularensis colonization was the tick gut through day 14 PCF. By day 21 PCF,

F. tularensis colonization extended to the hemolymph and salivary glands. Microscopic
examination of these tissues using immunohistochemical staining showed heanocyte
the hemolymph were heavily colonized Bytularensis (Fig. 10 A-D). The bacteria were
observed free in hemolymph and also seen colonizing the granulocytes and
plasmatocytes. Adult ticks colonized as nymphs exhibited colonization primaglt o
tissue (8.9x1BCFU/tissueltick) and salivary glands (1.6%TEU/tissueltick) with only

low levels of colonization of hemolymph (1.9X0FU/tick) at 2 to 3 months PCF

(ANOVA: F=11.12,df =2, 29 =< 0.001) (Fig. 11).
I nfectivity of micefrom F. tularensis colonized in tick salivary glands.

As shown in Fig. 12, disseminationfeftularensis from the hemolymph into gut
and the salivary gland occurred within two days P, Rrtdlarensis was secreted into
the saliva of 2/5 ticks after four days Pl with a mean level of 1.0 + 0.6680/uL
saliva/tick and 3/5 ticks with a mean level of 1.12 + 0.£X2BU/uL saliva/tick after 6
days PI respectively. The ipfor F. tularensis in tick salivary gland in BALB/c mice by
IP injection was 2 CFU as compared to 43 CFU for laboratory culkurediarensis
(Table 4 & 5). Liver, spleen and blood of the euthanized mice at their clinical end point
was harvested and mean bacterial counts determined which were’CBY1g),
1.6x10CFU/g, and 2.8x1TFU/mI, respectively (Fig. 13 A). Immunostained sections of
diseased mice liver and spleen showed that liver hepatocytes and splemviepzlls

heavily colonized b¥. tularensis (Fig. 13 B & C).
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Discussion

Colonization of bottD. variabilis larvae and nymphs with. tularensis by CF
was demonstrated. The efficiency of CF for partially fed nymphs was 88&seas the
feeding efficiency of engorgdd. variabilis larvae and nymphs was less than 10%. The
higher percentage of feeding and subsequent colonization of partially fedheas
compared to engorged larvae and nymphs could be due to the fact that the pedttially
nymphs were not fed to repletion on sheep making them more responsive to CF, whereas
the engorged larvae and nymphs were fed to repletion on rabbit and sheep, respectively
making them less accepting of CF. We did not observe any increase in méstality
infected nymphs or larvae. We also observetlilarensis transstadial transmission from
larva to nymph as well as from nymph to adult. Although the transstadial route of
transmission was reported previoushDnvariabilisticks by feeding offr. tularensis
infected lab animals (Bell, 1945; Philip and Jellison, 1934), this is thedpstt of this

mode of transmission after infecting the tick by CF.

Long term maintenance 6f tularensisin D. variabilis ticks was also explored to
determine whether ticks could maintain infection throughout the overwinteriragperi
The overwintering periods in ticks will vary with latitude, but in eastern antlate

United States this period may last up to 5-6 months (Burg, 2001; Ketllalrs 2000;
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Sonenshine and Mather, 1994). The life stagd3. @@riabilisticks which overwinter in

the natural environment are the larvae and the adults (Burg, 2001; Sonenshine, 1972).
Molted adults which were infected wikh tularensis as partially fed nymphs were shown
to maintainF. tularensis for 3 months (time at which study was discontinued), while
unfed adults infected with. tularensis maintained the colonization for 5.5 months. The
high level ofF. tularensis colonization per molted adults was also reported in naturally
infectedD. variabilis ticks collected from Martha’s Vineyard, Massachusetts (Goethert
and Telford, 2010). These results suggest that &dwtriabilis ticks could maintain the
bacteria through the winter period, and therefore may be an importantpiteote
reservoir for tularemia in its enzootic area. Although we did not hold the ticks under
extreme cold conditions simulating natural overwintering period, ticks surviyadnid

F. tularensis maintenance was higher at colder temperatures (data not shown). This
higher level of infection based on the holding temperature has also been reportdld by Be

and colleagues (Bell, 1945).

Transovarial transmission Bf tularensisin D. variabilis ticks was first reported
in 1936, but could not be replicated in later experiments (Bell, 1945; Francis, 1927). We
have demonstrated temperature dependent transmisdiotutdrensis to the tick egg
shell and the tunica propria, but not to the cytoplasm of the ova which may explain the
lack of infection in any of the hatched larvae. Negative results on RT-gPCR also
confirmed that the hatched larvae were not infected tithlarensis. The failure of
hatching of one of the heavily infected egg masses also suggests that the high number of
F. tularensis may harm egg development, a phenomenon also s@&eanriglia infected

ixodid ticks (Burgdorfeet al., 1988). Further studies on transovarial transmission in ticks
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using recently characterized subpopulations antongarensis (Petersen and Molins,
2010), by holding the infected gravid females at different temperatuebyanfesting

the hatched larvae on ecologically relevant host may shed more light in tke mat

The infective dose df. tularensis for D. variabilis by CF method was not
determined because it was not practical to determine the exact amount of fitkkaea
in by each tick. Even though i.h. is not a natural route of infection, the low infective dose
for this route would indicate that these ticks could be susceptible to infectferdiyg
on infective blood which has been reported to reach high levels of bacteremia {(Eisen e

al., 2009).

Quantitative determination &f. tularensis dissemination in tick tissues suggested
that after the initial multiplication d¥. tularensis in the gut of tick, bacteria disseminated
into the hemocel, infecting hemocytes and other tissues including Malpighiarstubule
ovary and salivary glands. However, the long term associatiBntolfarensis was
primarily in the gut tissues. The current study is the first report of gteragtic
guantification ofF. tularensis infection in tick tissues. Edward Francis in 1927 described
the qualitative microscopic changedinandersoni ticks afterF. tularensis infection and
found thatF. tularensis was not disseminated to the ovary and salivary glands (Francis,
1927), which may be due to differences in tick species or subspecies or subpopulation of
F. tularensis used in that experiment. Althoughtularensisis known to be transmitted
via tick bites, this is the first report Bf tularensis in the saliva of a tick vector. The
chemically-induced saliva secretion technique used herein to demoRstidsgensis in

saliva ofD. variabilis ticks has been used previously to study physiological components
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of tick saliva and also for detection of other tick borne pathogens (Eavahg 1994;
Gageet al., 1992; Jaworsket al., 1995; Maddemt al., 2004). Finally, the virulence &
tularensis recovered from the tick salivary gland was also determined by catcuibé
IDso which was found to be one log less than for laboratory culteradarensis.
Components of tick saliva have been shown to increase the virulence of various tick
pathogens including. tularensis by suppressing host immune response (Bowehah,

1997; Horkaet al., 2009; Krocovaet al., 2003).

The CF method of infecting the ticks is an efficient method of colonizing tick
with their pathogens and is useful in understanding the basic biology and molecular
interactions involved in the tick-pathogen interaction. This method was espesieill
with F. tularensis which is highly pathogenic to laboratory animals used as host for
feeding the ticks. The data herein suggestshgariabilisis a biological vector foF.
tularensis. Bacterial multiplication was clearly demonstrated within these tickbtlee
bacterium was transmitted to a susceptible host via bite/saliva ofkhEdicticks to be
considered a natural reservoir of a causative agent, the agent has to bimedgimtde
tick population permanently, and in ticks this means it has to transmit the agent
transovarially. Transovarial transmission was not seen in our experimentsenptiese
studies demonstrated that the adult stage of this tick species was able Fo carry
tularensis for long periods, thus suggesting that this tick may be an inter-epizootic
reservoir in which infected adult ticks survive the winter and initiate another @nzoot
cycle in the springD. variabilis adults often feed on large mammals, including dogs and
humans (Eisen, 2007; Markowital., 1985; Schmidt al., 1983; Sonenshine, 1991).

Adult infected ticks with high number of bacteria/tick could likely function bedging
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vector forF. tularensis, transmittingF. tularensis from the enzootic cycle to incidental
hosts. Further research is needed to define the biology of virulent subpopulations of type

A and type BF. tularensisin D. variabilis ticks as well as in other relevant tick vectors.
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Table 1. Francisdlla tularensis colonization in molted aduD. variabilis.

D. variabilis Number of Number of Percentage of Mean Log*
ticks ticks infected ticks infected ticks CFU+SD/tick
Male ticks 66 32 48.5% 49+2.3
Female ticks 62 37 59.7% 49+2.1

*Mean Log CFU * standard deviation/tick in infect@dvariabilis ticks.
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Table 2. Transmission &t tularensisto D. variabilis eggs.

Tick Inoculum CFUs/100 eggs* CFUs/100 eggst
CFUs/gravid tick
1 3x10 0 1xto
2 6x10 0 1x10
3 6x10 2 1%10
4 3x10 0 3x10
5 3x10 0 6xi0
6 3x10 0 6x10

*Egg masses oviposited between day 1 to day 7 of oviposition.
TEgg masses oviposited between day 8 to day 15 of oviposition.
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Table 4. Determination of infectious doseFofularensis
necessary to establish colonization of a@ulvariabilisticks.

% Colonized per inoculum dose

Days PI , - :
1.5 CFU/tick 12.5 CFU/tick 140 CFU/tick
Day 1 0% (n=5) 40% (n=10) 100% (n=10)
Day 7 0% (n=5) 80% (n=10) 100% (n=10)
Day 14 40% (n=5) ND* ND*

* Data not collecte
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Table 5. IR, of laboratory cultured. tularensis via i.p. inoculation in BALB/c mice.

Group Inoculum (CFUs Fraction of dead Percentage of
of. tularensis or sick mice dead/sick mice
A 1.3 0/6 0%
B 12.9 0/6 0%
C 64.3 5/6 83.3%
D 129.0 6/6 100%
Control Nil* 0/4 0%

* Control group was inoculated with sterile phosphate buffered saline.
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Table 6. 1B of F. tularensis from D. variabilis salivary glands via i.p.
inoculation in BALB/c mice.

Group Inoculum (CFUs Fraction of dead Percentage of
of. tularensis or sick mice dead/sick mice

A 0.05 0/6 0%

B 0.5 2/6 33.3%

C 5 5/6 83.3%

D 71.3 6/6 100%

E 493 6/6 100%
Control Nil* 0/5 0%

* Control group was injected with uninfect®d variabilis salivary glands.
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Figure 1.Saliva induction irD. variabilisticks. The black arrows with brackets

indicates the saliva collected in the capillary tubes.
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was 10.

81



10 -
i ®
e
&
8 ° 9 ° o & ®
° 1)
e © ® o
e
g o ° . o
] o 1) ®
2 o e o e
@
(@) o @ ' %) ©
g 4{© i x ® X ° &
a ® e 1) x
ao 8 o o g o ° °
© © e
% ® x X ‘ % (€]
o
2 - 5 (§ 8 S}
o 8 R ° 1)
© o o 1)
0- © ® © 8 o ® o e €& €
0 7 14 21 28 35 42 49 56 63 70 77 84
Days PCF

100

90 -

80 -

70

60 -

50

40 H

Yopastiveticks

30

20

10

O — T T T T T T T

o 7 14 21 28 35 42 49

Days PCF

56 63 70 77 84

Figure 3. (A)Francisellatularensisis transmitted transstadially from nymphs to

adults. Open circles are capillary fed nymphs and filled circles aredradiults

For each time point the n was k5 mean CFU/tick for each time point.

(B) Percentage of infected ticks in the same experiment.
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Figure 5. Correlation between weight gain after capillary feeding of

D. variabilis nymphs and. tularensis colonization in molted adult
ticks after 2 months PCF. Filled circles represent individual CF adults.

(R*=0.16) (n=25)
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Figure 7.Francisella tularensis colonization of gravid femalb. variabilis
ticks PI. For each time point the n was 5. Error bars indicate standard

deviation.
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Figure 8.Immunostained sections of infected tick oMaularensis colonizing

the tunic propria and shell &f. variabilis ova. (A & B) 400x magnification.

(C&D) 500x magnification.
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Figure 9. Tissue disseminationfftularensisin adultD. variabilisticks PCF.

Solid black bar- gut, white bar with diagonal lines- salivary gland, white bar
with dots- hemolymph. For each time point the n was 5. Error bars indicate

standard deviation.
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Figure 10. (A) Immunostained sections of infected adult tick gut infected with
F. tularensis. (B) Immunostained sections of infected adult tick salivary gland
acini. (C) Overlapped image of tick hemocytes infected with GFP exprdssing

tularensis. (D) Fluorescent image of the same tick hemocytes. (400x magnification)
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Figure 11. Tissue disseminationfotularensisin adultD. variabilis

2-3 months PCFSolid black bar - gut, white bar with diagonal lines - salivary
glands, white bar with dots - hemolymph. For each time point the n was 10.
Error bars indicate standard deviatiodnadjusted® = 0.008,

+» unadjusted® < 0.001.
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Figure 12. Tissue disseminationfotularensisin adultD. variabilis

ticks Pl Solid black bar - gut, white bar with diagonal lines - salivary
glands, white bar with dots — hemolymph and white bars with cross
marks — saliva. For each time point the n was 5. Error bars indicate

standard deviation.
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was 5. Error bars indicate standard deviation. (B) Liver hepatocyi viité F.

tularensis. (C) Spleen section filled with tularensis (immunostained liver and spleen

section, 400x magnification).
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CHAPTER IV

BIOLOGY OF FRANCISELLA TULARENSIS SUBSPECIESHOLARCTICA

STRAINLVSINTHE TICK VECTOR AMBLYOMMA AMERICANUM
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Abstract

Francisdla tularensisis the causative agent of tularemia, a tick transmitted
disease of rodents and rabbits in its natural habitat and also causes occasiorzdsoutbre
of the disease in higher mammals including humans. The current the focus of human
tularemia outbreaks in the United States is mainly seen in certain erateascof which
the major one is located in the south-central United States comprised of Arkansas,
Missouri, eastern Oklahoma and southeastern Kansas. All of the factors relepinsi
the persistence @f. tularensisin this highly endemic area are not knovmblyomma
americanumis the most abundant tick species in this tularemia endemic region, and it is
known to be a vector fdt. tularensis. The objective of this research is to investigate the
persistence, dissemination and stage to stage transmiss$iotulairensis in the tick
vectorA. americanum. For this study, colony-reared larva, nymph, and adlult
americanum ticks were artificially capillary fed (CF) a tick meal containing
approximately 10CFU/mLF. tularensis via fine bore capillaries tubes fitted over the
tick mouthparts. After the feeding period the level of colonization and ticletiss
distribution were determined. CF larva and nymph were initially colonizédx1d
and 1.3+0.01x10CFUttick, respectively. For larval ticks colonizationfoftularensis
declined to less than 4@FU per tick at molting. After molting. tularensis colonization
per tick continued at approximately?dOFU/nymph and then at two months post-CF
(PCF) increased to 1x1@CFU/ nymphFrancisella tularensis persisted in 50% of molted

nymphs after 168 days PCF with 1.0+1.9%C&U/nymph. For nymphal ticks PCF,
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tularensis colonization continued to decline after molting, &adularensis was

recovered from only one adult tick out of 25 live ticks at 84 days PCF. In the CF adult
ticks, F. tularensis initially colonized the gut and disseminated to hemolymph and
salivary glands by 24 h PCF. WhEntularensis was introduced via intra-hemocelic
injection (i.h.) in adult ticks, a minimum of one CFU per tick was required to establish
colonization, andr. tularensis was detected in saliva after 48 h post i.h. injection.
Injection ofF. tularensis via i.h. route into gravid females resulted in recovery of bacteria
from the ovaries. However, transmissiorFotularensis to eggs was infrequent and the
level of colonization was low. Transovarial transmission to hatched larvae was not
observed. This study demonstrated thaamericanumis an efficient experimental vector
for F. tularensis, and the long term persistenceFotularensis in A. americanum nymphs
suggests that infected nymphs could potentially overwinter and carryover ttteomte

the following spring in the endemic area.

I ntroduction

The epidemiology of human tularemia in the United Sates has changed in terms of
both the transmission route as well as the geographical distribution in the lgsat0
(Eisen, 2007; Hopla, 1974, Jellison, 1974). In the first half of the twentieth century

tularemia was mainly seen as a disease of rabbit hunters or in people who camadn c
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with infected rabbits by other means. The prevalence of tularemia wasm ldgbtern and
central States including Virginia, Tennessee, Georgia, Kentucky, Olssissippi and
Louisiana (Jellison, 1974). The current focus of human tularemia is mainly in the sout
central United States comprised of Arkansas, Missouri, eastern Oklahoma, and the
southeastern Kansas. The primary mode of transmission of Harhdarensis in this

region is by tick vectors rather than through contact with infected rabbssn(E2007).

A number of ixodid and argasid ticks have been shown to trafstalarensis,
and stage to stage transmission has also been reported. However, demonstration of
experimental transovarial transmissiorFotularensis in these ticks has been
inconclusive (Bell, 1945; Francis, 1927; Parker and Spencer, 1926; Petrov, 1960; Philip
and Jellison, 1934). Among the common tick species seen in this south-centralitulare
endemic regionA. americanum is by far the most abundant (Browtal., 2011; Eisen,
2007; Hopla, 1960Amblyomma americanum is a three-host tick with the larval stage
feeding on small rodents and rabbits, whereas nymphs and adults feed on largetanamma
mostly deer, raccoon, and fox (Koch, 1984; Kolkiral., 2000; Patrick and Hair, 1977).
Amblyomma americanum ticks are not strictly host specific at any stage of its life cycle.
All three stages of the tick can feed on larger mammals including humans (Hopla, 1960)
Amblyomma americanum ticks have been found naturally infected whthularensis in
the south-central tularemia endemic region (Calhoun, 1954; Hopla and Downs, 1953).
The reports of infected larvae in nature also raise the possibility of transovaria
transmission in these ticks (Calhoun and Alford, 1955). C. E. Hopla studied experimental
transmission oF. tularensis in A. americanum and reported thd. tularensis can be

transstadially transmitted #. americanum from larvae to nymph and from nymph to
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adult. In additiorF. tularensis were shown to persist in the ticks after six months of

starvation (Hopla, 1953; Hopla, 1955).

Francisdlla tularensis has four subspecies of which type A (dsfarensis) and
type B (sspholarctica) are most frequently associated with tularemia outbreaks in the
United Stated-rancisella tularensis ssp.holarctica is moderately virulent and is often
associated with water-borne tularemia outbreaks, vitifelarensis ssp.tularensis is
highly virulent and follows a terrestrial transmission. The miajdularensis spp. seen in
the south-central tularemia endemic region is ssgrensis. With the recent findings of
several subpopulations withkn tularensis subspecies and their possible different
relationship with various hosts and vectors along with recent improvements in raolecul
level studies ofF. tularensis, provide a favorable research environment to study tick
vectorF. tularensis interactions at a molecular level. (Stapgeal., 2006; Binaet al.,

2010; Rodriguest al., 2009). In view of this a model for colonizifRgtularensis ssp.
holarctica stain LVS (live vaccine strain) iA. americanum ticks was developed to

characterize the biology of the bacteria in the tick vector.

The aim of this study was to systematically characterize the bioloGiF A.
americanum ticks and to determine the vector capacity of this tick to trarfsmit
tularensis. We conclude thak. americanum nymphs are able to maintditularensis
for longer time and this stage in the life cycle of the tick may play a role in the
transferring the infection from one year to the next and help in maintainingzbeti

cycle in the nature. The capillary feeding model of colonizing ticks Rvitblarensis
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appear to be an excellent platform to study the molecular level interactibns

tularensis and the tick vectors.

Materials and Methods

Ticks, bacterial strain and growth conditions

Amblyomma americanum larvae, nymphs, and adults were obtained from the Tick
Rearing Facility, Department of Entomology and Plant Pathology, Oklahonea Stat
University. Larvae were collected following feeding to repletion on rabbiygngks
used were partially fed on sheep to approximately 4.5 mg/nymph. Adult ticks used wer
unfed (flat adults) and those used for saliva induction experiments were altofeed t
on sheep for five to six days (partially fed adults). Females ticks as#ueftransovarial
transmission studies were fed to repletion. Flat adult and partially fed nymepés
weighed before and after CF to assess the CF success and only those wigw@ighmh

gain were used for the experiments.

Francisella tularensis ssp.holarctica strain LVS (ATCC 29684) was supplied by
the Oklahoma State Department of Health. Green fluorescent protein (GfFé&3®ng
pFNLTP6gro-gfp plasmid (Maiekt al., 2004) was a gift by Thomas C. Zhart (Medical
College Wisconsin, Milwaukee, Wisconsin), and electroporated-inidarensis. For

making electrocompeteft tularensis, Mueller-Hinton broth (Becton Dickinson,
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Cockeysville, MD, USA) cultures supplemented with 2% IsoVitaleX (BectakiBson)
were grown to early-log phase (optical denatt$50 nm, 0.5 to 0.6 or 1xTOCFU/mL),
washed two times with 0.5 M sucrose, andpended in 1 ml of 0.5 M sucrose. For
electroporation, 1 (df plasmid DNA (100 pg/ml) was mixed with 200 pL
electrocompetent cells, incubated at room temperatudd®forin and electroporated

using a MicroPulser electroporation apparatus (BioRad, Richmond, California) at,2.9 kV
25 uF capacitance and 6Q0resistance for 5.3 msec. After electroporation, the cells
were suspended in 1mL of Mueller-Hinton broth supplemented with 2% IsoVitaleX and
incubated at 37°C for 4 h. Transformed colonies were selected by plating on landin-he
infusion agar (Difco, BD Diagnostisystems, Sparks, MD) supplemented with 1%
hemoglobin and ampicillin (60 pg/mL) and kanamycin (25 pg/mL) for selection. The
transformation efficiency was 1.3x38ansformants/pg of plasmid DNA. The
transformedF. tularensis was used to infect ticks and to visualizdularensisin tick
hemolymphFrancisella tularensis was grown on chocolate agar plates (Hardy
Diagnostics, Santa Monica, CA.) at 37°C in 5%,@D 72 h. The BBL Prompt

Inoculation System (BD Diagnostics, Franklin Lakes, NJ) was used torpfepa
tularensisinocula. All chemicals used in the study were purchased from Sigma (St.

Louise, MO) unless indicated otherwise.
Capillary feeding of larvae, nymphs and adult ticks

The ticks were surface disinfected by washing in 30% hydrogen peroxide,
distilled water and 70% isopropyl alcohol for 5 seconds each. After washing, the adul

ticks were immobilized dorsal side up on double sided tape in a 100 mm x 15 mm Petri
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dish base. The ticks were then further immobilized by applying single sidedv@ipe

1/4"™ of their caudal portion (Fig. 14 A). The larvae were immobilized with theiatlors
side down on a double-sided tape on a dental pad, and the nymphs were similarly placed
on pipette tip box cover cut at one end (Fig. 14 B & C). For ClL1(nternal diameter

of 0.0219 inch), QL (internal diameter of 0.0189 inch) and 85 (internal diameter of
0.0314 inch) glass capillary tubes (Drummond Scientific Company, Broomall, &x&) w
used for larvae, nymphs and the adult ticks, respectively. The ends of the tubes were
positioned over the hypostome of the tick while the other end rested on the edge of the
Petri dish attached with a double sided tape (Broadwbétr, 2002). The feeding media
for larvae, nymphs, and adult ticks was Minimum Essential Media (MEM)CGIB

Grand Island, NY) with 10% fetal bovine serum (Hyclone, Logan, UT.). The fgedin
medium was spiked with. tularensis at approximately 70CFU/ ml. The tick meal was
then introduced into the capillary tubes, and the ticks were allowed to feed for 12 to 24
hours at 30°C and 90% relative humidity. After feeding, the ticks were eithecesurfa
disinfected by washing as above and minced for determinations of CFUs or were
maintained in microcentrifuge tubes capped with moistened cotton plugs fargraryi
periods of time in a humidity chamber (relative humidity of > 90%) at 23°C (unless
specified otherwise) with automated artificial lighting to simulate a 12/miggt cycle.

To determine the bacterial number in tick gut, salivary glands, and ovargstidsies
were dissected under sterile conditions using a dissecting microscope. Hemolgsph w
collected from the cut ends of a tick leg using sterile glass caplilibegt The minced
whole tick or the tick tissues were incubated in PBS containingg@4L ampicillin for 2

h at room temperature on a rotor platform mixer (Boekel Scientific, Fe#istePA.),
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serially diluted in PBS/ampicillin solution and plated on chocolate agar pldtes C

were determined following incubation at 37°C in 5%,G@ 72 h.

I mmunohistochemistry and real-time quantitative PCR

For immunohistochemical analysis, both infected and uninfected ticks were cut
longitudinally inhalf and ovaries from gravid females were fixed in Carsons fixative,
embedded with paraffin, and sectioned and affixed to glass slides. After fiapzangf
the sections were incubated with phosphate buffered saline with 0.05% Tween 20 (PBST)
at RT for 15 min. and then incubated at 37 °C for 1 h wittularensis antiserum
(Beckton Dickinson, Sparks, Maryland) at 1:60 dilution in PBST. Adsorbed antiserum
was used as negative control. After washing the slides with PBST five firth@ved by
a final washing with distilled water, the sections were incubated with Ebh{ligated
secondary antibody in PBST at 37 °C for 30 min (KPL, Gaithersburg, Maryland) at 1:60
dilution. The sections were then washed in PBST twice, PBS once and finally washed
with distilled water. The slides were dried and visualized using a Nikon E&isepi-
fluorescence microscope and Nikon digital sight DS-5M-L1 digital camera. F
visualizing the bacteria in tick hemolymph, ticks were CF with GFP expressing
tularensis, hemolymph was collected and placed directly on glass slide with coverslip,
and visualized using the epi-fluorescent microscope 1 and 4 week&&®CTET-gPCR
reactions a 97 bp product Bf tularensis insertion sequence-2 was amplified with the
primers ISFtu2F and ISFtu2R (Versageal., 2003). Each sample was analyzed using
Fast SYBR green master mix on an ABOOFast Reallime PCR System (Applied

Biosystems, Foster City, CA.). During each analysis a negative controhfptate) was
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processed and the amplification product was confirmed by analyzing the d@igsoci

curve. RT-PCR reaction (20 pL) - 10pL Fast SYBR green master mix, 6 deDRIdase
free water, 1uL forward primer (ISFtu2F), 1uL reverse primer(ISFta2)2pu L

template. Cycling conditions were 95 °C for 20 seconds, followed by 34 cycles of 95 °C
for 10 seconds and 60 °C for 30 seconds. Genome equivalents (GE) were calculated
based on standard curves obtained by plotting threshold cycle value and different
concentrations dof. tularensis DNA. The final value for each sample is calculated by
multiplying with the dilution factor. The sample used for PCR was total D@ tick

(tick minceate in 100ul PBS) extracted using DNeasy Tissue Kit (Qi&géencia,

CA.), with a final elution volume of 50uL.
I ntra-hemocelic injection and saliva induction in ticks

To determine the lowest infectious dose for ticks and to colonize gravid females
and partially fed adult ticks, 1pL of the inoculum containing@BU/mL ofF.
tularensis in PBS or appropriate dilutions were injected i.h. in the ventral region of the
tick, medial to the caudal most coxa using a 10uL custom made Hamilton syithge w
0.5 inch, 33 gauge needle (Hamilton Company, Reno, NV.). Injection of gravid females
was done in the left or right spiracles. For the detectidn tflarensisin tick saliva,
partially fed adult ticks were injected i.h. wightularensis, and the ticks were held in a
humidity chamber at 25°C. For collecting the saliva, partiallyHedlarensis infected
adult ticks were immobilized dorsal side up on double sided tape. Ticks were then
injected with approximately 4 pL of 1 mM dopamine, 1 mM theophilline and 3%

dimethyl sulfoxide in PBS (pH 7.3) (22) every 15 min. for 1 h (at RT= 23°C). Saliva was
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collected in 10 pL glass capillary tubes (Drummond Scientific Company, Bibded)
placed over the hypostome of the tick. The capillary tube for collectingliva s/as

held in place using modeling clay.

Statistical analysis

Francisella tularensis colonization in different groups @ americanum ticks
during adult colonization, transstadial transmission from larva to nymphsyamgh to
adult were compared by using 1-way analysis of variance on log-transfoiatee
followed by pairwise multiple comparison of mean CFU value using Holm-Sidisk tes
Overall significance level for Holm-Sidak tests vilas 0.05. Student's t-test was
performed to determine the statistical difference in the mean CFU&dfack between
molted adult male and femate americanum. All statistical analyses were performed

with SigmaPlot v11.0 software package (Systat Software Inc., Chicago, IL).

Results

Francisella tularensis colonization of A. americanum larvae and transstadial

transmission to nymphs.

Significant difference in the colonization Bftularensis at different days PCF
(ANOVA: F = 4.1, degrees of freedom (df) = 14, 2R4 0.001) was observed. The
degree to which larvae took in the capillary fed meal was not ascertaiyalb&dnt

change in larvae, but at one-day PCF, 100% of larvae exhibited colonization witma me
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colonization level of 1.5xTCFU/larva (Fig. 15 A & B)This high efficiency of capillary
feeding was better than the nymphal or the adult tick feeding. At our exgoeaim

holding conditions (RH=95% and mean room temperature of 20°C), the larvae molted to
nymphs in 21 days PCF. Around the time of molting the bacterial count declined to < 50
CFU (2.5+1.8x16)/tick (Fig. 15 A) Francisella tularensis colonization of molted

nymphs were at approximately?i® 1¢ CFU/nymph for up to 70 days PCF and then
increased in level to reach 1X10FU/nymph at 84 days PCF, and colonization was
maintained for 168 days PCF, which was the longest time period in the study (Fig. 15 A)
Significant difference in the mean colonization levels between three weeglaveeks

PCF (unadjuste® < 0.001) was observed. The percentage of colonization declined from
100% at one day PCF to reach 50% colonized nymphs by 50 days PCF. The nufber of
tularensis colonized nymphs increased to 80-90% by 77 and 84 days PCF (Fig. 15 B),
which indicate that some of the nymphs that seemed to clear the infection dusrgilday

to 70 may still be colonized with extremely low number of bacteria which maglbes

the sensitivity of the colony plating assay.

Francisella tularensis colonization of A. americanum nymphs and transstadial

transmission to adults.

Significant difference in the colonization Bftularensis at different days PCF
(ANOVA: F =7.07,df = 12, 194 < 0.001) was observed. The degree to which nymphs
fed was ascertained by comparison of pre-feeding and post-feeding weighitsymieh
which increased in approximately 65% (>3mg/nymph weight gain post-feedfitigks.

Nymphs were colonized with a mean level of 1.3+0.02FU/nymph (Fig. 16)
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Considering only those nymphs that ingested the initial inoculum, 100% remained
colonized for 14 days, but the infections continued to decline toward molting to adults at
35 days, at which time 7/15 were negativeHotularensis by culture. However the
remaining 8 molted ticks were still infected demonstrating the trahakteansmission

of F. tularensis from nymphs to adults iA. americanum ticks (Fig. 16) The progressive
decline in the level of colonization continued and by 84 days PCF only 1/15 tick was still
infected withF. tularensis (Fig. 16) No correlation between weight gain in nymphs after
capillary feeding an&. tularensis colonization in nymphs up to 7 days PCF was

observed (Fig. 17). Correlation between weight gain in nymphs after capaétyng

andF. tularensis colonization in molted adult ticks after two months PCF was also not
observed (Fig. 18). Difference in the numbeFofularensis colonized male and female
ticks was not observed; however, the average level of coonization in female ticks
(6.3+2.4 Log CFU/tick) was more than that for males (3.6x£1.6 Log CFY(fck

0.007) (Table 7).

Francisdla tularensis colonization of A. americanum adults and lack of transovarial

transmission to hatched larvae.

For unfed adults, CF resulted in 60% becoming colonizedRwitllarensis at
107 to 10" CFU/tick for 28 days PCF (Fig. 19). Significant difference in the colonization
of F. tularensis at different days PCF (ANOVA: = 5.7, df = 4, 54P < 0.001) and
between one day PCF and three weeks PCF (unadjast€d001) was observed. Those
ticks not colonized appeared to have not ingested the inoculum, because their weights did

not increase after CF. Significant differences were not observed in egher m
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colonization levels for adult male and female ticks at time up to 28 days PCF and tick
mortality of approximately10% was observed for both colonized and non-colowiakd a

ticks (data not shown).

After dissection of some of the infected gravid ticks at 14 days. Rilarensis
was detected in hemolymph, gut, Malpighian tubules, and ovaries (data not shown); but
only 3/11 egg masses were positiveFotularensis by culture or PCR. Of the 3 positive
egg masses the numberfoftularensis counted were 45, 8.3, and 0.4 CFU (values
normalized to CFUs/100eggs). In a second experiment in which the ambient holding
temperature of the colonized female ticks was changed from 23°C to 27°C, 2/7 gdi the e
masses were positive fbr tularensis by culture or PCR. Of the 2 positive egg masses
the number oF. tularensis detected was 12.5 and 0.5 CFU (values normalized to
CFUs/100eggs). Eggs hatched to larvae between 30 and 40 days post-ovipositing, but
transovarial transmission 6f tularensisto larvae was not detected by either microbial
culture or PCR in these larvae. The fecundity of ticks was not affectedtblarensis
infection when ticks were held at 23°C as compared to uninfected ticks (Table 8).
However the fecundity d¥. tularensis infected ticks was decreasd®l£ 0.04, n=3) when
held at 27°C (mean egg mass weight = 193mg) as compared to at 23°C (mean egg mass
weight = 345mgQ).This decrease in fecundity may have resulted from higher holding
temperature rather than dueRatularensis infection as one of the uninfected ticks also

had low egg mass weight when held at 27°C (Table 8).
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Deter mination of infectious dose of F. tularensis necessary to establish colonization

in adult A. americanum ticks.

As shown in Table 9, an inoculum dose of only 1.5 CFU/tick was sufficient to
establish colonization in some ticks by day 14 Pl compared to higher inoculation doses
which established colonization in 100% of the ticks at day one PI. The level of
colonization in ticks inoculated with 1.5 CFU/ tick was 10 + 26 CFU/tick. Mortality of
inoculated ticks was similar to that of the controls up to 14 days PI for ticktehjedh

10° CFUF. tularensisitick (data not shown)

Tissuelocalization of F. tularensisin adult A. americanum ticks and presence of F.

tularensisin A. americanum saliva

As shown in Fig. 20F. tularensis penetrated the gut and disseminated to the
hemolymph and salivary glands within 24 hour of CF. Microscopic examination of these
tissues using immunohistochemical staining showed hemocytes in the hemolymph were
heavily colonized by. tularensis, and the bacteria were also observed in hemolymph,
granulocytes and plasmatocytes. For the detectibntofarensis in tick saliva partially
fed A. americanumfemales were injected wifh. tularensis via the i.h. route. Two days
PI, F. tularensis could be detected in the saliva of 4/5 ticks with a mean value of

1.0+0.1x18CFU/ul of saliva (Fig. 21).
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Discussion

The persistence of tick borne type-Atularensis in the south-central United
States is perpetuated by a tick-small mammalian host enzootic cyeleutdrensisin
the region (Hopla, 1960; Petersatral., 2009). The most abundant tick species found in
this region isA. americanum and consistently accounted for more than 90 % of the total
ticks in a number of tick surveys done in this region (Brefad., 2011; Calhoun, 1954;
Calhoun and Alford, 1955; Hopla, 1960). AdAltamericanum start host-seeking activity
in April which peaks during May and July. Nymphal and larval questing actiaitisst
slightly earlier in the spring and can continue through September and Octolarq&ol
al., 2000). Although all three stages have been shown to overwinter in the south-central
region, adults and nymphs have been known to overwinter in large numbers (Hopla,
1960; Kollarset al., 2000). All the three stages are to known to parasitize humans, and as
reported from history of tularemia outbreaks, the incidence of human tularemig in thi
endemic region coincides with peak tick questing activity in May, June, and JalgQvit
to 70% of the cases reported having a history of tick bites (&sala) 1968; Eisen,

2007).

The results reported in the current study indicatesRhatarensis can maintain
colonization in all three stages Afamericanum. The adult ticks cleare. tularensisin
three months PCF. This finding differs from that of an earlier report, in ihich
tularensis maintained colonization in adwt americanum ticks for up to six months post

infection (Hopla, 1953). The reason for this difference is not clear, but one micéere
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between the two studies is that we colonizedAthamericanum ticks with LVS strain
(type B) ofF. tularensis, whereas the earlier study reports of using the virdent
tularensis (type A). Another factor which also may have influenced the result is the
holding temperature of the ticks. Tick immune system can clear infectidmechgria
that it encounters, and previous reports also indicate that at higher tempehattics t
immune system and the phagocytic activity of hemocyte are more g@eNe1945;

Goodmaret al., 2005; Johnst al., 2000; Sonenshine, 1991).

We were able to coloniz& americanum larvae and nymphs by CF with an
efficiency of feeding of 100% and 70%, respectively. The infected larvae whicédmnolt
to nymphs were able to maintain thetularensis colonization for 168 day PCF, which
was the longest time point in the study. In the natural habitat the nymphs are known to
overwinter in large numbers, and this stage is also known to parasitize on larger
mammals including humans (Eisen, 2007; Hopla, 1960; Kadtas, 2000). Based on
this information it can be inferred that the nymphal stag® afmericanum can be an
inter-epizootic reservoir d¥. tularensis carrying over the infection from one year to the

next and a potential bridging vector transmitting the bacterium to incidental hosts

We also demonstrated the vector competendy. afmericanum for F. tularensis.
The bacteria penetrated the gut and reached the salivary glands within 24 hoGis. pos
The extrinsic incubation period, demonstrated by the presercduwérensisin the
saliva of the infected. americanum adult ticks was found to be as low as 48 hours post-
injection via the i.h. route. This is the first report of presende tflarensis in saliva of

A. americanum ticks. The chemically-induced salivation method, although used for the
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first time to detecF. tularensisin tick saliva, has been used previously for detection of
other pathogens (Ewirg al., 1994; Gaget al., 1992). We have also shown that an
inoculum dose of approximately 1 CHUtularensis/tick is required for colonizing.

americanum adults via the i.h. route.

All three stages oA. americanum including adults, nymphs, and larvae have been
found naturally infected witk. tularensis in nature (Calhoun, 1954; Calhoun and Alford,
1955). The presence Bf tularensis in unfed larvae raised the possibility of transovarial
route of transmission in this tick species. We examined the possible transovarial
transmission oF. tularensis in A. americanum and found that occasional transmission to
eggs could occur although with much less numbeFs uflarensis per egg masses.
However, the transmission Bf tularensis from eggs to the freshly hatched larvae could
not be detected. The lack of finding of large number of infected larvae in naare al
leads to the conclusion reached by previous researchers that transovariassiansonh
F. tularensisin ticks is the exception rather than the rule in nature (Bell, 1945; Hopla,

1974).

We have demonstrated a highly effective capillary feeding method é&mtiimg
all three stages @&. americanum with F. tularensis. This method enables one to infect
ticks with a uniform dose of inoculum and avoids the use of lab animals as host for
feeding ticks withF. tularensis. Based on the observation of high abundance of nymphal
and adult ticks in the south-central tularemia endemic region and associateaitular

risk, and based on the findings reported here it can be concluded that these ticketages a
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efficient vectors of. tularensis in this region and the nymphal stage can potentially

serve as inter-epizootic reservoirkaftularensis.
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Table7. Francisdlla tularensis colonization inmoltedadultA. americanum.

A. americanum Number  Number of Percentage of Avg Log*
ticks of ticks infected ticks infected ticks CFU+SD/tick
Male ticks 60 8 13.3% 3.6+1.6
Female ticks 108 15 13.9% 6.3+2.4

*Mean Log CFU + standard deviation/tick in infect&damericanum ticks.
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Table 9.Determination of infectious dose Bftularensis necessary to
establish colonization of aduk americanumticks.

% Colonized per inoculum dose

Days PI

1.5CFU/tick 12.5CFU/tick 140 CFU/tick
Day 1 0% (n=5) 40% (n=10) 100% (n=10)
Day 7 0% (n=5) 80% (n=10) 100% (n=10)
Day 14 60% (n=5) ND* ND*

* Data not collecte
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Figure 14 (A) Capillary feeding of aduld. americanumticks. (B) Capillary feeding

of A. americanum larvae. (G Capillary feeding ofA. americanum nymphs.
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Figure 15. (A)Francisella tularensisis transmitted transstadially from larvae to
nymphs. Open circles are capillary fed larvae and filled circles aitesmymphs.
For each time point the n was k5 mean CFU/tick for each time point.

(B) Percentage of infected ticks in the same experiment.
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Figure 16(A) Francisella tularensis is transmitted transstadially from nymphs to
adults. Open circles are capillary fed nymph and filled circles aredattults. For
each time point the n was 6= mean CFU/tick for each time point.

(B) Percentage of infected ticks in the same experiment.
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ticks PCF. Solid black bar - gut, white bar with diagonal lines - salivary
gland, white bar with dots - hemolymph. For each time point the n was 5.

Error bars indicate standard deviation.
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marks - saliva (CFU/ul of saliva). For each time point the n was 5.

Error bars indicate standard deviation
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CHAPTER YV

POSSIBLE ROLE OF CHITIN CATABOLISM IN

FRANCISELLA TULARENSIS COLONIZATION OF TICK VECTORS
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Abstract

Francisella tularensisis a facultative intracellular, non-spore forming, non-motile
gram-negative bacterium that causes the disease tularemia in a numbeslohtestand
invertebratesk-rancisella tularensis ssp.holarctica is speculated to survive and persist in
aguatic environments possibility in association with aquatic protists. ldrtited States,

F. tularensis ssp.tularensis follows a tick-rabbit enzootic cycle and the previous study
have demonstrated thiat tularensis can survive irDermacentor variabilis and

Amblyomma americanum ticks up to six months. This study explores whekher

tularensis can utilize chitin, a polymer of N-acetyl-D-glucosamine (NAG), abundant i

the exoskeleton of ticks and aquatic protists as a nutrient. To accomplish this, we
comparedn vitro growth ofF. tularensis ssp.holarctica strain LVS (live vaccine strain)

in nutrient media and chemically-defined media supplemented with NAG, chitobiosan or
chitin. We found thaF. tularensis could utilize NAG, but not chitobiosan or chitin for
enhanced growttkrancisella tularensis may utilize NAG at some phases of tick

development as a nutrient.
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I ntroduction

A number of bacteria have been shown to utilize chitin as a nutrient for
extracellular as well as intracellular growth (Basste., 1991; Svitilet al., 1997).
Some of these bacterial species includsagillus subtilis have specialized chitin uptake
mechanisms as well as chitinase enzymes (Irelala, 1977; Plumbridge, 1990). Chitin
is one of the most abundant biopolymers on earth, and utilization of this abundant source
of nitrogen as well as energy gives a selective advantage to chitmmgtlbacteria

(Merzendorfer and Zimoch, 2003).

The genu$rancisella is classified as a gamma-proteobacterium consisting of two
speciesF. tularensis andF. philomiragia. In addition,Francisella-like pathogens of fish
and endosymbionts of ticks are now considered to be in this genus (Salomonsson et al.,
2009; Scoles, 2004; Sjostedt, 200Fancisella tularensis has four subspecies namely,
tularensis, holarctica, mediasiatica andnovicida (Sjostedt, 2007). The various species
and subspecies &francisella have adapted to unique ecological niches (Hazlett and
Cirillo, 2009).Francisella tularensis ssp.holarctica can persist in fresh water and is
thought to survive in water-associated unicellular organisms €Asild, 2003; Hazlett
and Cirillo, 2009). Availability of chitin may be a common factoFirularensis

persistence in fresh water as well as during its colonization in tick vectors

Planktonic bacteria can initiate biofilm in response to environmental stress.
Biofilms help bacteria to survive and persist in harsh environmental conditionsy(Da

and O'Toole G, 2000Francisella tularensis subspecies encodes two conserved putative
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chitinase genes. Subspeadmsicida form biofilms on chitin surfaces, and it has been
shown that chitinase geneskntularensis ssp.novicida are needed for the chitin
association and subsequent biofilm formation (Margale., 2009). Subspecies.
holarctica can also form biofilms in a static environment (Hasgeidt., 2003).
Francisella tularensis may form biofilms during the prolonged nutrient starved

conditions which it encounters during its colonization in tick vectors.

Francisdlla-like endosymbionts have been isolated from variousspelcies, and
this symbiotic association between bacteria and ticks supports an evoluadagtgtion
of F. tularensis to a tick associated life-style (Nod&al., 1997; Suret al., 2000). The
tick cuticle, tracheal lining, and peritrophic membrane lining the gutcarpased of
chitin (Sonenshine, 1991).0ne of the most studied tick-pathogen interaction is the
association between the Lyme disease agemelia burgdorferi and its tick vector
Ixodes scapularis. In invitro experimentsBorrelia spirochete was shown to utilizes
NAG and chitobiosan (Tillwt al., 2001; Tillyet al., 2004). Researchers have speculated
that the spirochetes ability to utilize chitin in ttxedes scapularis ticks would have
positive impact on the spirochete in that it can utilize chitin as a nutrient soureg thet
same time it could negatively influence the tick development if bacterigphyutiside

the tick uncontrollably (Burgdorfest al., 1988; Piesmasd al., 1990).

We have previously demonstrated the abilityFofularensis to survive in ticks
through the extended periods of starvation of ticks. In the current study wethepor
utilization of chitin precursor NAG bk. tularensis in nutrient and chemically-defined

media when supplemented with NAG. Future research on chitin catabolism of
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tularensis may better inform the role of chitin in the colonization of tick vectork.by

tularensis during its extended association with ticks.

Materials and M ethods

Bacterial strain and growth conditions

Francisella tularensis ssp.holarctica strain LVS (ATCC 29684) was supplied by
the Oklahoma State Department of Hedhirancisella tularensis was grown on
chocolate agar plates (Hardy diagnostics, Santa Monica, CA.) at 37°C in 5férCQ
h. The BBL Prompt Inoculation System (BD DiagnoStystems, Sparks, MD) was used
for preparing inocula of. tularensis. Initial F. tularensisinocula of 4x16 CFU/mL was
used to infect growth media. The nutrient media used were Mueller Hinton BratioiiBe
Dickinson, Cockeysville, MD, USA) with or without IsoVitaleX (Becton Dickinson,
Cockeysville, MD, USA) and Nutrient Broth (Difco, BD Diagnosigstems, Sparks,
MD), supplemented with Casitone (Becton Dickinson, Cockeysville, MD, USA). The
ingredients for the chemically-defined media were purchased from Siginah (St.
Louise, MO), except the MEM Essential Amino Acids Solution and MEM Non-Eskentia
Amino Acids Solution which were purchased from Gibco (Gibco-Invitrogen, Rockville,
Maryland) (Table 10). For tha vitro growth culture assay.. tularensis was grown at
23, 27, 30, or 32°C at 180 rpm in an incubator shaker. Innova 4000 shaker incubator
(New Brunswick Scientific Co., New Brunswick, NJ) was used for the cslatrg3°C,

whereas Orbital Shaker incubator (Thermo Forma, Marietta, OH, USA Qsealsfor the
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growth ofF. tularensis at 27 and 30°C. N-acetyl-D-glucosamine, chitobiosan and shrimp
chitin were purchased from Sigma. The increase in growih tofarensis in culture was
detected by OB, reading on an Ultrospec 2100 pro spectrophotometer (Amersham

Biosciences) or by CFU counting on chocolate agar plates.

Growth of F. tularensisin media supplemented with NAG, Chitin or Chitobiosan

For growth ofF. tularensis in Mueller Hinton broth (MH), 2% IsoVitaleX was
added. For the Nutrient Broth (NB) culture studtesularensis was grown on either
0.72% (w/v) NB alone or with the addition of 1.76% (w/v) Casitone (pancreatic digest of
casein) (NBC). The ingredients for the chemically-defined medium (Oéig¢ added to

the buffer (0.25M NaCl, 0.8mM MgS00.01mM FeSQ 10mM KH,PO, and
8MMK2oHPOy, pH 6.5) shown in Table 10. After adjusting the pH of the medium, all

media were filtered using 0.2-um pore size 75-mm Nalgene Fast PES(filtdgene,
Thermo Fisher Scientific, Waltham, MA). NAG was added to the media at 10mM or
0.4mM concentration and chitobiosan was added at 0.2mM. Chitin was added to the
media at a concentration of 0.4% (w/v).

Statistical analysis

Student's t-test was performed to determine the statistical difeebetweert.
tularensis growth in NB and on addition of NAG to NB. The same test was also done to
determine the difference in growth at 27°C versus 32°C. Statistical analygse

performed with SigmaPlot v11.0 software package (Systat Software Incagohil).
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Results

Growth of F. tularensisin Mudler Hinton Broth and Nutrient Broth on
supplementation of NAG, chitobiosan and chitin.

Growth advantage fdt. tularensis when NAG, chitobiosan or chitin was
supplemented to MH was not observed (Fig. 22 & 23). Wheudarensis was grown in
NB alone or on addition of 10mM NAG there was no growth as detected by comparison
of OD readings or CFU determinations. However, when casein was added totNutrie
Broth F. tularensis was able to use this media for growth (Fig. 24). Further addition of
NAG to the Nutrient Broth resulted in significant increase in growth. tilarensis by
three days of culture at 27°@ € 0.003) (Fig. 25). When either chitobiosan or chitin was
added to NBC, no growth advantage was observed (Fig. 26). The increase in giewth of
tularensis on addition of NAG was seen when the culture conditions were at 27°C as well
as 32°C and the growth advantageRotularensis on addition of NAG was more at

32°C when compared to 27°C witlPa< 0.001 at two days of culture (Fig. 27).

Growth of F. tularensisin chemically-defined media on supplementation of NAG
and chitobiosan.

Increase in growth d¥. tularensis was not observed in the CDM in the absence
of calcium pantothenate or spermine, but when these two nutrients were added and the
pH of the medium was decreased from 7.3 tofe.fjlarensis was able to use the media
for growth. Higher growth of. tularensis was observed in the CDM on addition of
10mM NAG, but addition of chitobiosan had no growth advantagk.flarensis (Fig.

28).
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Discussion

In this study we report the significantly higher growth~ofularensis in Nutrient
Broth and chemically-defined media supplemented with NAG. Margolis atehgaks
have reported the colonizationeftularensis ssp.novicida on chitin surfaces and
subsequent biofilm formation in carbohydrate starved environment (Maegalis
2009). The lack of increased growthFoftularensis in Mueller Hinton broth
supplemented with IsoVitaleX may be due to the high amount of starch in the broth and
additional glucose in the IsoVitaleX enrichment, which may create aloattaie
enriched environment making NAG supplementation NAG inconsequential. We also
observed the higher growth Bf tularensis when the pH was of the chemically-defined
media was decreased and on supplementation with calcium pantothenate as have been

reported by Chamberlain (Chamberlain, 1965).

We have shown in previous studies thatularensis can persist in tick vectors
for up to six months during starvation of these ticks. During this long term assodat
tularensis was primarily localized in the gut tissue. The ticks would be devoid of any
blood-derived carbohydrate source during this period of starvation. This would be
especially true with bacterthat survive the nutrient-depleted environment in ticks that
overwinter in nature, which usually involve 5 to 6 months of tick diap&usecisella
tularensis can possibly utilize tick chitin as a nutrient source under these conditions. In
addition, it was shown th&t tularensis colonization levels decline during molting.
Remodeling of chitin during tick molting may make chitin less availabl€é fadarensis.

Also, F. tularensis colonization of the tick ova suggests tRatularensis may use chitin
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for colonization of the ova surface. Whether the abilitif.dlarensis to utilize NAG is
beneficial during the tick life cycle and whether it could form biofilm in tble gut

could be answered in future studies.
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Table 10.

Ingredients for making 100mL of chemically-defined media

Buffer 70mL
MEM EssentialAmino Acids 10mL
MEM Non-Essential Amino Acids 20mL
Proline 160mg
Threnine 160mg
Cysteine 30mg
Thiamine 0.4mg
Ca pantothenate 0.2mg
Spermine 4mg

137



0.35
-« ll-- MH+0.2mM

0.3 Chitobiosan
— /= MH+10mM
0.25 NAG
—¢— MI broth
- 0.2
=1
©0.15
0.1
0.05
0 T T T T T T 1
0 1 2 3 4 5 6
Days

Figure 22 Francisella tularensis growth at 27°C in Mueller Hinton broth.
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Figure 23 Francisella tularensis growth at 27°C in Mueller Hinton broth.
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Figure 24 Francisella tularensis growth at 30°C in Nutrient Broth with

addition of Casitone to the media.
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Figure 26 F. tularensis growth at 32°C in Nutrient Broth plus Casitone.
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Figure 27 Francisella tularensis growth at 27°C and 32°C in Nutrient Broth plus

Casitone. Error bars indicate standard deviatiéns 0.001.
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Figure 28 Francisella tularensis growth at 32°C in CDM.
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CHAPTER VI

CONCLUSION
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Environmental persistence of F. tularensisin tick vectors

Francisdllatularensis is one of the most infectious bacteria known and exhibits a
broad host rangé&rancisella tularensis has been recovered from more than 250 different
species, including vertebrates and invertebrates (keah, 2007). More than 400
different ofF. tularensis have been identified as important for this high infectivity in
mammalian species (Ellet al., 2002; Friend, 2006). These genes include the ones that
regulate intracellular growth, immune evasion, and dissemination (MeibomhemdiiC
2009). Among invertebrateB, tularensis can infect a variety of tick, lice, bedbugs, fleas,
mosquitoes, and flies (Steinhaus, 1946). In ticks, it can iDfechacentor species
includingD. occidentalis, D. variabilis, D. albipictus, D. marginatus, D. andersoni, and
other tick species includingemophysalis leporispalustris, H. cinnabarina, 1xodes
pacificus, Rhipicephal us sanguineus and Amblyomma americanum amongixodid ticks
andOrnithodoros parkeri, andO. lahorenis among argasid ticks (Steinhaus, 1946).
However, not much is known about infectivity and adaptation of this bacterium in
arthropods hosts. The results presented here shows that all three stages, inclading la
nymph and adult of botD. variabilis andA. americanum, can be colonized .
tularensis. Based on the knowledge of longevity and host seeking behavior of these two
tick species (Kollarst al., 2000a; Kollart al., 2000b; Sonenshine, 1991), and also the
results that we have presented here, it can be conclude¥l gmadricanum nymphs and
D. variabilis adults are likely the most suitable stages of these tick species that can

maintainF. tularensis for extended periods of time.
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Quantum of infection in capillary fed ticks

Ticks are obligate hematophagus arthropods, in which a bloodmeal is required for
development and molting to the subsequent stagblyomma americanum andD.
variabilis are three host ticks with the larva, nymph and the adult taking blood meals on
different host animals at each stage to complete its life cycle. Thgtnod between
feeding on one host, molting and initiation of feeding on the next host can vary from one
month to more than one year in these tick species (Bowman and Nuttall, 2008;
Sonenshine, 1991). Therefore, Fartularensis to use ticks as a biological vector, it must
be able to survive for extended periods of time in the tick for it to successéugnit to
the next host. The ability ¢f. tularensis to survive inA. americanum nymphs and.
variabilis adults may make them excellent vectors. During the transstadial trammsmis
of F. tularensisin D. variabilis andA. americanum ticks, it was observed that soon after
molting the level of. tularensis/tick increases. This peak n tularensis colonization in
molted nymph ofA. americanum and molted nymphs and adultsixfvariabilis may
correlate with the host-seeking activity of these tick stagestédiciy transmission df.
tularensis to new hosts. However, the advantage of the Rigblarensis numbers per
tick is not clear since only low amount of bacteria is needed for infection ieise
hosts. High number of bacteria per tick, especially in the gut and hemolymph, igdikely
be required foF. tularensis to disseminate into the salivary glands and subsequent

transmission through the saliva of the tick.
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Effect of temperatureon F. tularensis colonization in ticks

Ticks are poikilotherms in which ambient temperature may have a significa
impact on the growth and transmission of tick-borne pathogens. Results from this study
indicate that temperature can have an effedt.dolarensis growth inside the tick. In
these experiments, infected ticks that were held at higher temperatucecheased
colonization ofF. tularensis. This decreased survival Bf tularensis inside the tick at
higher temperatures may be due to increased antimicrobial activitkegtidigher
temperatures or tB. tularensis general ability to better survive at low temperatures
(Friend, 2006)Francisella tularensis can survive in cold conditions, and it is possible
that colder temperatures may aid bacterial survival for longer peridofsenin ticks.
Therefore, cold winter temperatures may Helpularensis to persist in the ticks during

the long five to six months of winter rather than diminish the survival.

A significant decrease in colonizationkaftularensis was observed during the
molting stage in both tick species. This decrease was pronounced at the molting of
infectedD. variabilis nymphs to adults and also during the molting of infeéted
americanum larvae to nymphs. It is not known whether a decline in the availability of
nutrients for bacterial growth or the unfavorable environment within the ticks dheng
ecdysial process may be the cause for this reduction. In nature, atdawparatures the
molting stage of the ticks are prolonged (Bowman and Nuttall, 2008), and this was also
seen in our experimental holding conditions of the ticks. The increased molting period in
ticks may result in reducde tularensis within ticks and may eventually lead to
permanent clearing of the bacterium from these ticks. This may be one ofstiesrea

why most of theA. americanum adults cleared the infection after molting. The molting
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period ofA. americanum nymph was more than 30 days which was the longest period
seen in any stage of molting in both tick species. The most favorable enviroonfent f
tularensis within ticks would be for the ticks to molt reasonably fast and subsequently to
encounter a lower environmental temperature. These favorable conditionEcoayn
nature for the ticks colonized By tularensis in September and October. Molting of

these ticks would then undergo a behavioral diapause as a resulting from aatkcrea
temperature in November, enabliRgtularensis colonized ticks to overwinter and
carryover the infection to the next spring. Future experiments, in which theeohtexks
could be kept at controlled temperature conditions thus altering their duratiaitioigm

and the effect of this variation of molting periodfertularensis, may further our

understanding of this reduced colonization at molting.

Francisdlla tularensis dissemination in tick tissues

Another interesting difference between the two tick species wdsnlger time
required for tissue disseminationin variabilis adults. More than two weeks PCF were
required for dissemination &% tularensis from gut to hemolymph and salivary glands in
D. variabilis adults. In contrast, bacterial dissemination was seen within 24 hours PCF in
A. americanum adults. When analyzing vector competency, this rapid disseminatian of
tularensis in A. americanumticks may not be an advantage, because once the ticks
become colonized by taking blood meal from an infected animal, the tick must detach,
molt, and then feed on another susceptible animal to transmit the pathogen, a padcess t
can take up to a month to complete. The rapid disseminatiérntaarensisin A.
americanum ticks may have an advantage in male ticks which are often known to feed

intermittently on hosts and thus can transmit the bacterium from one host to another
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(Kocanet al., 2010). Ticks which become infected at the near death of the host animal
(which has been shown to be the case Wwittularensis infection), feeding to

engorgement may not be complete, and the rapid disseminatotutdrensis from gut

to saliva can be advantageous in bacterial transmission when these ticks feed on another
host.Francisella tularensis was also observed to localize mostly in the gut of the ticks
during long term persistence. Therefore, for the ticks which become caldnize

tularensis in summer and fall and undergo overwintering, the bacterium might be most
likely in the gut tissue. In these ticks which again start host seeking iallinihg

spring it may take longer fdt. tularensis to migrate from the gut to salivary glands. It

would be interesting to study the disseminatiof.dfilarensis from the gut of these ticks

to the saliva, including the time taken and the factors influencing the disseminat

Host species and tick-bornetularemia

Availability of competent hosts is important for maintenance of the disggse
in tick vectors. This is especially truefntularensis transmission in ticks, because the
transovarial transmission may not play a major role and the disease has totaépthi
through repeated transstadial transmission. In such a scenario, the dilutibofeffec
feeding on a non-competent host might reducd-thielarensis infection rates in the tick
population (Sonenshine and Mather, 1994). In the south-central tularemia endeomc regi
of the United States comprised of Arkansas, Missouri, eastern Oklahoma ana@stouthe
Kansas, there are abundant deer populations which in turn support large populations of
ticks. Francisella tularensis has not been recovered from deer in this region (Castetlaw
al.) and deer may probably be resistant to tularemia infection and could be a non-

competent host df. tularensis. But this region also supports a variety of small
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mammalian species including cotton tail rabbits and other small rodents wahich c
function as competent hosts for tularemia (Braaival., 2011; Kollarset al., 2000a,;
Kollarset al., 2000b). This wide range of host species, with deer population as tick
amplifiers and small mammals as tularemia infected host, might beasenréor the

persistence of tularemia in this region.
Effect of F. tularensis colonization on tick lifecycle

In these experiments an increase in tick mortality during the infectetdssalyss
of both species of ticks was not observed when compared to control ticks which were fed
with tick-meal without. tularensis. In addition, the high level of bacteria at' 16 17
per tick was remarkable. In the face of this high colonization level, the @eksesl to
suffer no ill effectsDermacentor variabilis ticks naturally infected with high number of
F. tularensigitick have been reported (Goethert and Telford, 2010). It would be
interesting to see if these apparently healthy, heavily infected ticksl\wewdffected in
their feeding behavior. In contrast, increase in mortality in immatagestof-.
tularensisinfected ticks was observed, and this increase in mortality was reduced, when
the holding temperature of the ticks was lowered. The wide variation in the |dvel of
tularensis colonization during different stages of development of the tick, including low
numbers seen during molting and high numbers soon after molting can be either tick
mediated or may be controlled by the bacterium itself. The recent develggment
sequencing of tick genomes, availability of new techniques including geneisgen
ticks (Kocanet al., 2011; Nene, 2009), and with the recently reported improvements in

genetic manipulations &f. tularensis (Barker and Klose, 2007; Birgaal., 2010;
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Rodriguezet al., 2009), it may be possible to study the tick veé&tamlarensis

interactions in greater detail in the future.

Francisalla tularensis strains and tick-borne tularemia

The type Al genotype @f. tularensis is the major genotype associated with
human tularemia cases in south-central region of the United States. $tutthy.
tularensistype B LVS strain was used, and it is possible that these two strains can have
different developmental patterns in tick vectors. Petrosino and colleagupareanthe
two strains and have found remarkable similarity gene content betwadegahomes
(Petrosincet al., 2006). However, certain genes in type B were observed to be
pseudogenes due to insertion and deletion events when compared to type A. Salomonsson
and colleges have demonstrated that a type IV pilin gene and an outer mepnbtaine
gene, which was active in type A and not in type B, was important for the witfeofi
type A stains (Salomonssehal., 2009). Most of the research involving tick vectors and
F. tularensiswere conducted almost 50 years ago, and it is not known which subspecies
or strains of-. tularensis these researchers might have used. The capillary feeding model
presents an excellent platform to study the interaction between diffefenétiors and
F. tularensis strains and would also be an ideal system to study the molecular

epidemiology of these strains in the tick vectors.

Finally, these studies also demonstrated Ehailarensis can retain infectivity
after it grow in inside the tick vector. Thegfdor F. tularensis recovered from salivary
glands ofD. variabilis ticks was one log lower than for culture groRurtularensis, when

bacteria was injected intraperitoneally in BALB/c mice. Resuttsifour lab
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(unpublished data) and others have shown thagp fdd LVS strain via intradermal (i.d.)
route, which simulates the natural route of entry of bacteria by tick bite, i gty
however, i.d. L3, for virulent type B and type A strains are less than 10 CFU in mice
and humans (Saslasval., 1961a; Saslawt al., 1961b; Conlamt al., 2005). Korocova
and colleagues have shown that when LVS is mixed with salivary extrdztxied
scapularis, and introduced via i.d. route in mice, the proliferation and dissemination of
LVS was increased (Krocowh al., 2003). They have also shown that the increased
infectivity seen in this saliva-assisted transmission (SAT) was due to the
immunosuppression of the host by the tick saliva. SAT studiesDwithriabilis or A.
americanum has not been done. Based on these results, it is reasonable to assume that the
infective dose for virulent strains Bf tularensis in susceptible hosts via tick bite could

be extremely low.

Ecology of tick-borne tularemia

Based on the low infective dose required for colonizing the tick, and thé&high
tularensis colonization per tick, one would hope to find large number of infected ticks in
the enzootic area; contrarily, the percentage of infected ticks in the enzeatis ar
extremely low, often less than 1% (Hopla, 1974; Maggas., 2007). Assuming that
infective dose in susceptible vertebrate hosts is also quite low, epizootic outhrdaks i
small mammalian population should also be expected throughout the tick activity seas
from spring to early fall. Such constant outbreaks in small mammals are atszenot
Small animal hosts may gradually acquire resistance to the infection, agpizbetics
of tularemia seen in the fall, is probably due to infection of immunologicail)ena

juvenile cohorts of these animals. A thorough knowledge of the vertebrate hosts and
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vector population dynamics is required to understand the persistence of the disease in
enzootic regions (Sonenshine and Mather, 1994ncisella tularensis is infective to
multiple tick vectors and small mammalian hosts, so the disease dynamiasren nat
would probably involve multiple tick vectors and small mammalian species. However,
with respect to transmission Bf tularensis to humans in the south-central tularemia
endemic region, only three tick species maintain sufficiently high populations to be
potential vectors foF. tularensis, namelyD. variabilis andlxodes scapularis adults, and
nymphal and adult stagesAfamericanum. Since the peak adult tick activity bf
scapularisis seen in the fall and winter months, which does not correlate with the human
tularemia outbreaks, tHe. variabilisandA. americanum ticks are the most likely vectors
of humanF. tularensis in the south-central United Stat&sermacentor variabilis adults
andA. americanum nymphs and adults were shown to be the vectofs farensis.
Although the percentage of infectddamericanum adults decreased over time, the
infection of adulD. variabilis and nymphaA. americanum ticks persisted for longer

duration.

Better understanding of the ecology, population dynamics of the tick vectors,
susceptible vertebrate hosts, and resistant or dilution hosts in the endemilmagea, a
with controlled experimental transmission studies to find the influence of@aradi
genetic factors influencing the transmission and persistence, will helihaénee
predictive modeling of tularemia and also will enable development of contreunesao

reduce the risk of disease transmission.
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Utilization of chitin and growth of F. tularensisin carbohydrate deficient media

Francisella tularensis subspecies have been shown to be associated with chitin-
containing crustaceans (Andgal., 2001; Diaz de Tuesth al., 2001). The abundant
source of chitin within ticks could be a source of nutrient for intraRidklarensis
growth during the prolonged association with the tick. Additional evidence for the
possible chitin utilization ofF. tularensis is the putative chitinase genes found in these
bacteria (Margoligt al., 2009). The unusually low&. burgdorferi colonization during
the molting stages of infectedscapularisticks, and the morphological abnormality in
seen in heavily infected tick eggs are thought to be the result of chitin catabpim b
burgdorferi (Burgdorferet al., 1988; Piesmadt al., 1990) In our experiments witF.
tularensis and tick vectors, it was observed that a similar decline in bacterial colonizati
occurred during tick moltind=rancisella tularensis colonization on the chitinous outer
shell of D. variabilis tick eggs was also observed. Based on these data it was
hypothesized thédt. tularensis could utilize chitin as a nutrient source for its growth. In
thein vitro culture experiments, we have shown fRatularensis can utilize NAG, the
monomer of chitin, for its growth in Nutrient Broth as well as in Chamberlain’s
chemically-defined broth. However, the growth advantage was not seen when a
carbohydrate saturated broth was used, indic&tingarensis has an advantage in
utilizing NAG only in a carbohydrate deficient environment. Growth advantage of
tularensis in carbohydrate deficient broth was not observed when either chitin or

chitobiosan was supplemented. Bacteria usually form biofilm in stagnanbemants.
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Francisella tularensis may attach to chitin and form a biofilm in a sessile state and

subsequently utilize the chitin as opposed to in a freely moving culture condition.

While visualizing immunostaineld. variabilis gut tissues, we could observe
certain highly concentrated bacterial colonies in the gut epitheftuancisella
tularensis could possibility form biofilms during the extended association in the tick
vectors. Several environmental and marine bacteria can form biofilntis €8al., 1997;
Verhoeveret al., 2010), andr. tularensis ssp.novicida was shown to be deficient in
biofilm formations when the chitinase genes were knocked out (Maggalis 2009).
Francisella tularensis ssp.holarctica has also been shown to form biofilms in stagnant
conditions (Hassett al., 2003). The biofilms enable these bacteria to survive harsh
environmental conditions and can also aid in disease transmission in some pathogenic
bacteria (Hinnebusch and Erickson, 2008). During the long starvation periods of tick
vector,F. tularensis could possibly utilize chitin and form biofilms inside the tick. With
the recent advances in genetic manipulatiorts talarensis, it would be interesting to
study the growth of chitinase mutant strain§ ofularensisin the tick vectors. Another
interesting study would be to investigate the formatioR. dfllarensis biofilms in tick

vectors.
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Francisella tularensis causes tick-transmitted tularemia epizootics in rodent and
rabbit hosts and incidental infections in humans. The objective of this study was to
develop &. tularensistick colonization model for elucidating the salient features of its
biology in tick vectors. The first two studies reported herein describe threrstst study
of F. tularensis ssp.holarctica strain LVS colonization in the tick vectdpser macentor
variabilis andAmblyomma americanum as well as describing tteapillary feeding (CF)
method of colonizing the different stages of these ticks. Post capil&dinte(PCF),
level of colonization was determined by CFU determinations of tick minceate.
Transmission oF. tularensis from larvae to nymph was seen in both tick species, but
only A. americanum nymphs maintaine#. tularensis for longer periods of time (168
days PCF). Transstadial transmission from nymph to adult was also densahistiabth
the tick species, but onD. variabilis ticks maintained. tularensis colonization after
molting from nymphs to adult§.or CF adultsF. tularensis initial colonization of the gut
disseminated to hemolymph and salivary glands in three weeks and 24 h PCF for
D.variabilis andA. americanum respectively. Colonization of adut variabilis ticks
persisted up to 6 months PCF (longest time point in study). Transovarial transmissi
was not observed in either tick species. However, colomzedriabilis adult females
transferred-. tularensisto surface layer of eggs but not to hatched larvae. The extrinsic
incubation period (time to secretion in saliva), determined by intra-hemoeetiam of
F.tularensisin D. variabilis andA. americanum was 4 and 2 days, respectively. TheolD
for mice for intraperitoneal injection &f. tularensis from adultD. variabilis salivary
glands versus laboratory cultUfetularensis were 2 and 43 CFU, respectively. Both tick
species appear competent as experimental vectdrs tidarensis with D. variabilis
adults andA. americanum nymphs better adapted for long term persistenée of
tularensis. The role of these ticks as a possible inter-epizootic reservbirtalfarensisis
also discussed he final chapter of this dissertation addresses the possible role of chitin
as a nutrient source fét. tularensis in the tick life cycle.
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