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Abstract:

In-feed antibiotics increase animal performance primarily through modulation of the
intestinal microbiota. However, the exact mechanism of action is not understood.
Furthermore, a majority of research on intestinal microbiota has focused solely on the
intestinal bacterial population with very little being known about smaller populations
such as fungi. Deep sequencing of the internal transcribed spacer 2 (ITS2) region of
fungal rRNA genes was utilized in two studies to characterize the biogeography of the
chicken intestinal fungal community, the mycobiome, along the gastrointestinal tract of
broiler chickens on days 28 and 42 and its possible shift in response to bacitracin
methylene disalicylate (BMD), a commonly used in-feed antibiotic. Intestinal luminal
contents were also collected from the duodenum, jejunum, ileum, and cecum at seven
different time points throughout an entire production cycle to determine the succession of
the mycobiome. The phyla Ascomycota and Basidiomycota were found to be
predominant regardless of age or GI location. Genera commonly associated with feed
ingredients or soil such as Microascus, Gibberella, Trichosporon, and Aspergillus were
the most abundant. However, their abundance varied greatly between studies indicating a
strong environmental influence. A clear succession of the cecal mycobiome was
observed, in which specific fungal consortia moved down the intestinal tract as birds aged
indicating that this population is transient in nature. Dietary supplementation of BMD at a
subtherapeutic level of 55 mg/kg resulted in a decrease in the cecal fungal diversity. To
further elucidate effect of antibiotics on cecal bacterial populations, broiler chicks were
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antibacterial spectrum, the more similarly the microbiota is regulated with treatments
classified as ionophores having the greatest effect. Importantly, all antibiotics had a
strong tendency to enrich butyrate- and lactic acid-producing bacteria, while reducing
bile salt hydrolase-producing bacteria, suggesting in-feed antibiotics improve animal
growth performance through enhanced metabolism and utilization of dietary
carbohydrates and lipids and improved energy harvest.
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CHAPTER I

INTRODUCTION

Subtherapeutic antibiotics have been routinely included in livestock diets to improve
animal performance. However, a rise in antibiotic resistance linked to livestock use has led to a
ban on antimicrobial use for growth promotion and a change in consumer preference towards
antibiotic-free animal products. This has, therefore, created a need to develop effective antibiotic

alternatives to ensure animal health and growth performance.

The gastrointestinal (GI) tract is home to a unique ecosystem of microorganisms
consisting of bacteria, fungi, viruses, archaea, and protozoa, and antibiotics are hypothesized to
provide performance benefits through modulation of this ecosystem. These microbes play a vital
role in host health and metabolism through their effects on feed digestion, nutrient absorption,
vitamin synthesis, and immune system development. To date, the majority of research has
focused solely on the bacterial population, referred to as the microbiota. Its composition, as well
as spatial and temporal changes, have been elucidated in several species. A link between the
intestinal microbiota and growth performance of livestock animals has been established with
studies showing strong correlations between specific bacterial taxa and weight gain. Furthermore,
studies have shown the ability of specific antibiotics to modulate the intestinal microbiota, but

with varying results.



Far less is currently known about the remaining microbial populations within the GI tract.
Fungi in particular are known to account for less than 0.01% of the human fecal microbiota of
humans, but are thought to account for a large proportion of the microbial biomass due to their size.
Traditional culture dependent studies have identified yeast in the intestinal tracts of humans and
animals with most focusing on the role of specific fungi in disease. With the advent of next-
generation sequencing technology, some have undertaken to characterize the fungal population,
known as the mycobiome, in more detail. However, information is still scarce with the majority of it

pertaining to humans.

In this dissertation, we summarized the latest progress on the intestinal mycobiome of
humans and livestock animals (Chapter II). We characterized the biogeography of the chicken
intestinal mycobiome on day 28 and its response to a common antibiotic, bacitracin methylene
disalicylate (BMD), using Illumina sequencing of the internal transcribed spacer 2 (ITS2) region of
fungal rRNA genes (Chapter I1I). We revealed an obvious biogeographic difference in the mycobiota
composition along the GI tract, with the crop, ventriculus, and duodenum being more diverse than the
jejunum, ileum, cecum, and colon. The intestinal mycobiome was dominated by Ascomycota and
Basidiomycota, with three genera including Microascus, Trichosporon, and Aspergillus accounting
for over 83% of the total fungal population in any given segment, except for the duodenum, which
harbored the most diverse fungal community. Antibiotic supplementation at 55 mg/kg was shown to

decrease cecal diversity on day 14.

A second study was further conducted to characterize the biogeography of the mycobiome at
the market age, day 42 (Chapter IV). Additionally, luminal contents were collected from four GI
locations (duodenum, jejunum, ileum, and cecum) at seven time points throughout an entire
production cycle (days 3, 7, 14, 21, 27, 35, and 42) to evaluate the succession of the mycobiome.
Diversity was once again shown to be highest in the upper GI tract. However, an age effect was

observed as the jejunum displayed the greatest diversity on day 42. The genera Gibberella was the
2



most abundant in this study regardless of age or GI location, followed by Aspergillus and Candida.
Evaluation of the fungal composition at the feature level revealed a clear passage of four fungal
consortia down the GI tract as birds aged. In total, these results revealed the chicken intestinal

mycobiome to be transient in nature and highly influenced by the environment.

A third study was conducted to better understand the effect of antibiotics on intestinal
microbes (Chapter V). Broiler chicks were raised for 14 days and supplemented with or without one
of five commonly used antibiotics including three classical antibiotics (bacitracin methylene
disalicylate, tylosin, and virginiamycin) and two ionophores (monensin and salinomycin) that differ
in antimicrobial spectrum and mechanisms. Illumina sequencing of the V3-V4 region of the bacterial
16S rRNA gene revealed each treatment to modulate the gut microbiota differently with ionophores
having the strongest effect. Importantly, all treatments had a strong tendency to enrich butyrate- and
lactic acid-producing bacteria, while reducing bile salt hydrolase-producing bacteria, suggesting
enhanced metabolism and utilization of dietary carbohydrates and lipids and improved energy

harvest.

Collectively, we have comprehensively characterized the biogeography and succession of the
chicken intestinal mycobiota throughout one entire production cycle, and its response to BMD.
Furthermore, we have added to the knowledge regarding the effect of antibiotics on intestinal
microbiota showing antibiotic-specific modulation of cecal bacteria. This data lays the foundation for
future work investigating the potential of intestinal microbiota manipulation as a novel strategy to

develop alternatives to antibiotics for livestock applications.



CHAPTER II

REVIEW OF LITERATURE

COMPOSITION AND MODULATION OF THE INTESTINAL MYCOBIOME OF HUMANS

AND LIVESTOCK ANIMALS



ABSTRACT

The rise in antibiotic resistance in recent years has led to a ban on the use of medically important
antibiotics in livestock diets. Additionally, consumer preference has shifted to a preference for
antibiotic free products creating an urgent need for effective antibiotic alternatives. As
subtherapeutic antibiotics are widely considered to improve animal performance through
modulation of the intestinal microbiota, extensive work has been accomplished regarding
characterization of the bacterial communities of humans and livestock and their response to
antibiotic supplementation. However, very little is known regarding the smaller microbial
populations including fungi, viruses, archaea, and protozoa. Fungi in particular are known to
assist in the breakdown of dietary fiber and stimulate host immune function. This makes them an
intriguing target for future research focused on antibiotic mechanism of action and the discovery
of novel probiotics. However, overgrowth of several species is known to be pathogenic indicating
a delicate balance within the intestinal ecosystem. In this review we summarized recent research
regarding composition of the intestinal fungal population, known as the mycobiome, of humans,
mice, and livestock animals as well its modulation by diet and antibiotic supplementation. While
work in this area is increasing, very little has utilized advanced sequencing technology to
comprehensively evaluate fungal communities. We believe that modulation of the intestinal
mycobiota may be a novel alternative to antibiotics. However, additional work using deep

sequencing technology is first needed to characterize the mycobiome in different species.

Keywords: mycobiome, mycobiota, fungal microbiome, antibiotic alternative, antimicrobial

resistance



INTRODUCTION

Subtherapeutic antibiotics were first discovered to improve growth in livestock animals in the
1940’s (1) and subsequently became common additives of livestock diets to improve production
performance (2, 3). However, increased microbial resistance linked to antibiotic use in food
animals has led to a ban on antimicrobial growth promoters and a change in consumer preference
towards products from animals raised without antibiotics (2, 4, 5). This has, therefore, created a

need to develop antibiotic alternatives to ensure animal health and growth performance.

Antibiotics are hypothesized to improve animal performance through modulation of the
intestinal microbiota (3, 6-9), which is a unique ecosystem consisting primarily of bacteria with
smaller populations of fungi, viruses archaea, and protozoa. The intestinal microbiota plays a vital
role in host health and metabolism through its effects on feed digestion, nutrient absorption,
vitamin synthesis, and immune system development (10-12). To date, research has focused
almost exclusively on the bacterial portion of the intestinal microbiota with very little known

regarding the smaller populations.

Fungi have been shown to account for less than 0.03% of the fecal microbiota of humans
and are typically considered to be part of the “rare biosphere” (13). However, a typical fungal cell
is >100 times larger than a bacterial cell and make up a large portion of the microbial biomass
(14). Overgrowth of fungal species such as Candida and Aspergillus is known to cause disease in
humans with recent work associating fungal dysbiosis with intestinal and extra-intestinal diseases
(14-16). Nevertheless, yeasts species such as Saccharomyces cerevisiae have been shown to be
beneficial and are commonly used as probiotics for human and livestock applications (17-19). A
better understanding of the fungal community, known as the mycobiome, lays the groundwork for

future studies investigating modulation of this community to improve animal growth and health.



The first step in understanding the mycobiome is characterization of its composition in
different species. Here we provide a review of the current literature regarding the intestinal
mycobiome of humans and livestock animals and its modulation by diet and antibiotic
supplementation. While the phyla Ascomycota and Basidiomycota predominate, mycobiome
composition varies dramatically between species with factors such as age and diet playing a

significant role on composition in each specie.

FUNGI IN HUMANS AND MICE

The presence of fungi in the human intestinal tract was recorded as early as 1917 by H. W.
Anderson (20). Culture studies have identified fungi in the stool of infants as early as 1 week old
with Candida spp. being the primary member observed (21-23). More recent investigations using
[llumina deep sequencing technology have expanded this knowledge by identifying Candida
species such as C. parapsilosis, C. tropicalis, C. orthopsilosis, and C. albicans, as well as
Saccharomyces cerevisiae, Cladosporium velox, Cryptococcus pseudolongus, Debaryomyces
hansenii, and Rhodotorula mucilagnosa on the skin, oral cavity, and fecal samples of infants (24,
25). The infant mycobiome was observed to be relatively stable over the first month of life (25)
while sampling from 10 days of age to 2 years old revealed an increase in alpha diversity with age
(24). Several species were found to overlap between the maternal and infant mycobiomes with
offspring mycobiomes beginning to converge toward maternal patterns at 1 and 2 years of age

(24).

In adults, mycobiome composition is known to vary by sampling location. [llumina ITS1
sequencing of oral wash samples revealed the presence of 81 genera with Candida, Aspergillus,
Cladosporium, Aureobasidium, Penicillium, Schizophyllum, Rhodotorula, and Gibberella being
the most abundant (26-28). The stomach was originally thought to be incompatible with microbial

growth due to the harsh environment. However, E. C. von Rosenvinge et al. (29) found between



19 and 81 genus-level fungal OTUs in the stomach of adults with Candida and Phialemonium
being found in all samples. However, 77.5% of all sequences could not be classified indicating a

need for better reference databases for this intestinal location (29).

An early culture-based study of the small intestine identified 26 and 20 species in the
jejunum and ileum, respectively (30). Culture-independent studies of these sites are limited.
However, a metatranscriptome analysis of two patients receiving an ileostomy revealed the
presence of Candida and Saccharomyces (31) while 18S rDNA polymerase chain reaction
denaturing gradient gel electrophoresis (PCR-DGGE) analysis of ileal effluent also identified
Coccidioides, Kluyveromyces, Fusarium, Ajellomyces, Aspergillus, and Cryptococcus (32). The
feces of humans harbors between 10 and 10° cfu/g of cultivable fungi (33). Culture-independent
studies of the fecal mycobiome have revealed a high amount of inter- and intra-individual
variation (13, 34-37). Nevertheless, the genera Candida and Saccharomyces were identified in
every study with Malassezia, Aspergillus, Mucor, Penicillium, and Debayomyces also identified
in multiple studies (13, 34-37). By following the fecal mycobiome of 147 volunteers across three
timepoints, A. K. Nash et al. (34) identified three OTUs, namely S. cereisiae, M. restricta, and C.
albicans, to be present at all sampling time points in 63.6 to 92.2% of volunteers. The authors
speculated that they may represent a core mycobiome. However, additional work supporting the

idea of a core mycobiome has not emerged.

As intestinal fungi are part of a larger ecosystem, a few studies have investigated the
relationship between the relative abundance of bacteria and fungi in human feces. A. K. Nash et
al. (34), found several positive and negative correlations with Rikenellaceae and Botrytis
displaying the strongest positive correlation while the strongest negative correlation was between
Penicillium and Faecalibacterium. Additional studies have revealed a positive correlation
between Aspergillus and Bifidobacterium and a negative association between Candida and

Bacteroides (35, 38).



In mice, fungal load was shown to increase from the ileum to distal colon (39-41). While
several of the same genera were identified in both mice and humans, the murine mycobiome
appeared surprisingly different from that of humans. Oligonucleotide fingerprinting of rRNA
genes (OFRG) analysis of restricted flora and specific pathogen free mice revealed high
abundance of Monilinia, Acremonium, Alternaria, Fusarium, and Cryptococcus (40). More recent
studies using next-generation sequencing revealed the presence of approximately 50 genera with
over 97% of sequences belonging to only 10 species (39). While 1. D. Iliev et al. (39) identified
Candida, Saccharomyces, and Trichosporon in fecal samples (39), additional studies revealed
very low abundance of these genera with members of Wickerhamomyces, Debaryomyces,

Aspergillus, and Penicillium being most dominant (41, 42).

The murine mycobiome was also observed to change drastically over time. S. Dollive et
al. (42) revealed the fecal mycobiome to be highly diverse for the first eight days of the
experiment with no genera being predominate. A bloom of Whickerhamomyces anomalus was
observed on day 15 becoming the most abundant species until day 22 when fecal mycobiomes
diverged by cage (42). Specifically, one cage returned to a heterogenous state while the other was

dominanted by Debaryomyces hansenii on day 22 and Eurotiales spp. on day 75 (42).

FUNGI IN LIVESTOCK ANIMALS

Supplementation of livestock diets with yeast species has been shown to improve production
performance (43-45). A few species have been found to be pathogenic with Candida, Aspergillus,
and Fusarium being associated with abortions and disease in livestock (46-52). However, only a

handful of studies provide information on mycobiome composition in healthy animals.

RUMINANTS

Anaerobic fungi were first detected in ruminant animals by C. G. Orpin (53) and considerable

work has been accomplished since then to understand this community. Fungi have been detected
9



in the rumen of lambs as early as 8 days of age (54) but were not detected in dairy calves until
after weaning (55). In both cases they were preceded by bacterial colonization (54, 55).
Anaerobic fungi concentration is highest in the rumen and omasum with abundance decreasing in
the small intestine before increasing again in the large intestine and feces (56). Studies using
anaerobic fungi specific primers have found the genera Neocallimastix, Orpinomyces, Piromyces,
and Caecomyces in the rumen of beef and dairy cattle (57-60). All four are part of the family
Neocallimastigaceae which has been shown to strongly co-occur with Bacteroidales, Prevotella,
Clostridia, and Lachnospiraceae in the rumen of dairy cattle (59). These fungi are efficient at
degrading cellulose while displaying limited ability to degrade protein sources (61, 62). For this
reason, anaerobic fungi are thought to be the first to attach to fibrous material and contribute

more to the degradation of plant material than rumen bacteria (63, 64).

Sequencing of rumen content using universal fungal primers such as ITS or 18S has
revealed the presence of aerobic fungi as well with approximately 200 fungal genera identified
(65, 66). Anaerobic fungi were found to predominate the rumen of sheep, cattle, and deer from
New Zealand (67), and were the only fungi identified in the feces and rumen of dairy cattle
sampled from two weeks of age to the first lactation (55). The latter is contradictory to a study by
A. N. Hristov et al. (65) who found Neocallimastix to account for less than 3.5% of rumen
mycobiota in dairy cows. A more recent study found anaerobic Neocallimastigaceae along with
Orpinomyces and Piromyces to be most abundant in Holstein cows fed a high fiber diet while an
increase in aerobic fungi belonging to the phylum Ascomycota was observed following switch to
high grain diet (66). The most abundant aerobic fungi observed in the rumen include
Eupenicillium, Pichia, Candida, Aspgergillus, Fusarium, Trichosporon, and Cladosporium (65,

66).

POULTRY

10



While several studies have investigated the role of Aspergillus and Fusarium in poultry disease
(49-52), few have sought to understand the commensal fungal population. In broilers, fungal
burden has been found to range from 1.6 x 10*to 3.9 x 10° cfu/g digesta with load being lowest in
the cecum followed by the proventriculus and jejunum (68). Candida has been most often
identified by culture-dependent studies followed by Saccharomyces, Geotrichum, Trichosporon,
and Rhodotorula (68-71). Contrary to these results, J. A. Byrd et al. (72) identified 88 fungal
species from the ceca of broiler chickens with Aspergillus being the most frequently identified

followed by Penicillium, Verticillium, and Sporidiobolus.

To date, only two studies have used culture-independent methods to investigate the
poultry mycobiome. Using 454 Roche sequencing only two Cladosporium species were detected
in the cecum of broilers fed unmedicated diet, although another 17 fungal species were detected
in animals supplemented with essential oils (73). More recently, ITS2 deep-sequencing of the
turkey ileum revealed Sarocladium kiliense to be most abundant followed by Candida, Dothidea,
and Cladosporium species (74). While the same four genera were predominant over time,
sequential sampling of birds from the same cage revealed an increase in ileal alpha diversity over

time (74).
PIGS

Contrary to other species, pigs appear to harbor a distinct commensal mycobiome dominanted by
Kazachstania slooffiae (75-81). While very little is known about this yeast, characterization of the
cell contents revealed abundant concentrations of amino acids including aspartic acid, glutamic
acid, alanine, valine, isoleucine, leucine, lysin, proline and tryptophan (82). Exogenous
supplementation of K. slooffiae after weaning was associated with in an increase in short chain
fatty acid production, primarily propionic and valeric acid, and increased bacterial diversity (78).

Along with K. slooffiae, members of Pichia, Saccharyomyces, Trichosporon, and Cryptococcus
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were identified by culture or PCR-DGGE (79-81), while Hyphopichia and Wallemia were

identified as abundant using ITS2 deep sequencing (75).

Investigation of the fecal mycobiome as pigs age revealed a low fungal load and very
little change in fungal composition from birth to weaning at 21 days of age (77). A dramatic shift
was observed at weaning with diversity increasing and the predominate family Cladosporiaceae
being replaced by Saccharomycetaceae (77). The community then remains stable through at least
35 days of age (76, 77). It is interesting to note that the dominant species K. slooffiae is not
observed until after weaning (75, 77, 78). One study investigating biogeography of the piglet
mycobiome on day 39 found fungal diversity to be highest in the stomach before decreasing in
the small intestine and increasing again in the colon (77). While four genera were found to be
abundant across all gastrointestinal locations, beta diversity analysis found stomach and feces

samples to cluster independently of the small intestine segments (77).

Similar to humans and dairy cattle, members of the porcine intestinal mycobiome have
been shown to correlate with bacterial members. Using PCR-DGGE, total fecal yeast counts were
positively correlated with Lactobacilli and negatively correlated with Enterobacteria (79). More
recently, ITS2 sequencing revealed Kazachstanie to be positively correlated with several genera
including Alloprevotella, Lactobacillus, Prevotella 9, and Subdoligranulum (75). The genera
Aspergillus, Cladosporium, Hyphopichia, and Wallemia were negatively correlated with multiple
bacterial species with the most notable association being the negative correlation between

Aspergillus and short chain fatty acid producing bacteria (75).

EFFECT OF DIET ON THE INTESTINAL MYCOBIOME

Diet is observed to be a major driver of intestinal mycobiome composition regardless of species.
Characterization of the human mycobiome in association with the Human Microbiome Project

did not reveal any significant associations between mycboiota composition and the metadata
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collected (34). This led the authors to speculate that factors such as diet, environment, daily
cycles, and host genetics probably play a larger role in influencing fungal composition (34). In
agreement with this, fecal mycobiomes of individuals on a vegetarian diet were dominated by
Fusarium, Malassezia, Penicillium, and Aspergillus species with only low levels of Candida
observed (37). Furthermore, fecal pellets of mice fed a high fat diet had a high abundance of C.

albicans while S. cerevisiae was predominant in mice fed a normal diet (83).

As mentioned previously, switching dairy cattle from a high fiber to a high grain diet was
associated with increased fungal diversity (66). Specifically an increase in aerobic fungi
belonging to the phyla Ascomycota was observed which was associated with a concomitant
decrease in anaerobic fungi (66) and decrease in anaerobic fungal diversity and load (57, 58, 60,
84). This change in composition is most likely due to the introduction of new fungal species in
high concentrate diets combined with a reduction in cellulose, a preferred substrate of anaerobic

fungi.

In pigs, dietary modulation of the mycobiota is most strongly associated with weaning
and the introduction of solid feed (77). However, supplementation of piglet diets with
transgalacto-oligosaccharides post-weaning was able to increase fecal yeast burden as compared
to piglets on a control diet or the control diet supplemented with fructos-oligosaccharides (85).
Additionally, fungal burden increased in the digesta of growing pigs fed a fermented liquid diet

versus a nonfermented liquid diet (86).

MODULATION OF INTESTINAL MYCOBIOTA BY ANTIBIOTICS

Sub-therapeutic antibiotic supplementation is known to improve performance of livestock
animals with modulation of intestinal microbial communities being most often proposed as the
mechanism of action (3, 6-9). The effect of antibiotics on the mycobiome, though, is still unclear.

Evaluation of stomach fluid revealed a striking reduction in fungal richness in one patient taking
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antibiotics (29). Conversely, diversity was shown to be higher in antibiotic induced remission of
pouchitis and to decrease when patients were switched to a placebo or probiotic treatment (87). A
similar increase in diversity was observed in. mice provided an antibiotic cocktail which further
showed an ability of the mycobiota to return to normal following cessation of antibiotic treatment

(42).

Only two studies have investigated the mycobiome of livestock animals in the presence
of antibiotics. In cattle, supplementation of diets with either monensin or nisin reduced the total
rumen fungal population in vitro (88). In turkeys, sub-therapeutic BMD supplementation had no
effect on the ileal mycobiota (74). While it is unlikely that antibiotics attack intestinal fungi
directly, their effects on the bacterial population could results in subsequent changes in the
mycobiome. More work is needed in this area to fully elucidate the broader effects of antibiotics

on the intestinal microbial populations as a whole.

CONCLUSION

While work has begun to be completed regarding the intestinal mycobiome, research on this
population is currently scarce with large variations observed between studies. Traditional culture
based studies often identified Candida as the most abundant species of humans and monogastric
animals. However, application of next-generation sequencing technology has revealed mycobiota
composition to be unique in each species. The observation that diet is a major driver of fungal
composition, along with the lack of a “core mycobiome”, indicates that fungi may be transient in
nature with very few capable of colonizing the intestinal tract. While some fungal species are
currently used as probiotic supplements, it has yet to be determined if modulation of the
community is a viable target for antibiotic alternatives. In total, more work is needed in this area

to determine not only mycobiome composition but its role in health and disease.

14



REFERENCES

1. Moore PR, Evenson A, et al. 1946. Use of sulfasuxidine, streptothricin, and streptomycin in

nutritional studies with the chick. J Biol Chem 165:437-41.

2. Seal BS, Lillehoj HS, Donovan DM, Gay CG. 2013. Alternatives to antibiotics: a symposium

on the challenges and solutions for animal production. Anim Health Res Rev 14:78-87.

3. Broom LJ. 2017. The sub-inhibitory theory for antibiotic growth promoters. Poult Sci

96:3104-3108.

4. Lhermie G, Grohn YT, Raboisson D. 2016. Addressing antimicrobial resistance: an overview
of priority actions to prevent suboptimal antimicrobial use in food-animal production. Front

Microbiol 7:2114.

5. Thanner S, Drissner D, Walsh F. 2016. Antimicrobial resistance in agriculture. MBio

7:€02227-15.

6. Coates ME, Fuller R, Harrison GF, Lev M, Suffolk SF. 1963. A comparison of the growth of
chicks in the Gustafsson germ-free apparatus and in a conventional environment, with and

without dietary supplements of penicillin. Br J Nutr 17:141-50.

7. Allen HK, Stanton TB. 2014. Altered egos: antibiotic effects on food animal microbiomes.

Annu Rev Microbiol 68:297-315.

8. Yadav S, Jha R. 2019. Strategies to modulate the intestinal microbiota and their effects on

nutrient utilization, performance, and health of poultry. J Anim Sci Biotechnol 10:2.

9. Angelakis E. 2017. Weight gain by gut microbiota manipulation in productive animals.

Microb Pathog 106:162-170.

15



10.

11.

12.

13.

14.

15.

16.

17.

18.

Lalles JP. 2016. Microbiota-host interplay at the gut epithelial level, health and nutrition. J

Anim Sci Biotechnol 7:66.

Durack J, Lynch SV. 2019. The gut microbiome: Relationships with disease and

opportunities for therapy. J Exp Med 216:20-40.

Wang G, Huang S, Wang Y, Cai S, Yu H, Liu H, Zeng X, Zhang G, Qiao S. 2019. Bridging
intestinal immunity and gut microbiota by metabolites. Cell Mol Life Sci

doi:10.1007/s00018-019-03190-6:doi: 10.1007/s00018-019-03190-6.

Ott SJ, Kuhbacher T, Musfeldt M, Rosenstiel P, Hellmig S, Rehman A, Drews O, Weichert
W, Timmis KN, Schreiber S. 2008. Fungi and inflammatory bowel diseases: Alterations of

composition and diversity. Scand J Gastroenterol 43:831-41.

Underhill DM, Lliev LD. 2014. The mycobiota: interactions between commensal fungi and

the host immune system. Nature Reviews Immunology 14:405-416.

Huseyin CE, O'Toole PW, Cotter PD, Scanlan PD. 2017. Forgotten fungi-the gut mycobiome

in human health and disease. FEMS Microbiol Rev 41:479-511.

Limon JJ, Skalski JH, Underhill DM. 2017. Commensal Fungi in Health and Disease. Cell

Host Microbe 22:156-165.

Bravo MV, Bunout D, Leiva L, de la Maza MP, Barrera G, de la Maza J, Hirsch S. 2008.
[Effect of probiotic Saccharomyces boulardii on prevention of antibiotic-associated diarrhea

in adult outpatients with amoxicillin treatment]. Rev Med Chil 136:981-8.

Guslandi M, Giollo P, Testoni PA. 2003. A pilot trial of Saccharomyces boulardii in

ulcerative colitis. Eur J Gastroenterol Hepatol 15:697-8.

16



19.

20.

21.

22.

23.

24.

25.

26.

Guslandi M, Mezzi G, Sorghi M, Testoni PA. 2000. Saccharomyces boulardii in maintenance

treatment of Crohn's disease. Dig Dis Sci 45:1462-4.

Anderson HW. 1917. The Yeast-like Fungi of the Human Intestinal Tract. University of

Illinois.

Benno Y, Sawada K, Mitsuoka T. 1984. The intestinal microflora of infants: composition of

fecal flora in breast-fed and bottle-fed infants. Microbiol Immunol 28:975-86.

Bliss JM, Basavegowda KP, Watson WJ, Sheikh AU, Ryan RM. 2008. Vertical and
horizontal transmission of Candida albicans in very low birth weight infants using DNA

fingerprinting techniques. Pediatr Infect Dis J 27:231-5.

Stewart CJ, Nelson A, Scribbins D, Marrs EC, Lanyon C, Perry JD, Embleton ND,
Cummings SP, Berrington JE. 2013. Bacterial and fungal viability in the preterm gut: NEC

and sepsis. Arch Dis Child Fetal Neonatal Ed 98:F298-303.

Schei K, Avershina E, Oien T, Rudi K, Follestad T, Salamati S, Odegard RA. 2017. Early gut

mycobiota and mother-offspring transfer. Microbiome 5:107.

Ward TL, Dominguez-Bello MG, Heisel T, Al-Ghalith G, Knights D, Gale CA. 2018.
Development of the Human Mycobiome over the First Month of Life and across Body Sites.

mSystems 3.

Dupuy AK, David MS, Li L, Heider TN, Peterson JD, Montano EA, Dongari-Bagtzoglou A,
Diaz PI, Strausbaugh LD. 2014. Redefining the Human Oral Mycobiome with Improved
Practices in Amplicon-based Taxonomy: Discovery of Malassezia as a Prominent

Commensal. PLoS One 9:¢90899.

17



27.

28.

29.

30.

31.

32.

33.

34.

Ghannoum MA, Jurevic RJ, Mukherjee PK, Cui F, Sikaroodi M, Naqvi A, Gillevet PM.
2010. Characterization of the oral fungal microbiome (mycobiome) in healthy individuals.

PLoS Pathog 6:¢1000713.

Peters BA, Wu J, Hayes RB, Ahn J. 2017. The oral fungal mycobiome: characteristics and

relation to periodontitis in a pilot study. BMC Microbiol 17:157.

von Rosenvinge EC, Song Y, White JR, Maddox C, Blanchard T, Fricke WF. 2013. Immune
status, antibiotic medication and pH are associated with changes in the stomach fluid

microbiota. ISME J 7:1354-66.

Cohen R, Roth FJ, Delgado E, Ahearn DG, Kalser MH. 1969. Fungal flora of the normal

human small and large intestine. N Engl J Med 280:638-41.

Leimena MM, Ramiro-Garcia J, Davids M, van den Bogert B, Smidt H, Smid EJ, Boekhorst
J, Zoetendal EG, Schaap PJ, Kleerebezem M. 2013. A comprehensive metatranscriptome
analysis pipeline and its validation using human small intestine microbiota datasets. BMC

Genomics 14:530.

Li QR, Wang CY, Zhang Q, Tang C, Li N, Ruan B, Li JS. 2012. Use of 18S ribosomal DNA
polymerase chain reaction-denaturing gradient gel electrophoresis to study composition of

fungal community in 2 patients with intestinal transplants. Hum Pathol 43:1273-128]1.

Simon GL, Gorbach SL. 1984. Intestinal flora in health and disease. Gastroenterology

86:174-93.

Nash AK, Auchtung TA, Wong MC, Smith DP, Gesell JR, Ross MC, Stewart CJ, Metcalf
GA, Muzny DM, Gibbs RA, Ajami NJ, Petrosino JF. 2017. The gut mycobiome of the

Human Microbiome Project healthy cohort. Microbiome 5:153.

18



35.

36.

37.

38.

39.

40.

41.

Hoffmann C, Dollive S, Grunberg S, Chen J, Li H, Wu GD, Lewis JD, Bushman FD. 2013.
Archaea and fungi of the human gut microbiome: correlations with diet and bacterial

residents. PLoS One 8:¢66019.

Mar Rodriguez M, Perez D, Javier Chaves F, Esteve E, Marin-Garcia P, Xifra G, Vendrell J,
Jove M, Pamplona R, Ricart W, Portero-Otin M, Chacon MR, Fernandez Real JM. 2015.

Obesity changes the human gut mycobiome. Sci Rep 5:14600.

Suhr MJ, Banjara N, Hallen-Adams HE. 2016. Sequence-based methods for detecting and

evaluating the human gut mycobiome. Lett Appl Microbiol 62:209-15.

Strati F, Cavalieri D, Albanese D, De Felice C, Donati C, Hayek J, Jousson O, Leoncini S,
Renzi D, Calabro A, De Filippo C. 2017. New evidences on the altered gut microbiota in

autism spectrum disorders. Microbiome 5:24.

Iliev ID, Funari VA, Taylor KD, Nguyen Q, Reyes CN, Strom SP, Brown J, Becker CA,
Fleshner PR, Dubinsky M, Rotter JI, Wang HL, McGovern DP, Brown GD, Underhill DM.
2012. Interactions between commensal fungi and the C-type lectin receptor Dectin-1

influence colitis. Science 336:1314-7.

Scupham AlJ, Presley LL, Wei B, Bent E, Griffith N, McPherson M, Zhu F, Oluwadara O,
Rao N, Braun J, Borneman J. 2006. Abundant and diverse fungal microbiota in the murine

intestine. Appl Environ Microbiol 72:793-801.

Qiu X, Zhang F, Yang X, Wu N, Jiang W, Li X, Li X, Liu Y. 2015. Changes in the
composition of intestinal fungi and their role in mice with dextran sulfate sodium-induced

colitis. Sci Rep 5:10416.

19



42.

43.

44,

45.

46.

47.

48.

49.

50.

Dollive S, Chen YY, Grunberg S, Bittinger K, Hoffmann C, Vandivier L, Cuff C, Lewis JD,
Wu GD, Bushman FD. 2013. Fungi of the murine gut: episodic variation and proliferation

during antibiotic treatment. PLoS One 8:¢71806.

Desnoyers M, Giger-Reverdin S, Bertin G, Duvaux-Ponter C, Sauvant D. 2009. Meta-
analysis of the influence of Saccharomyces cerevisiae supplementation on ruminal

parameters and milk production of ruminants. J Dairy Sci 92:1620-32.

Owens B, Tucker L, Collins MA, McCracken KJ. 2008. Effects of different feed additives
alone or in combination on broiler performance, gut microflora and ileal histology. Br Poult

Sc149:202-12.

Zhang AW, Lee BD, Lee SK, Lee KW, An GH, Song KB, Lee CH. 2005. Effects of yeast
(Saccharomyces cerevisiae) cell components on growth performance, meat quality, and ileal

mucosa development of broiler chicks. Poult Sci 84:1015-21.

Bouhet S, Hourcade E, Loiseau N, Fikry A, Martinez S, Roselli M, Galtier P, Mengheri E,
Oswald IP. 2004. The mycotoxin fumonisin B1 alters the proliferation and the barrier

function of porcine intestinal epithelial cells. Toxicol Sci 77:165-71.

Eustis SL, Kirkbride CA, Gates C, Haley LD. 1981. Porcine abortions associated with Fungi,

Actinomycetes, and Rhodococcus sp. Vet Pathol 18:608-13.

Todd JN, Wells GA, Davie J. 1985. Mycotic abortion in the pig. Vet Rec 116:350.

Throne Steinlage SJ, Sander JE, Brown TP, Lobsinger CM, Thayer SG, Martinez A. 2003.

Disseminated mycosis in layer cockerels and pullets. Avian Dis 47:229-33.

Javed T, Bunte RM, Dombrink-Kurtzman MA, Richard JL, Bennett GA, Cote LM, Buck

WB. 2005. Comparative pathologic changes in broiler chicks on feed amended with Fusarium

20



51.

52.

53.

54.

55.

56.

57.

58.

proliferatum culture material or purified fumonisin B1 and moniliformin. Mycopathologia

159:553-64.

Kumar A, Jindal N, Shukla CL, Pal Y, Ledoux DR, Rottinghaus GE. 2003. Effect of

ochratoxin A on Escherichia coli-challenged broiler chicks. Avian Dis 47:415-24.

Ortatatli M, Oguz H, Hatipoglu F, Karaman M. 2005. Evaluation of pathological changes in
broilers during chronic aflatoxin (50 and 100 ppb) and clinoptilolite exposure. Res Vet Sci

78:61-8.

Orpin CG. 1975. Studies on the rumen flagellate Neocallimastix frontalis. J Gen Microbiol

91:249-62.

Fonty G, Gouet P, Jouany JP, Senaud J. 1987. Establishment of the Microflora and Anaerobic

Fungi in the Rumen of Lambs. J Gen Microbiol 133:1835-1843.

Dill-McFarland KA, Breaker JD, Suen G. 2017. Microbial succession in the gastrointestinal

tract of dairy cows from 2 weeks to first lactation. Sci Rep 7:40864.

Gordon GL, Phillips MW. 1998. The role of anaerobic gut fungi in ruminants. Nutr Res Rev

11:133-68.

Belanche A, Doreau M, Edwards JE, Moorby JM, Pinloche E, Newbold CJ. 2012. Shifts in
the rumen microbiota due to the type of carbohydrate and level of protein ingested by dairy

cattle are associated with changes in rumen fermentation. J Nutr 142:1684-92.

Denman SE, Nicholson MJ, Brookman JL, Theodorou MK, McSweeney CS. 2008. Detection
and monitoring of anaerobic rumen fungi using an ARISA method. Lett Appl Microbiol

47:492-9.

21



59.

60.

61.

62.

63.

64.

65.

66.

Kumar S, Indugu N, Vecchiarelli B, Pitta DW. 2015. Associative patterns among anaerobic
fungi, methanogenic archaea, and bacterial communities in response to changes in diet and

age in the rumen of dairy cows. Front Microbiol 6:781.

Tapio I, Fischer D, Blasco L, Tapio M, Wallace RJ, Bayat AR, Ventto L, Kahala M,
Negussie E, Shingfield KJ, Vilkki J. 2017. Taxon abundance, diversity, co-occurrence and
network analysis of the ruminal microbiota in response to dietary changes in dairy cows.

PLoS One 12:€0180260.

Dai X, Tian Y, Li J, Luo Y, Liu D, Zheng H, Wang J, Dong Z, Hu S, Huang L. 2015.
Metatranscriptomic analyses of plant cell wall polysaccharide degradation by microorganisms

in the cow rumen. Appl Environ Microbiol 81:1375-86.

Michel V, Fonty G, Millet L, Bonnemoy F, Gouet P. 1993. In vitro study of the proteolytic

activity of rumen anaerobic fungi. FEMS Microbiol Lett 110:5-9.

Akin DE, Borneman WS. 1990. Role of rumen fungi in fiber degradation. J Dairy Sci

73:3023-32.

Joblin KN, Campbell GP, Richardson AJ, Stewart CS. 1989. Fermentation of Barley Straw
by Anaerobic Rumen Bacteria and Fungi in Axenic Culture and in Co-Culture with

Methanogens. Lett Appl Microbiol 9:195-197.

Hristov AN, Callaway TR, Lee C, Dowd SE. 2012. Rumen bacterial, archaeal, and fungal
diversity of dairy cows in response to ingestion of lauric or myristic acid. J Anim Sci

90:4449-57.

Ishaq SL, AlZahal O, Walker N, McBride B. 2017. An Investigation into Rumen Fungal and

Protozoal Diversity in Three Rumen Fractions, during High-Fiber or Grain-Induced Sub-

22



67.

68.

69.

70.

71.

72.

73.

Acute Ruminal Acidosis Conditions, with or without Active Dry Yeast Supplementation.

Front Microbiol 8:1943.

Kittelmann S, Seedorf H, Walters WA, Clemente JC, Knight R, Gordon JI, Janssen PH. 2013.
Simultaneous amplicon sequencing to explore co-occurrence patterns of bacterial, archaeal

and eukaryotic microorganisms in rumen microbial communities. PLoS One 8:e47879.

Shokri H, Khosravi A, Nikaein D. 2011. A comparative study of digestive tract mycoflora of

broilers with layers. Iran J Vet Med 5:1-4.

Subramanya SH, Sharan NK, Baral BP, Hamal D, Nayak N, Prakash PY, Sathian B, Bairy I,
Gokhale S. 2017. Diversity, in-vitro virulence traits and antifungal susceptibility pattern of
gastrointestinal yeast flora of healthy poultry, Gallus gallus domesticus. BMC Microbiol

17:113.

Cafarchia C, latta R, Danesi P, Camarda A, Capelli G, Otranto D. 2019. Yeasts isolated from

cloacal swabs, feces, and eggs of laying hens. Med Mycol 57:340-345.

Sokol I, Gawel A, Bobrek K. 2018. The Prevalence of Yeast and Characteristics of the

Isolates from the Digestive Tract of Clinically Healthy Turkeys. Avian Dis 62:286-290.

Byrd JA, Caldwell DY, Nisbet DJ. 2017. The identification of fungi collected from the ceca

of commercial poultry. Poult Sci 96:2360-2365.

Hume ME, Hernandez CA, Barbosa NA, Sakomura NK, Dowd SE, Oviedo-Rondon EO.
2012. Molecular identification and characterization of ileal and cecal fungus communities in
broilers given probiotics, specific essential oil blends, and under mixed Eimeria infection.

Foodborne Pathog Dis 9:853-60.

23



74. Ward TL, Weber BP, Mendoza KM, Danzeisen JL, Llop K, Lang K, Clayton JB, Grace E,
Brannon J, Radovic I, Beauclaire M, Heisel TJ, Knights D, Cardona C, Kogut M, Johnson C,
Noll SL, Arsenault R, Reed KM, Johnson TJ. 2019. Antibiotics and Host-Tailored Probiotics
Similarly Modulate Effects on the Developing Avian Microbiome, Mycobiome, and Host

Gene Expression. MBio 10.

75. Artken AM, Frey JF, Ramsay TG, Summers KL. 2019. Yeasts of Burden: Exploring the

Mycobiome-Bacteriome of the Piglet GI Tract. Front Microbiol 10:2286.

76. Hu J, Nie Y, Chen J, Zhang Y, Wang Z, Fan Q, Yan X. 2016. Gradual Changes of Gut

Microbiota in Weaned Miniature Piglets. Front Microbiol 7:1727.

77. Summers KL, Frey JF, Ramsay TG, Arfken AM. 2019. The piglet mycobiome during the

weaning transition: a pilot studyl. J Anim Sci 97:2889-2900.

78. Urubschurov V, Busing K, Freyer G, Herlemann DP, Souffrant WB, Zeyner A. 2017. New
insights into the role of the porcine intestinal yeast, Kazachstania slooffiae, in intestinal

environment of weaned piglets. FEMS Microbiol Ecol 93.

79. Urubschurov V, Janczyk P, Souffrant WB, Freyer G, Zeyner A. 2011. Establishment of
intestinal microbiota with focus on yeasts of unweaned and weaned piglets kept under

different farm conditions. FEMS Microbiol Ecol 77:493-502.

80. Van Uden N, do SL. 1962. Quantitative aspects of the intestinal yeast flora of swine. J Gen

Microbiol 27:35-40.

81. Van Uden N, Do Sousa LC, Farinha M. 1958. On the intestinal yeast flora of horses, sheep,

goats and swine. J Gen Microbiol 19:435-45.

24



82.

&3.

&4.

85.

86.

&7.

88.

Urubschurov V, Busing K, Souffrant WB, Schauer N, Zeyner A. 2018. Porcine intestinal
yeast species, Kazachstania slooffiae, a new potential protein source with favourable amino

acid composition for animals. J Anim Physiol Anim Nutr (Berl) 102:e892-¢901.

Heisel T, Montassier E, Johnson A, Al-Ghalith G, Lin YW, Wei LN, Knights D, Gale CA.
2017. High-Fat Diet Changes Fungal Microbiomes and Interkingdom Relationships in the

Murine Gut. mSphere 2:¢00351-17.

Boots B, Lillis L, Clipson N, Petrie K, Kenny DA, Boland TM, Doyle E. 2013. Responses of
anaerobic rumen fungal diversity (phylum Neocallimastigomycota) to changes in bovine diet.

J Appl Microbiol 114:626-35.

Mikkelsen LL, Jakobsen M, Jensen BB. 2003. Effects of dietary oligosaccharides on
microbial diversity and fructo-oligosaccharide degrading bacteria in faeces of piglets post-

weaning. Animal Feed Science and Technology 109:133-150.

Canibe N, Jensen BB. 2003. Fermented and nonfermented liquid feed to growing pigs: effect

on aspects of gastrointestinal ecology and growth performance. J Anim Sci 81:2019-31.

Kuhbacher T, Ott SJ, Helwig U, Mimura T, Rizzello F, Kleessen B, Gionchetti P, Blaut M,
Campieri M, Folsch UR, Kamm MA, Schreiber S. 2006. Bacterial and fungal microbiota in

relation to probiotic therapy (VSL#3) in pouchitis. Gut 55:833-41.

Shen J, Liu Z, Yu Z, Zhu W. 2017. Monensin and Nisin Affect Rumen Fermentation and

Microbiota Differently In Vitro. Front Microbiol 8:1111.

25



CHAPTER III

CHICKEN INTESTINAL MYCOBIOME: INITIAL CHARACTERIZATION AND ITS

RESPONSE TO BACITRACIN METHYLENE DISALICYLATE

26



ABSTRACT

The gastrointestinal (GI) tract harbors a diverse population of microorganisms consisting of not
only bacteria, but also fungi, viruses, archaea, and protozoa. While much work has been focused
on the characterization of intestinal bacterial community, very little is known about the fungal
community, or mycobiota, in different animal species and chickens in particular. Here we
characterized the biogeography of the mycobiota along the GI tract of day-28 broiler chicks and
further examined its possible shift in response to bacitracin methylene disalicylate (BMD), a
commonly used in-feed antibiotic, through Illumina sequencing of the internal transcribed spacer
2 (ITS2) region of fungal rRNA genes. We revealed an obvious biogeographic difference in the
mycobiota composition along the GI tract, with the crop, ventriculus, and duodenum being more
diverse than the jejunum, ileum, cecum, and colon. The intestinal mycobiome was dominated by
Ascomycota and Basidiomycota, with three genera including Microascus, Trichosporon, and
Aspergillus accounting for over 83% of the total fungal population in any given segment, except
for the duodenum, which harbored the most diverse fungal community. We also observed an
obvious shift of the cecal mycobiota between day-14 and day-28 broilers. Dietary
supplementation of BMD at a subtherapeutic level of 55 mg/kg resulted in a significant decrease
in the cecal fungal diversity. Taken together, we provided a comprehensive biogeographic view
and maturation of the chicken intestinal mycobiota and its influence by an in-feed antibiotic. A
better understanding of intestinal mycobiota may lead to development of novel strategies to

improve poultry health and productivity.

KEYWORDS: Mycobiome, chickens, bacitracin methylene disalicylate, microbiome
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INTRODUCTION

The intestinal tract is home to a diverse microbial population consisting primarily of bacteria with
smaller populations of fungi, archaea, protozoa, and viruses (1, 2). To date, extensive work has
been performed to characterize the intestinal bacterial community. Dysbiosis of gut microbiota is
known to be associated with a variety of intestinal and extra-intestinal diseases (1, 2). However,
very little is known about non-bacterial populations of the intestinal tract. Recently, increased
work has been conducted to understand the fungal community of the human intestinal microbiota,
known as the mycobiota, and its role in health and disease (3, 4). While large individual
variations have been observed, human oral and intestinal fungi are known to belong primarily to
the phyla Ascomycota and Basidiomycota, with genera such as Saccharomyces, Candida,
Aspergillus, Cladosporium, Penicillium, Wallemia, Malassezia, Aureobasidium, and Epicoccum
being most often observed (3-5). Although fungal species comprise fewer than 1% of the
microorganisms in the human intestinal tract, recent work has demonstrated their ability to
modulate the innate and adaptive immune systems (6-8). Fungal dysbiosis has been linked to
multiple diseases such as inflammatory bowel disease, allergic airway disease, atopic dermatitis,

and alcoholic liver disease (3, 4, 9).

To date, most of the mycobiota research have focused on humans and mice. Little is
known regarding the intestinal mycobiota of livestock animals and nonruminants in particular.
Ruminant mycobiome research has primarily focused on anaerobic fungi belonging to the phylum
Neocallimastigomycota (10-14). First discovered in the rumen of sheep (15), anaerobic fungi are
thought to be the first to attach to fibrous material (16) and contribute more to the degradation of
plan material than cellulolytic bacteria (17). In pigs, Kazachstania sloofiae is the most frequently
detected species in weaned Landrace pigs in a culture-based study (18), whereas deep sequencing

identified Kazachstania telluris as the dominant fungal species in a miniature breed of weaned

pigs (19).
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In limited poultry mycobiome studies, all but one were culture-based and most were
restricted only to the cecum (20-25). Candida or Aspergillus was revealed to be the predominant
in the chicken cecum in culture-dependent studies. Surprisingly, the study that employed a
culture-independent pyrosequencing approach only detected two Cladosporium species in the
cecum of broilers fed unmedicated diet, although another 17 fungal species were detected in
animals supplemented with essential oils (20). Therefore, we sought to comprehensively
characterize the biogeography of the intestinal mycobiome of broiler chickens using Illumina
deep sequencing of the luminal contents throughout the GI tract. We further investigated the
maturation and the effect of subtherapeutic and therapeutic supplementation of bacitracin

methylene disalicylate (BMD), an in-feed antibiotic, on the cecal mycobiome composition.

MATERIALS AND METHODS

Animal trial

All animal trials were conducted in accordance with the Institutional Animal Care and Use
Committee of Oklahoma State University under protocol number AG-173. Day-of-hatch male
Cobb broiler chicks were obtained from Cobb-Ventress Hatchery (Siloam Springs, AR) and
randomly assigned to one of three dietary treatments with 12 birds per cage and 6 cages per
treatment. Birds were provided ad libitum access to feed and tap water for the entire duration of
the trial. Dietary treatments included antibiotic-free standard corn-soybean starter mesh diet or
the starter diet supplemented with BMD at subtherapeutic (55 mg/kg) or therapeutic (275 mg/kg)
levels. Birds were raised on floor cages with fresh dry pine wood shavings under standard
management in an environmentally controlled room with temperatures starting at 33°C and
decreasing 3°C every 7 days. Lighting for this trial included the light to dark ratio of 23:1 from
day 0 to 7, 16:8 from day 8 to 22, 17:7 on day 23, and 18:6 from day 24 to 28. To minimize

cross-contamination, birds in different treatments were housed in separate rows with physical
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barriers in between. On days 14 and 28, two birds per cage and 12 birds per treatment were
euthanized via CO, asphyxiation, and the cecal contents were collected to evaluate the effect of
BMD on the cecal mycobiome. Additionally, the luminal contents were collected from different
segments of the GI tract (crop, ventriculus, mid-duodenum, mid-jejunum, mid-ileum, cecum,
colon, and cloaca) on day 28 from 12 control birds for characterization of the chicken intestinal
mycobiome. The samples were immediately frozen in liquid nitrogen and stored at -80°C until

further processing.

DNA isolation and sequencing

Microbial DNA was isolated from intestinal contents using the ZR Fecal 96-Well DNA Isolation
Kit (Zymo Research, Irvine, CA) according to the manufacturer’s protocol. DNA quality and
quantity were determined using Nanodrop ND-1000 and the absence of degradation was
confirmed using agarose gel electrophoresis. High-quality DNA was shipped on dry ice to
Novogene (Novogene, Beijing, CA) for next generation PE250 sequencing of the ITS2 gene
using the ITS3 (GCATCGATGAAGAACGCAGC) and ITS4 (TCCTCCGCTTATTGATATGC)
primers on an Illumina HiSeq platform. PCR amplification and library preparation were
performed by Novogene using the NEBNext® Ultra™ DNA Library Prep Kit (New England

Biolabs, Ipswich, MA).

Bioinformatic analysis and statistics

[llumina paired-end reads were analyzed using the Deblur program (52) in Qiime2 (ver 2019.7)
(53). Deblur is capable of achieving single-nucleotide resolution based on error profiles within
samples and produces denoised sequences, known as amplicon sequence variants (ASVs) or exact
sequence variants (ESVs) which can be compared between studies. Fungal sequences were
processed using the ‘deblur denoise-other’ option with positive alignment-based filtering against

the UNITE reference database. Denoised sequences were classified into fungal features using the
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WARCUP v2 fungal ITS database and the Ribosomal Database Projects (RDP) Bayesian
Classifier (54, 55). A bootstrap confidence of 80% was used for taxonomic classification.
Features with a classification of less than 80% were assigned the name of the last confidently
assigned level followed by “ unidentified”. Species classification of the top 20 OTUs was
confirmed through BLASTN search of the nucleotide database of GenBank. Features appearing
in less than 5% of samples were removed from downstream analysis. Data was normalized using
cumulative sum scaling in the metagenomeSeq package of R (56). Analysis and visualization of
the mycobiota composition was conducted in R version 3.5.1 (57). The a- and B-diversities were
calculated with the phyloseq package version 1.24.2 (58). Plots were made using ggplot2 version

3.0.0 (59).

Normality of the data was determined using Shapiro Wilks test in R. Significant
differences in the a-diversity and the relative abundance were determined using Kruskal-Wallis
and multiple comparisons were performed using pairwise Wilcoxon Rank Sums test. The a-
diversity was calculated using Shannon Index and Observed OTUs. Results were plotted using
box and whisker plots, in which the middle line denotes the median value and the lower and
upper hinges represent the first and third quartiles, respectively. Whiskers extend from the hinge
to the highest or lowest value no farther than 1.5% the inter-quartile range. Points outside of this
range are considered outliers. The B-diversity was calculated using the Bray-Curtis and Jaccard
indices as dissimilarity measures of diversity and richness, respectively. Significant differences

were determined using ANOSIM in mothur (60).

Accession number

The raw sequencing reads of this study have been deposited in NCBI under the accession number

BioProject PRINAS512838.
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RESULTS

Biogeography of the chicken intestinal mycobiota

Male Cobb broiler chicks were fed an antibiotic-free, non-medicated diet under standard
management as recommended by Cobb-Vantress (Siloam Springs, AR). To characterize the
biogeography of intestinal mycobiota, luminal contents were obtained from eight different
segments of the GI tract (crop, ventriculus, duodenum, jejunum, ileum, cecum, colon, and cloaca)
of 12 heathy chickens on day 28. Microbial DNA was isolated and sequenced on an [llumina
HiSeq using the internal transcribed spacer 2 (ITS2) chemistry. Following quality control,
31,148,538 high-quality sequencing reads were obtained with an average of 249,188 sequences
per sample. Sequences were denoised using deblur and rare reads were removed resulting in

identification of 648 features at the single-nucleotide resolution.

The a-diversity of the intestinal mycobiota was determined using Shannon Index (Fig.
1A), Number of Observed Features (Fig. 1B), and Piclou’s Evenness Index (Fig. 1C),
respectively. All metrics revealed a significant difference in the a-diversity across the GI tract.
Interestingly, the mycobiome in the crop, ventriculus, and duodenum displayed the highest levels
of richness, evenness, and diversity. A sharp decrease in Shannon diversity was observed the
jejunum and ileum, while the lowest a-diversity was observed in the cecum. The overall a-
diversity was increased slightly in the colon and cloaca, both of which also display larger
variations among individual animals. A similar trend was observed for richness with cecum and
colon displaying the least number of features per sample. Evenness also followed a pattern
similar to that of the Shannon index and richness measurements. However, jejunum and ileum
were shown to have the least balanced communities followed by a slight increase in evenness in

the cecum, colon, and cloaca.
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To measure the difference in the mycobiota composition among the GI locations, f3-
diversity analysis was performed using the Bray-Curtis and Jaccard indices. ANOSIM analysis
revealed a significant difference in the B-diversity for both metrics (P < 0.001) with R values of
0.418 and 0.461 for the Bray-Curtis and Jaccard indices, respectively. Visualization of the Bray-
Curtis distance matrix using PCoA analysis revealed a tendency to form three clusters (Fig. 2A).
The first was dominated by the crop, colon, and cloaca, while the second and third were
comprised of ileum and cecum, respectively. Greater individual variations in the mycobiota
composition were observed for the ventriculus, duodenum, and jejunum. Similar results were
seen with the Jaccard index (Fig. 2B), with the exception of a tendency for the ventriculus
samples to cluster with the ileum, while the jejunal samples clustered with the cecum. Pairwise
comparisons revealed a significant difference in almost all comparisons regardless of index
(Supplementary Table 1). However, it should be noted that R values for significant comparisons
range from 0.088 to 0.874, indicating that some significant p-values do not reflect a true

difference in composition.

To further evaluate the mycobiota composition of day-28 broiler chickens, the relative
abundance was calculated at both the phylum and feature levels (Fig. 3). Ascomycota and
Basidiomycota were two most dominant phyla throughout the entire GI tract, representing 89-
99.9% of the total fungal population in any given segment (Fig. 3A). While Ascomycota
accounted for 72.6-88.0% of the fungi, Basidiomycota amounted to 11.7-27.4% (Data not
shown). Zygomycota and Glomeromycota were two minor phyla detected at an average of less
than 0.1% in each GI location, and approximately 0.02% fungi failed to be classified.

Collectively, the minor phyla and unidentified Fungi were denoted as “Others” (Fig. 3A).

Gut mycobiota appeared to be rather limited in diversity, with top 20 features accounting
for 66.8-96.3% of total fungal population in any given intestinal segment (Supplementary Table

2). In fact, all of the top 20 features were represented by members of the Microascus,
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Trichosporon, and Aspergillus genera. A BLAST search of the GenBank database further
confirmed that eleven of the top 20 features showed a 97 — 99% identity to the Microascus
member Scopulariopsis brevicaulis, while all four Trichosporon features showed a 97-100%
identity to 7. asahii. Due to the high resolution of the deblur algorithm, it is very likely that these
features represent several strains of one species or several closely related species in the GI tract.
Out of five Aspergillus species, F3, F10, F15, and F20 are 99-100% identical to several related
species of Aspergillus, while F13 is 99-100% identical to 4. versicolor (Supplementary Table 2).
All of these top 20 features, showed a differential enrichment in different segments of the GI tract
(Supplementary Table 2). Furthermore, many of the highly homologous features were enriched
differently. For example, the relative abundance of S. brevicaulis F2, F5, and F8 varied greatly
throughout the GI tract. While S. brevicaulis F12 and F17 were most abundantly colonized in the
crop, colon and cloaca, S. brevicaulis F4 and F7 were found to consistently be absent from the

ileum and cecum (Supplementary Table 2).

Maturation of the cecal mycobiome

Previous work in poultry has demonstrated a maturation of the cecal bacteriome as birds age (26-
28). To evaluate developmental succession of the mycobiota, the cecal contents were collected
from 12 healthy male Cobb broiler chickens at 14 and 28 days of age and analyzed for their
mycobiota compositions. No significant difference was observed for either the Shannon Index
(Fig. 4A), Observed Features (Fig. 4B), or Pielou’s Evenness Index (Fig. 4C). A large inter-
individual variation appeared to be present on day 14 versus day 28. This was especially true for
sample richness. Additionally, B-diversity analysis revealed a significant separation between day
14 and day 28 for the Bray-Curtis (Fig. 5A) index, although ANOSIM analysis revealed the
separation to be weak, as indicated by R = 0.267. Similar to a-diversity, the Jaccard (Fig. 5B)

index found no difference in richness between day 14 and day 28.

34



Compositionally, the cecal mycobiome did appear to undergo a substantial change in
composition. This was most clearly seen by a strong increase in Ascomycota, and subsequent
decrease in Basidiomycota, abundance on day 28 relative to day 14 (Fig. 6A). Relative abundance
of fungal features revealed two Trichosporon asahii features (F1 and F9) to dominate every
sample on day 14 followed by members of Scopulariopsis brevicaulis (F8 and F11) and
Aspergillus sp. (F3 and F15) (Fig. 6B). An increase in three S. brevicaulis features (F8, F11, and
F21) was observed on day 21 along with an increase in the Aspergillus feature F3. Statistical
analysis on the top 20 features using Kruskal-Wallis test did not reveal any significant differences

at FDR < 0.05 (Supplementary Table 3).

Effect of BMD on the cecal mycobiome

A number of studies have demonstrated the ability of antibiotics to modulate the chicken
intestinal bacterial community (29-32). To determine the potential effect of antibiotics on
intestinal mycobiome, day-of-hatch male Cobb chicks were fed unmedicated feed or feed
supplemented with either a subtherapeutic (55 mg/kg) or therapeutic level (275 mg/kg) of BMD,
a commonly used in-feed antibiotic, continuously for 14 days, followed by analysis of the cecal
contents from 12 chickens in each of the three groups. Although we failed to observe any
significance difference in growth performance of chickens (data not shown), the a-diversity
analysis of the cecal mycobiome revealed a significant decrease in both the diversity and richness
in response to BMD (Fig. 7). The Shannon index revealed a decrease in overall diversity in
response to both doses of BMD. However, the shift was only found to be significant for the
subtherapeutic group. Cecal richness appeared to dose dependently increase in response to BMD
with the therapeutic group being significantly greater than both control and subtherapeutic BMD.
A similar trend to the Shannon Index was observed for community evenness with no significant
difference between groups (Fig. 7C). It should be noted that a high degree of variation in all

indices was observed for both the control and therapeutic BMD groups. The pB-diversity analysis
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revealed a significant difference in the mycobiome composition as measured by both overall
diversity (P <0.001, R =0.269) (Fig. 8A) and richness (P = 0.001, R = 0.448) (Fig. 8B). Both
indices revealed two distinct clusters with both doses of BMD clustering largely separately from
the controls. Pairwise comparisons revealed a significant difference between all three groups for
the Jaccard index with the strongest difference observed between control and BMDS55 (R = 0.570)
(Supplementary Table 4). For the Bray-Curtis index, both doses of BMD were significantly

different from control but not different from one another.

Investigation of the relative abundance of different fungal phyla in the chicken cecum
revealed no significant difference (FDR > 0.05) in either the Basidiomycota or Ascomycota
populations in response to BMD. Basidiomycota accounted for 69.1 — 81.5% of all fungi while
Ascomycota relative abundance ranged from 18.5 — 30.8% (Data not shown). Trichosporon,
Aspergillus, and Microascus were the dominant genera regardless of age (Fig. 9A). An increase
in Aspergillus was observed in response to BMD treatment at the expense of Microascus. A
number of features were shown to be significantly regulated by BMD with closely related
features being regulated differently (Fig. 9B). For example, both doses of BMD had a tendency
(FDR = 0.068) to increase the abundance of 7. asahii F1 from approximately 27% in the control
group to 75% and 72% in the subtherapeutic and therapeutic groups, respectively. However, 7.
asahii F9 was completely abolished in both BMD groups while another 7. asahii feature (F34)
remained largely unchanged (Supplementary table 5). Similar results were observed with S.
brevicaulis features as F§8, F11, and F21 disappeared in the presence of BMD while F2 and F5
increased in a dose-dependent manner (Supplementary table 5). Additional features significantly
affected by BMD included enrichment of an unidentified Aspergillus sp, F3, Aspergillus
versicolor F13, and Debaryomyces hansenii F424, as well as depletion of Aspergillus sp F15,

Stenocarpella maydis FAS, and Debaryomyces hansenii F43 (Supplementary table 5).
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DISCUSSION

While extensive work has been performed in multiple animal species to characterize the intestinal
bacterial population and its relationship with health and disease, very little is known about the
intestinal mycobiota particularly in chickens. The fungal community is estimated to account for
approximately 0.02% of the intestinal mucosa-associated microbiota and 0.03% of the fecal
microbiota in humans, albeit with large variations among individuals (33). In humans and mice,
members of Ascomycota and Basidiomycota predominate, with low abundance of Zygomycota
and Chytridiomycota in the GI tract (3, 34). Culture-dependent studies have long identified
members of the genus Candida to be prevalent in the human GI tract (3), while culture-
independent techniques have typically revealed the presence of less than 100 fungal genera, with
Candida, Penicillium, Wallemia, Cladosporium, Cladosporium, and Saccharomyces being the
most prevalent in the stools of healthy individuals (3, 4). To date, at least 50 different fungal
genera have been identified in mice, with Candida, Saccharomyces, and Cladosporium being the
most common (4). Next generation sequencing of swine gut mycobiota has revealed the presence
of three phyla (Ascomycota, Basidiomycota, and Zygomycota) and 67 genera (19). The phylum
Ascomycota accounts for more than 97% of the sequence reads, while Kazachstania, a genus of

Ascomycota, is represented by over 78% of the sequences (19).

Previous limited investigations into the poultry mycobiome have relied primarily on
culture-based techniques. Using culture methods, most studies have reported fewer than 20 fungal
species and Candida has been frequently described as the most abundant genus in the GI tract of
chickens and turkeys, although dominant Candida species varies among different studies (21-24).
Besides Candida, Trichosporon, Geotrichum, Rhodotorula, and Saccharomyces have been
frequently isolated in chickens as well (21-23). However, one other culture-dependent study
reported the identification of 88 fungal species from over 3,000 cecal samples of broiler and layer

chickens, with Aspergillus, Penicillium, Verticillium, and Sporidiobolus being the top four genera
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(25), whereas a culture-independent 454 pyrosequencing method only revealed two fungal
species, Cladosporium sp. and Cladosporium sphaerospermum, in the cecum of broilers fed

unmedicated diets (20), presumably due to a lack of the sequencing depth.

In this study, we identified 659 unique fungal features in the chicken GI tract. Consistent
with previous studies in chickens and other animal species, our I[llumina deep sequencing
revealed a high abundance of Ascomycota throughout the GI tract of broiler chickens, followed
by Basidiomycota in day-28 broiler chickens. Both phyla account for 90-99% of all fungal
populations in any segment of the GI tract. Among all classifiable fungi, Microascus,
Trichosporon, Aspergillus, and Gibberella are the top four most abundant genera (data not
shown). Clearly, because of the depth of our sequencing approach, we have significantly

expanded the repertoire of the fungal community in the GI tract of chickens in this study.

Using the deblur method of denoising in Qiime2, we were able to achieve single-
nucleotide resolution in differentiating fungal features. Suprisingly, we identified Microascus as
the most dominant genus on day-28 with 11 of the top 20 features in the chicken GI tract
belonging to S. brevicaulis. This is in sharp contrast to previous studies. Furthermore, we did not
observe any Candida species in our study while others found it to be a major genus. Such
apparent discrepancies between our and several previously published studies are likely due to the
dietary, environmental, and technical differences among different studies. Most poultry studies
relied on culture-based methods, which are known to be biased towards fast-growing and non-
fastidious species (3), which is not surprising why the Candida species are frequently observed.
Additionally, it is well known that the microorganisms including fungi present in the diet and on
the flooring and caging materials are also major contributors to the intestinal microbiota (35, 36).
Furthermore, the age and genetic background of animals used in several studies could be
different. Nevertheless, the remaining top features belong to the genera Trichosporon and

Aspergillus, both of which have been reported in humans as well as in chickens (21-23).
38



It is noted that the top features in our study are most commonly associated with soil or
cereal grains, so their presence in the GI tract of broiler chickens likely originated from feed
ingredients or wood shavings used on the floor. For example, the most dominant Microascus
member, S. brevicaulis, in our study is a saprophyte and commonly found in soil, plant litter,
wood, dung, and animal remains (37). Other dominant Trichosporon and Aspergillus species are
also ubiquitous in soil and commonly associated with decaying plants and food material (38-40),
while Gibberella is most likely derived from the corn used in the feed as it often causes
Gibberella ear rot, a fungal disease manifested by the red or pink color of the mold starting at the

ear tip of corns (41).

Although they are likely to originate from the diet or the surrounding environment, most
of these fungi appear to be able to survive in the GI tract, because their abundance remains
relatively stable throughout the GI tract. In fact, S. brevicaulis has genetic potential to degrade a
large variety of plant substrates (42), while 7. asahii can assimilate a large variety of carbon and
nitrogen sources (38), which may contribute to their ability to survive and thrive in the poultry GI
tract. Whether these dominant fungal species play a beneficial role to the host and how they
interact with the host remain unknown. Further work is warranted to better understand the role of
these intestinal fungi in nutrient digestion, gut health, and disease resistance of poultry. It is worth
noting that many of the Microascus, Trichosporon, and Aspergillus species are considered
opportunistic pathogens particularly in immunocompromised humans (38, 39, 43). Therefore,
these dominant intestinal fungi need to be monitored for possible contamination in poultry meat,

litter, aerosol, and processing plant in order to ensure food safety and the safety of personnel.

Similar to the biography of animal intestinal bacteriome, different segments of the GI
tract harbor rather a distinct fungal community in chickens. However, to our surprise, the upper
GI tract (crop, ventriculus, and duodenum) hosts a more diverse mycobiota than the jejunum,

ileum, and cecum. Specifically, the chicken duodenum exhibits the highest diversity, while the
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cecum shows the least diversity in the fungal community. These observations are opposite to the
intestinal bacteriome, which is the most abundant and diverse in the lower GI segments of
chickens (44). However, our mycobiome results are consistent with a recent culture-based study
showing that the fungal population is the lowest in the cecum of broiler chickens, relative to the
jejunum and proventriculus, while layers have the highest fungal load in the cecum (21). In
turkeys, 50% of all fungal strains were cultured from the crop, with 31% coming from the beak
cavity and 19% from the cloaca (23). The biogeography of the intestinal mycobiota in humans
remains elusive, but a direction comparison of fungal rRNA copy number among the ileum,
cecum, and proximal and distal colon of mice showed a gradual increase in the fungal population
along the GI tract (6). Apparently, additional larger-scale studies on the spatial distribution and
absolute quantification of the fungal community in the GI tract of different animal species are
warranted in order to derive a more definitive conclusion, given large variations in the mycobiota
among individuals (45) and the paramount role of the diet and environment in shaping the

intestinal microbial community (36).

Intestinal bacterial community typically undergoes age-dependent succession and
becomes more diversified and stabilized as animals mature (13, 26, 27). While a difference in
bacterial composition was observed between day 14 and day 28 as measured by the Bray-Curtis
index, no significant difference was seen in richnes or cecal alpha diversity. This is most likely
due to the large variation observed on day 14. A numerical difference in fungal composition was
observed as birds aged. In particular, day 28 was marked by an increase in Ascomycota, driven
by S. brevicaulis features belonging to the Microascus genus, and a concomitant decrease in
Basidiomycota, primarily 7. asahii features. However, statistical analysis did not find any of
these changes to be significant. Human fecal mycobiota compositions are obviously different
among healthy individuals of different age groups (46). Specifically, an inverse relationship

between the intestinal fungal a-diversity and age was observed in an earlier human study showing
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that infants and children harbor more fungal species than adults (46). This is consistent with the
numerical, though not statistically significant, decrease in the number of features observed on day
28 versus day 14. Obviously, sampling beyond 28 days of age is needed to determine whether the
chicken intestinal mycobiota could eventually reach the stability and “maturation” stage.
Additionally, absolute quantification of the fungi throughout the GI tract of chickens of different

ages is also warranted to assess temporal changes of the overall fungal abundance.

Antibiotics are known to significantly alter gut microbiota of chickens (29-32) and other
animal species including humans (47); however, its impact on the fungal community has not been
extensively explored. BMD is a common in-feed antibiotic and a derivative of bacitracin that is
mainly active against Gram-positive bacteria by interfering with the synthesis of peptidoglycan, a
major bacterial cell wall component (48). In this study, subtherapeutic inclusion of BMD causes a
significant decrease in the a-diversity of the chicken cecal mycobiota but has no effect on cecal
richness, whereas a therapeutic dose of BMD surprisingly has no obvious impact on overall
diversity but causes a significant increase in cecal richness. Additionally, both BMD doses induce
an obvious shift in the cecal fungal community composition. An increase in the fecal fungal o-
diversity was observed in both humans and mice in response to antibiotic treatment (49, 50),
although a decrease in fungal richness was seen in a human patient treated prophylactically with
antibiotics (51). Additional studies on the temporal and spatial impact of antibiotics on the

absolute and relative abundance of the intestinal mycobiota are warranted.

In summary, we comprehensively studied the biogeography of the chicken intestinal
mycobiota by deep sequencing and revealed by surprise that the upper GI tract harbors a more
diverse fungal community than the lower GI tract. Furthermore, the chicken gut mycobiota is
dominated only by a few major fungal species, showing a much reduced complexity and greater
individual variations than the bacteriome. Similar to the gut bacteriome, the mycobiome

undergoes a compositional shift as chickens age. Additionally, in-feed antibiotics are capable of
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altering the fungal community structure, although it is currently unknown whether it is a direct or
indirect effect. A better understanding of the intestinal mycobiome provides a foundation for
future work into the relationship between the mycobiome and gut health and physiology in
poultry, making it possible to modulate gut mycobiota to improve animal performance and

prevent disease.
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Table 3.S1. Pairwise ANOSIM of Biogeography Beta Diversity Indices

Crop Ventriculus Duodenum Jejunum Ileum  Cecum Colon Cloaca
Crop 0.005 <0.001 <0.001 <0.00] <0.001 0.001 0.004
(0.280) (0.414) (0.545)  (0.874) (0.693) (0.423) (0.381)
Ventriculus 0.002 0.020 0.007  <0.001 <0.001 <0.00] 0.001
(0.307) (0.209) (0.339)  (0.295) (0.561) (0.519) (0.345)
Duodenum <0.001 0.049 0.048 <0.001 0.002 < 0.001 0.005
(0.388) (0.104) (0.126)  (0.588) (0.306) (0.446) (0.273)
Jejunum <0.001 0.001 0.186 0.001 0.045 <0.001 <0.001
(0.524) (0.277) (0.034) (0.492)  (0.088) (0.551)  (0.483)
Ileum <0.001 0.001 <0.001 <0.001 <0.001 <0.001 <0.00]
(0.874) (0.341) (0.374) (0.547) (0.823)  (0.807)  (0.738)
Cecum <0.001 <0.001 0.016 0.188  <0.001 <0.001 <0.001
(0.693) (0.552) (0.175) (0.031)  (0.760) (0.639) (0.577)
Colon 0.002 <0.001 <0.001 <0.001 0.001 <0.001 0.399
(0.348) (0.467) (0.432) (0.731)  (0.508)  (0.600) (0.005)
Cloaca 0.010 0.007 0.005 <0.001 <0.001 <0.001 0.426
(0.355) (0.262) (0.249) (0.450)  (0.523)  (0.597)  (0.006)

Note: P values for the Jaccard index are italicized. R values for each comparison are shown in parenthesis.
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Table 3.S2. Biogeography of the mycobiota in the gastrointestinal tract of day-28 chickens

Feature Crop Ventriculus Duodenum Jejunum Ileum Cecum  Colon  Cloaca P-value FDR
S. brevicaulis_F2 0.00* 18.10° 7.20% 6.22%4  38.95° 0.76% 451%  11.06*  <0.001 <0.001
S. brevicaulis_F8 0.00* 0.00* 11.54%  28.35% 0.00* 36.55¢ 4.09% 0.00°  <0.001 <0.001
T. asahii_F1 0.00* 6.62° 10.48" 829  14.49¢ 9.35% 0.63% 8.13®®  <0.001 <0.001
S. brevicaulis F12  8.96* 0.00* 0.00* 0.00? 0.00* 0.00*  26.48° 2229°  <0.001 <0.001
S. brevicaulis_ F4  20.62* 13.76% 2.73% 3.22¢ 0.00° 0.00° 7.48% 1.64*  <0.001 <0.001
Aspergillus sp_ F3  0.00* 13.19 5.66% 4704 17.53¢ 5.22%® 0.16 2.83%  <0.001 <0.001
S. brevicaulis_F5 0.00* 14.85% 5.07% 2.82%  16.74° 0.43% 2.35% 500 <0.001 <0.001
S. brevicaulis_F11  0.00° 0.00° 8.64% 15.64* 0.00° 18.92# 1.41% 0.00°  <0.001 <0.001
T. asahii_F6 19.232 5.02° 2.42%¢ 0.75% 0.00° 0.00° 2.86% 431 <0.001 <0.001
S. brevicaulis F7 ~ 12.91* 11.05% 1.91% 1.79%¢ 0.00° 0.00° 2.62% 0.72%  <0.001  <0.001
T. asahii_F9 0.00* 0.00* 6.13% 3.43° 0.00* 17.87¢ 1.08% 0.00*°  <0.001 <0.001
T. asahii_F16 1.61* 0.00* 0.00* 0.00? 0.00* 0.00? 13.49° 11.47°  <0.001 <0.001
S. brevicaulis F17  6.38%® 0.00* 0.00* 0.00? 0.00* 0.00*  10.91% 9.13%  <0.001 <0.001
A. sp_F10 14.19* 1.96° 0.17% 5.32% 0.00° 0.00° 0.93b 1.64*  <0.001 <0.001
A. sp_F20 0.722 0.00* 0.00* 0.00? 0.00* 0.00? 9.88° 8.13>  <0.001 <0.001
A. sp_F15 0.00* 0.00* 1.90% 10.09¢ 0.00* 2.42% 1.00% 0.00°  <0.001 <0.001
S. brevicaulis_F14  0.00* 2.12° 1.23%¢ 0.54% 4364 0.07% 0.30% 1.41®  <0.001 <0.001
S. brevicaulis_F21  0.00* 0.00* 1.53% 3.40% 0.00* 4.47¢ 0.25% 0.00*°  <0.001 <0.001
A. versicolor_F13 0.00* 1.70° 0.172 0.89% 4.20° 0.34* 0.29* 1.24®  <0.001 <0.001
S. brevicaulis_F29  0.85* 0.00* 0.00* 0.00? 0.00* 0.00? 2.98° 2.65¢  <0.001 <0.001

Note: Mean relative abundance (%) of the phylum, top 20 fungal features are shown, with 12 samples per
intestinal segment. Statistical significance was determined using non-parametric Kruskal Wallis test and p
values were corrected for multiple comparisons using the Benjamini-Hochberg correction. For columns
with an FDR < 0.05, means were separated using pairwise Wilcoxon Rank Sums test. Columns not sharing
a common superscript are considered significantly different (P < 0.05). It is noted that, among the top 20
features, only Trichosporon belongs to the phylum Basidiomycota, while all the remaining fungi belong to

Ascomycota.
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Table 3.S3. Maturation of the chicken cecal mycobiome

Day14 Day28 P-Value FDR

T. asahii_F9 41.55 17.87 0.172  0.448
S. brevicaulis_F8 6.98 36.55 0.003  0.261
T. asahii_F1 26.95 9.35 0232 0452
S. brevicaulis_F11 4.19 18.92 0.003  0.261
Aspergillus sp._F3 3.21 5.22 0.473  0.598
Aspergillus sp._F15 427 242 0.619 0.721
S. brevicaulis_F21 0.60 4.47 0.003  0.261
Stenocarpella maydis_F19 3.10 0.07 0.176  0.448
S. maydis_F45 1.78 0.18 0291 0.452
A. versicolor_F33 0.45 1.11 0.015 0.448
D. hansenii_F43 1.00 0.51 0.901  0.937
S. brevicaulis_F2 0.29 0.76 0.381 0.514
Cephaliophora sp. _F65 0.54 0.34 0.238  0.452
A. versicolor_F13 0.29 0.34 0.339  0.461
S. brevicaulis_F5 0.15 0.43 0.473  0.598
Aspergillus sp. _F93 0.36 0.03 0.118 0.448
Gibberella sp. _F44 0.37 0.02 0.265 0.452
Aspergillus sp. _F27 0.31 0.00 0.059  0.448
Gibberella sp. _F140 0.29 0.02 0.321 0.461
T. asahii _F34 0.22 0.06 0202  0.449

Note: Mean relative abundance (%) of the phylum, top 20 fungal features are shown, with 12 samples per
intestinal segment. Statistical significance was determined using non-parametric Kruskal Wallis test and p
values were corrected for multiple comparisons using the Benjamini-Hochberg correction. For columns
with an FDR < 0.05, means were separated using pairwise Wilcoxon Rank Sums test. Columns not sharing
a common superscript are considered significantly different (P < 0.05).
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Table 3.S4. Pairwise ANOSIM of Beta Diversity Indices

Control BMDSS BMD275
Control <0.001 (0.570) < 0.001 (0.392)
BMDS5 <0.001 (0.365) < 0.001 (0.369)
BMD275 0.001 (0.386) 0.058 (0.088)

Note: P values for the Jaccard index are italicized. R values are shown in parenthesis.
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Table 3.S5. Effect of BMD on the chicken cecal mycobiome composition

Features Control BMD55 BMD2275 P-Value FDR
T. asahii_F1 26.95 75.49 72.33 0.021  0.068
T. asahii_F9 41.55 0.00° 0.00>  <0.001  0.002
Aspergillus sp._F3 3.21° 10.04° 14.73 0.004  0.034
S. brevicaulis_F8 6.98° 0.00° 0.00>  <0.001  0.002
Stenocarpella maydis_F19 3.10 1.19 1.60 0206 0.299
T. asahii_F6 0.00 5.50 0.00 0.384  0.408
Aspergillus sp._F15 4.27° 0.00P 0.00P <0.001  0.002
S. brevicaulis_F11 4.19* 0.00° 0.00° <0.001  0.002
S. brevicaulis_F2 0.292 0.94° 2.50° <0.001  0.003
S. brevicaulis_F5 0.15 0.56 1.82°  <0.001  0.002
A. versicolor_F13 0.29° 0.40° 1.83% 0.001  0.016
D. hansenii_F24 0.22° 0.90° 1.07° 0.013  0.049
Stenocarpella maydis_F45 1.78 0.00 0.00>  <0.001  0.002
D. hansenii_F43 1.00° 0.00° 0.00>  <0.001  0.002
T. asahii _F34 0.22 0.38 0.38 0.529  0.550
Aspergillus sp._F10 0.00 0.92 0.00 0.384  0.408
Aspergillus sp._F27 0.31 0.10 0.37 0.405  0.427
D. hansenii_F28 0.00 0.66 0.00 0.384  0.408
Gibberella sp. _F44 0.37 0.12 0.15 0.038  0.096
S. brevicaulis_F21 0.60° 0.00° 0.00>  <0.001  0.002

Note: Mean relative abundance (%) of the phylum, top 20 fungal features are shown, with 12 samples per
intestinal segment. Statistical significance was determined using non-parametric Kruskal Wallis test and p
values were corrected for multiple comparisons using the Benjamini-Hochberg correction. For columns
with an FDR < 0.05, means were separated using pairwise Wilcoxon Rank Sums test. Columns not sharing
a common superscript are considered significantly different (P < 0.05). It is noted that, among the top 20
features, only Trichosporon asahii belongs to the phylum Basidiomycota, while all the remaining fungi
belong to Ascomycota.
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Fig. 3.1. Variation in the a-diversity of the mycobiome along the gastrointestinal tract of
day-28 chickens. Newly hatched chicks were fed an antibiotic-free diet for 28 days before the
luminal content samples were collected from each gastrointestinal segment. The diversity and
richness were calculated from 12 samples of each segment and indicated by the Shannon Index
(A), Observed OTUs (B), and Pielou’s Evenness (C) respectively. Kruskal Wallis was performed,
and the means were separated with pairwise Wilcoxon Rank Sums with the segments not sharing

a common superscript considered significantly different (P < 0.05).
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Fig. 3.2. Principal coordinate analysis (PCoA) of the mycobiome along the gastrointestinal

tract of day-28 chickens. Newly hatched chicks were fed an antibiotic-free diet for 28 days

before the luminal content samples were collected from each gastrointestinal segment. Each data

point represents an individual sample. PCoA was calculated from 12 samples of each segment

using Bray-Curtis (A) and the Jaccard indicews (B), respectively. Statistical significance was

determined using ANOSIM and indicated in each plot.
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Fig. 3.3. The mycobiota composition in different segments of the gastrointestinal tract of

-
3

day-28 chickens. Newly hatched chicks were fed an antibiotic-free diet for 28 days before the
luminal content samples were collected from each gastrointestinal segment. The relative
abundance of OTUs was used to determine the fungal composition at the genus (A) and feature
(B) levels with 12 samples of each segment. Only the top 20 genera and features are shown, with

unidentified and lowly abundant fungi being collectively denoted as “Others”.
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Fig. 3.4. Changes in the a-diversity of the cecal mycobiome between day-14 and day-28
chickens. Newly hatched chicks were fed an antibiotic-free diet before the cecal content samples
were collected on days 14 and 28. The diversity and richness were calculated from 12 samples on
each sampling day and indicated by the Shannon Index (A), Observed OTUs (B), and Pielou’s

Evenness (C), respectively. *P < 0.05 and *** P <0.001 as determined by Wilcoxon Rank Sums.
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Fig. 3.5. Principal coordinate analysis (PCoA) of the cecal mycobiome in day-14 and day-28
chickens. Newly hatched chicks were fed an antibiotic-free diet before the cecal content samples
were collected on days 14 and 28. Each data point represents an individual sample. PCoA was

calculated from 12 samples on each sampling day using Bray-Curtis (A) and the Jaccard indices

(B), respectively. Statistical significance was determined using ANOSIM and indicated in each

plot.

59



B D14 D28
100=__ e 100 = == +
== »
75 75|
8 8
2 c
S <
ke =
S s0- 2 %
Ed <
P [
> 2
s kS
3 k)
o @
25= 25= I
.- IllIIII o I“III
] RN LU R B A D L e e B ) LN R L L e e e e )
8 Paecilomyces B Claviceps 8 Basidiomycota_Trichosporon asahii_F34 B Ascomycota_Aspergillus versicolor_F33
1 gmsosponum identified : gec\ﬂomyoes § Ascomycota_Gibberella sp_F140 § Ascomycota_Stenocarpella maydis_F45
Pe mmfaﬂceae unidentifed 3 G‘lbb‘:rella Ascomycota_Aspergillus sp_F27 § Ascomycota_Stenocarpella maydis_F19
§ Davidiella ¥ Ascomycota_unidentified . ﬁsoomycota E\Slbbereﬂla Sp. FF4§13 = A . IPSis o F21
Dothideomycetes_unidentified § Debaryomyces scomycota 599'?' uS SP. Ascomycota_Aspergillus sp_F15
Lewia B Stenocarpella Ascomycota_Scopulariopsis brevicaulis_F5 ¥ Ascomycota_Aspergillus sp_F3
i ur [ Ascomycota F13 1A psis brevicaulis_F11
Trict _ur B Ascomycota_Cephaliophora sp_F65 B Basidiomycota_Trichosporon asahii_F1
¥ Alternaria B Trichosporon Ascomycota_Scopulariopsis brevicaulis_F2 Ascomycota_Scopulariopsis brevicaulis_F8

§ Ascomycota_Debaryomyces hansenii_F43 B Basidiomycota_Trichosporon asahii_F9

Fig. 3.6. The mycobiota composition in the cecum of day-14 and day-28 chickens. Newly
hatched chicks were fed an antibiotic-free diet before the cecal content samples were collected on
days 14 and 28. The relative abundance of OTUs was used to determine the fungal composition at
the genus (A) and feature (B) levels with 12 samples on each sampling day. Only the top 20
genera and features are shown, with unidentified fungi and low abundance taxa being collectively

denoted as ‘Others’.
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Fig. 3.7. Effect of BMD on the a-diversity of the chicken cecal mycobiota. The cecal content
samples were collected 14 days after day-of-hatch chickens were fed an antibiotic-free diet or the
diet supplemented with 55 or 275 mg/kg of BMD. The diversity and richness were calculated
from 12 samples in each treatment and indicated by the Shannon Index (A), Observed OTUs (B),
and Pielou’s Evenness (C), respectively. Differences were determined using Kruskal Wallis and
means were separated using Wilcoxon Rank Sums. Treatments not sharing a common superscript

are considered significantly different (P < 0.05).
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Fig. 3.8. Effect of BMD on the B-diversity of the chicken cecal mycobiota. The cecal content
samples were collected 14 days after day-of-hatch chickens were fed an antibiotic-free diet or the
diet supplemented with 55 or 275 mg/kg of BMD. Principal coordinate analysis (PCoA) was
performed with 12 samples in each treatment using Bray-Curtis (A) and the Jaccard indices (B),
respectively. Each data point represents an individual sample. Statistical significance was

determined using ANOSIM and indicated in each plot.
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Fig. 3.9. Effect of BMD on the chicken cecal mycobiota composition. Cecal content samples
were collected 14 days after day-of-hatch chickens were fed an antibiotic-free diet or the diet
supplemented with 55 or 275 mg/kg of BMD. The relative abundance of each OTU was
calculated and combined at the genus level (A) or feature level (B) for 12 individual samples in
each treatment.

63



CHAPTER IV

SPATIOTEMPORAL DEVELOPMENT OF THE CHICKEN INTESTINAL MYCOBIOME
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ABSTRACT

Extensive work has been accomplished in recent years to characterize the intestinal bacterial
community and its association with health and disease. However, very little has been done to
describe the smaller intestinal microbial communities such as fungi, viruses, archaea, and
protozoa. Here we comprehensively characterized the biogeography of the intestinal mycobiota of
day-42 broiler chickens and its succession over the entire production cycle. Combining Illumina
sequencing of the internal transcribed spacer 2 (ITS2) region of fungal rRNA genes with absolute
quantification of bacterial and fungal populations, we revealed significant spatial and temporal
differences in the chicken intestinal mycobiota. The intestinal mycobiome was dominated by
Ascomycota and Basidiomycota, representing over 98% of the data. Three genera commonly
associated with corn and soil, Gibberella (30 — 87%), Aspergillus (0.5 — 16.6%), and Candida
(0.8 — 14.2%), were found to be most abundant. Feature analysis revealed an obvious age-
dependent transition of four distinct fungal consortia along the GI tract. In total, these results

reveal a highly transient fungal population shaped primarily by the environment.

KEYWORDS: Mycobiome, chicken, microbiome, fungi
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INTRODUCTION

The intestinal bacterial community is known to be associated with multiple intestinal and extra-
intestinal diseases (1-6). However, less studies have been performed to investigate smaller
microbial communities within the gastrointestinal (GI) tract, which include fungi, viruses,
archaea, and protozoa. Recently, studies have been undertaken to understand the fungal portion of

the human intestinal microbiota and its role in health and disease (7, 8).

In humans, the fungal community, known as mycobiota, is estimated to account for
approximately 0.02% of the intestinal mucosa-associated microbiota and 0.03% of the fecal
microbiota (9). Investigations into the human oral and intestinal fungal residents have revealed
the phyla Ascomycota and Basidiomycota to be dominant, and Saccharomyces, Candida,
Aspergillus, Cladosporium, Penicillium, Wallemia, Malassezia, Aureobasidium, and Epicoccum
are among the most common genera that have been identified (7, 8, 10). Fungal dysbiosis has
been linked to multiple diseases such as inflammatory bowel disease, allergic airway disease,
atopic dermatitis, and alcoholic liver disease (7, 8, 11). Although Ascomycota and Basidiomycota
have also been identified as the major phyla in mice, Candida, Saccharomyces, Trichosporon,
Aspergillus, Penicillium, Wickerhamomyces, Cladosporium, and Fusarium are among the top

genera identified (12-15).

In livestock animals, the mycobiome research has primarily focused on ruminant animals
with special attention given to anaerobic fungi in the phylum Neocallimastigomycota (16-20).
First discovered in the rumen of sheep (21), anaerobic fungi are thought to be the first to attach to
fibrous material (22) and contribute more to the degradation of plan material than cellulolytic
bacteria (23). A culture-based study with weaned Landrace pigs revealed Kazachstania sloofiae
to be the most frequently detected species (24), whereas deep sequencing identified K. telluris as

the dominant fungal species in a miniature breed of weaned pigs (25).
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In limited poultry mycobiome studies, all but one were culture-based and most were
restricted only to the cecum (26-31). Candida or Aspergillus was revealed to be the predominant
in the chicken cecum in culture-dependent studies. Surprisingly, the study that employed a
culture-independent pyrosequencing approach only detected two Cladosporium species in the
cecum of broilers fed unmedicated diet, although another 17 fungal species were detected in
animals supplemented with essential oils (26). Previous work in our lab used next generation
[llumina sequencing to investigate the biogeography of the chicken intestinal mycobiome on day
28. We revealed Microascus, Trichosporon, Aspergillus, and Gibberella to be the top four genera
and revealed an obvious development-associated shift in the cecal mycobiome composition
(unpublished). However, only two time points (day 14 and day 28) were included in the study
making it difficult to fully determine any successional changes in mycobiome composition. Also,
because of no obvious maturation pattern up to day 28, there is a need to expand the study to
include the broiler chickens up to the market age (day 42-49). Therefore, we sought to expand our
previous study by using Illumina deep sequencing of the luminal contents from four GI locations
(duodenum, jejunum, ileum, and cecum) from day 3-42 to characterize the succession of the
chicken mycobiome throughout the entire production cycle. Furthermore, we also sequenced the
luminal contents throughout the GI tract of day-42 broilers to determine the biogeography of the

chicken mycobiome at market age.

MATERIALS AND METHODS

Animal Trial

An animal trial was conducted in accordance with the Institutional Animal Care and Use
Committee of Oklahoma State University under protocol number AG-173. Day-of-hatch male
Cobb broiler chicks were obtained from Cobb-Vantress (Siloam Springs, AR) and randomly
assigned to 12 cages with 10 birds per cage and ad /libitum access to feed and tap water for the

entire duration of the trial. Birds were raised on floor cages with fresh dry pine wood shavings in
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an environmentally controlled room with temperatures starting at 33°C and decreasing 3°C every
7 days. Lighting included the light to dark ratio of 23:1 from day 0 to 7 and 16:8 from day 8 to
42. Non-medicated starter, grower, and finisher diets were formulated to meet or exceed NRC
recommendation with no in-feed antibiotics or coccidiostat. Diet was switched from starter to
grower and then to finisher on days 14 and 27, respectively. On days 3, 7, 14, 21, 27, 35, and 42,
one bird per cage was euthanized via CO; asphyxiation and luminal contents were aseptically
collected from the mid-duodenum, mid-jejunum, mid-ileum, and cecum. Sample collection on
days 14 and 27 was performed prior to feed transitions. Additionally, luminal contents were
collected on day 42 from the crop, ventriculus, and colon of 12 broilers with one per cage for

characterization of spatial differences in the chicken intestinal mycobiome.

DNA isolation and sequencing

Microbial DNA was isolated from intestinal contents using ZR Quick-DNA Fecal/Soil Microbe
Microprep or Miniprep Kit (Zymo Research, Irvine, CA) according to the manufacturer’s
protocol. DNA quality and quantity were determined using Nanodrop ND-1000 and the absence
of degradation was confirmed using agarose gel electrophoresis. High-quality DNA was
subjected to PE250 sequencing of the ITS2 region using ITS3
(GCATCGATGAAGAACGCAGC) and ITS4 (TCCTCCGCTTATTGATATGC) primers on an
[llumina HiSeq platform by Novogene (Novogene, Beijing, CA). PCR amplification and library
preparation were performed using the NEBNext® Ultra™ DNA Library Prep Kit (New England

Biolabs, Ipswich, MA).

Absolute quantification of bacterial and fungal abundances

Bacterial and fungal abundances in the GI tract were quantified by qPCR using the Femto

Bacterial and Fungal DNA Quantification kits (Zymo Research), respectively.

Bioinformatic analysis and statistics
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Raw fungal sequences were imported into QIIME 2 and processed using the Deblur program (32,
33). The ‘deblur denoise-other ” option was utilized, which included truncating sequences to 340
nucleotides and positive-alignment based filtering against the UNITE reference database (34).
Deblur uses error profiles within samples to achieve single-nucleotide resolution. Denoised
sequences are often referred to as features, amplicon sequence variants (ASVs), or exact sequence
variants (ESVs). Features appearing in less than 5% of samples were removed from downstream
analysis. Data was normalized using cumulative sum scaling in the metagenomeSeq package of R
(35). The remaining features were classified using the WARCUP v2 fungal ITS database and the
Ribosomal Database Projects (RDP) Bayesian Classifier (36, 37). Bootstrap confidence was set to
80% for every taxonomic level, and features with a classification of less than 80% were assigned
the name of the last confidently assigned level followed by “ unidentified”. Species classification
of the top 20 OTUs was confirmed through BLASTN search of the nucleotide database of
GenBank. Analysis and visualization of the mycobiota composition was conducted in R version

3.5.1 (38).

The a-diversity was calculated using Shannon index, Observed Features (Observed
OTUs), and Pielou’s Evenness index in the phyloseq package version 1.24.2 (39). Plots were
made using ggplot2 version 3.0.0 (40). Results were plotted using box and whisker plots, in
which the middle line denotes the median value and the lower and upper hinges represent the first
and third quartiles, respectively. Whiskers extend from the hinge to the highest or lowest value no
farther than 1.5% the inter-quartile range. Points outside of this range are considered outliers. The
B-diversity was calculated using the Bray-Curtis and Jaccard indices in the phyloseq package of

R. Dissimilarities were plotted as PCoA plots using phyloseq and ggplot2 in R.

Prior to statistical analysis, normality of the data was determined using the Shapiro-Wilks

test in R. Significant differences in a-diversity and relative abundance were determined using
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Kruskal-Wallis and multiple comparisons were performed using pairwise Wilcoxon rank-sum

test. Significant differences in B-diversity were determined using ANOSIM in mothur (41).

RESULTS

Biogeography of the chicken intestinal mycobiome

To study the biogeography of the intestinal mycobiome in market-age broilers, intestinal contents
were collected from seven different GI locations (crop, ventriculus, duodenum, jejunum, ileum,
cecum, and colon) on day 42. Microbial DNA was isolated and sequenced on an [llumina HiSeq
using the internal transcribed spacer 2 (ITS2) chemistry. A total of 26,364,044 quality-filtered
sequences, with an average of 62,622 sequences per sample, were obtained and submitted to the
deblur program. Following denoising and removal of rare features (present in less than 5% of

samples), a total of 468 features were identified and included in downstream analysis.

Overall a-diversity was determined using the Shannon index (Fig. 1A), while richness
and evenness were calculated using Observed Features (Fig. 1B) and Pielou’s Evenness (Fig. 1C),
respectively. Shannon index revealed diversity to be lowest in the crop and increase in the
ventriculus before reaching a maximum in the duodenum and jejunum. A decrease was observed
in the lower GI tract with the cecum and colon returning to the levels similar to crop. This trend
remained similar with richness (Fig 1.B) and evenness measurements (Fig 1.C) as well.
Differences in fungal composition along the GI tract were measured with B-diversity analysis
using the Bray-Curtis (Fig. 2A) and Jaccard (Fig. 2B) indices. Statistical analysis using ANOSIM
revealed a significant difference in composition for both metrics (P = 0.001), with R values of
0.745 and 0.685 for the Bray-Curtis and Jaccard indices, respectively. Both measurements
indicated a separation of samples into three distinct clusters. The first was comprised entirely of
the crop, ileum, colon samples, while the second consisted of the ventriculus, duodenum, and
jejunum samples. In both metrics, the cecum was shown to cluster separately from all other GI
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locations with the exception of one ventriculus sample located within the cluster. The presence of
three clusters was further confirmed by pairwise comparisons using ANOSIM (Supplementary
table 1). Large R values (> 0.800) were consistently seen when comparing GI locations in
different clusters, regardless of the measurement used. For the Jaccard index, comparison of
samples within the same cluster revealed moderate R values (0.334 — 0.765) indicating some
difference in richness between GI locations. However, overall diversity between GI locations
within the same cluster showed greater similarity with Bray-Curtis R values ranging from 0.009

to 0.304.

Fungal composition revealed Ascomycota to be the most dominant phylum accounting
for 97 to 99% of sequences in each GI location (Data not shown). A total of 65 genera were
identified in the entire dataset with 56 of those present in the GI tract at 42 days of age. The most
abundant genus at this time point was Gibberella accounting for 49.06% to 86.7% of all
sequences, followed by Aspergillus (1.8% — 16.6%), and Candida (1.8 —7.7%). Top 20 genera
captured greater than 98% of the sequences in every intestinal location (Fig. 3A). While relative
abundance varied throughout the intestinal tract, a specific bloom of Kabatiella, Davidiella, and

Alternaria was observed in the duodenum and jejunum, which is in accordance with the increased

a-diversity in those locations.

Investigation into fungal features revealed a significant difference in fungal taxa
dominating each intestinal location (Fig 3. B). The top 20 fungal features accounted for more than
75% of the sequences in each GI location except for the duodenum, where only 57% was
captured. Consistent with -diversity analysis, the most dominant features were shown to be
similar between the crop, ileum, and cecum as well as between the ventriculus, duodenum, and
jejunum. An unidentified Gibberella feature (F4) was dominant in the crop, ileum, and colon
followed by Candida albicans F6 and Aspergillus flavus F8. Lower abundances of Trichosporon

asahii F15 and Aspergillus amstelodami F20 were also present in these segments. A noticeable
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shift was observed in the upper GI tract with the ventriculus, duodenum, and jejunum samples all
dominated by one of two Fusarium pseudonygamai features (F1 and F2). However, similar to
other GI locations, less abundant features were identified as C. albicans F7, T. asahii F17, and A.
flavus F12, respectively. A difference in relative abundance of different features of the same
species at different intestinal sites may indicate the presence of multiple sub-species within the GI

tract.

The day-42 cecal mycobiome clustered separately from all other sample types in 3-
diversity analyses. Consistently, they were shown to primarily consist of a unique Gibberella
feature (F3) along with C. albicans (F5), A. flavus (F14), A. amstelodami (F16), and T. asahii
(F21) (Fig. 3B). While these are all closely related to the Gibberella features observed in the
crop, ileum, and colon, the difference in subtype residing in the cecum may be an indication of
the fermentation process or transit time within the cecum. Statistical analysis with top 20 features
revealed a significant difference among the GI location in all cases (Supplementary table 2),

consistent with the fact that most features are only present in specific GI locations.

Developmental changes of the chicken intestinal mycobiome

To evaluate the development of the intestinal mycobiome throughout the growth cycle of broiler
chickens, luminal contents were obtained from the duodenum, jejunum, ileum, and cecum on
days 3, 7, 14, 21, 27, 35, and 42. Measurement of a--diversity using the Shannon index revealed a
significant change in overall diversity in the jejunum, ileum, and cecum as birds aged (Fig. 4A).
In the ileum and cecum, diversity appeared to be relatively consistent on days 3, 7, and 14 before
increasing significantly on day 21. A steady decrease was then observed from day 27 to 42 (Fig.
4A). This pattern was less clear in the jejunum, however, a sharp increase in diversity was noted
on day 27 followed by a decrease on day 35. Diversity in the jejunum recovered slightly on day

42. No significant difference in the Shannon index was observed for the duodenum.
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In the duodenum, richness of the fungal community, measured by Observed Features
(Fig. 4B), remained relatively low from day 3 to day 21 before increasing significantly on days 27
to 42. However, Pielou’s Evenness Index revealed a strong drop in evenness beginning on day 27
and becoming even more pronounced on days 35 and 42 (Fig. 4C). In the jejunum, richness
experienced a more gradual increase as birds aged (Fig. 4B), while evenness remained stable
except for a significant increase on day 27 (Fig. 4C). While richness increased in the duodenum
and jejunum with age, the number of observed features in the ileum decreased significantly from
day 3 to day 7 and remained stable for the rest of the trial. Additionally, cecal richness varied
only slightly throughout the entire growth cycle (Fig. 4B). Pielou’s Evenness index more closely
resembled that of the Shannon index for both the ileum and cecum, indicating that diversity in

these samples is driven by changes in species evenness rather than richness (Fig. 4C).

The B-diversity analysis revealed significant changes in fungal composition as birds aged.
However, age dependent changes varied by GI location. In the duodenum, samples formed three
primary clusters, in which the first was comprised solely of day 3 samples and the second of days
7 and 14 as shown by Bray-Curtis analysis (Fig. 5A). The remaining samples were contained
within the third cluster with diversity changing along a gradient from day 27 to 42. lleum
contents clustered similar to that of the duodenum with exception that days 21 to 42 were split
into 2 distinct clusters containing days 21 and 27, and days 35 and 42, respectively (Fig. 5C).
Jejunum samples clustered into four distinct groups with the first being comprised of day 3 and
day 7, the second primarily of day 14, the third of day 27, and the fourth of samples from day 42
(Fig. 5B). Samples from day 21 were dispersed between the day 14 and day 27 clusters while day
35 was split between the day 21 and day 42 clusters. For the cecum, day 3 and 7, day 21, and
days 35 and 42 formed three distinct clusters while day 14 and day 27 samples were dispersed
between groups (Fig. 5D). Similar results were observed for the Jaccard index for every location

(Supplementary figure 1). Pairwise ANOSIM further confirmed the presence of clusters at each
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site with samples within the same cluster either not being statistically different from one another

(P > 0.05) or having low R values indicating large overlap (R < 0.250).

Ascomycota was the most dominant phyla in every segment regardless of age. However,
a slight bloom of Basidiomycota was observed on days 14 to 27 (data not shown). At the genus
level, Gibberella remained the most abundant, followed by Aspergillus and Candida, although
relative abundance of each varied widely between locations and across ages (Fig. 6).
Additionally, members of Trichosporon were shown to be moderately abundant in each GI
segment with relative abundance ranging from 0.03 to 17.3% (data not shown). Investigation of
bacterial features revealed obvious changes in fungal composition in each GI location as birds
aged (Fig. 7). Four fungal features were predominant throughout the intestinal tract including two
unidentified Gibberella (F3 and F4) and two F. pseudonygamai variants (F1 and F2). It is
interesting to note that none of the four major features were observed to coexist in the same
sample despite their similarity in sequence structure. This indicates that they are more likely to be
different strains of the same species rather than the result of sequencing error. Consistently, less

abundant features classified to the same species were absent.

Transition and co-inhabitance of the chicken intestinal fungal consortia

Compositional data also revealed a strong tendency for certain fungal features to co-inhabit in the
GI tract. For example, C. albicans F7 was only found in conjunction with F. pseudonygamai F1,
while C. albicans F9, F5, and F6 were solely associated with F. pseudonygamai ¥2, Gibberella
sp. F3, and Gibberella sp. F4, respectively (Fig. 7). Statistical analysis of the top 20 genera in
each GI location revealed a significant difference in almost every instance (Supplementary Table
3). Similar to the biogeography data above, this is primarily driven by the presence of specific

features at only a few time points in each GI location.
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The appearance order and timing of the intestinal mycobiome is especially noteworthy
and was summarized in Fig. 8. No features were shown to persist in a single GI segment up to
day 42, indicating a lack of a “core” mycobiome. Instead, the mycobiota is observed to be
transient in nature with specific compositions moving down the GI tract in an orderly manner.
Gibberella F3 was highly abundant in the duodenum on day 3, accounting for 46.4% of the
population, but was not observed in this segment on any other sampling day. Rather, F3 began to
appear in the jejunum on day 7 and became predominant on days 14 and 21. It then appeared in
the ileum on days 21 and 27 before moving to the cecum on days 27 through 42. The same
pattern of transition was observed for Gibberella F4 and F. pseudonygamai F2 (Fig. 8).
Interestingly, F. pseudonygamai F1 was abundant in the cecum on days 3, 7, and 14, but did not
appear in the duodenum on day 21. It then began to follow the pattern of succession seen above,
moving to the jejunum on days 35 and 42. This is most likely an indication of a recycling of the
microorganisms in the litter. As certain fungi are excreted into the environment, birds are

reinoculated through ingestion of them from bedding materials, feed, and/or the cage.

DISCUSSION

Extensive work has been undertaken in the past ten years to characterize the intestinal
microbiome of humans, mice, and livestock animals, as well as its relationship with health and
disease (5, 6). However, very little is known about the intestinal mycobiota particularly in
chickens. Fewer than 20 fungal species are typically reported using culture-based methods and
Candida has been frequently described as the most abundant genus in the GI tract of chickens and
turkeys, although dominant Candida species varies among different studies (27-30). Besides
Candida, Trichosporon, Geotrichum, Rhodotorula, and Saccharomyces have been isolated in
chickens as well (27-29). However, one other culture-dependent study reported the identification
of 88 fungal species from over 3,000 cecal samples of broiler and layer chickens, with

Aspergillus, Penicillium, Verticillium, and Sporidiobolus being the top four genera (31), whereas
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a culture-independent 454 pyrosequencing method only reported two fungal species,
Cladosporium sp. and Cladosporium sphaerospermum, in the cecum of broilers fed unmedicated

diets (26), presumably due to a lack of the sequencing depth.

A preliminary investigation into the chicken mycobiome by us used Illumina HiSeq deep
sequencing of the ITS2 region revealed the presence of 659 unique fungal features with
Scopulariopsis brevicaulis, Trichosporon asahii, and Aspergillus being predominant. In this
study, we sought to follow up on our previous work by characterizing the biogeography of the
chicken mycobiome on day 42, while comprehensively investigating successional changes in the
intestinal mycobiome throughout the entire production cycle. Consistent with previous studies,
we revealed Ascomycota and Basidiomycota to be abundant throughout the GI tract regardless of
age or location. Gibberella was observed to be the most abundant genus followed by Candida and
Aspergillus. Both Candida and Aspergillus are known to be abundant in humans, mice, and
chickens (7, 15, 27, 29, 31, 42), while Gibberella has been identified as part of the oral
mycobiome in humans (43). Previously, although we identified Gibberella and Aspergillus to be
among the most abundant genera, Microascus was the predominant member in broiler chickens
on day 28, accounting for 40 — 62% of all sequences. While Microascus was identified in this
study, its relative abundance was much lower, ranging from less than 0.01% to 4.4% (data not

shown).

While specific features varied throughout the intestinal tract, overall composition
remained relatively stable. One of four Gibberella features was found to be most abundant
regardless of bird age or GI location. Two were unable to be classified beyond the genus level (F4
and F3), while two were identified as Fusarium pseudonygamai (F1 and F2). Along with each
major feature, there was a specific set of minor species identified as C. albicans, A. flavus, A.
amstelodami, S. fibuligera, and Trichosporon. Interestingly, the same set of specific features were

found to co-exist in all cases forming four distinct mycobiome compositions. When four different
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GI locations were sampled over the production cycle of a broiler, the intestinal mycobiome was

found to be highly transient descending down the GI tract as birds age.

While Candida is a known resident of the human mycobiome (7), the genera Gibberella,
Aspergillus, and Trichosporon are commonly found in the soil or in association with plants and
food material (44-47). Therefore, it is most likely that these features originate directly from the
environment. This hypothesis is further strengthened by the observation that the fungal
composition present in the lower GI tract (ileum and cecum) on days 3 and 7 reappeared in the
duodenum on day 21. It is very likely that fungi present in the lower GI tract early in life were
excreted into the litter and then re-introduced to the upper GI tract following their uptake from the
environment. However, further study is needed to confirm the source of the intestinal mycobiota

at hatch.

In our previous study, fungal composition was shown to vary significantly along the GI
tract with the upper GI tract (crop, ventriculus, and duodenum) hosting a more diverse mycobiota
than the jejunum, ileum, and cecum. Similar results were seen with this study; however, an age
dependent process was present in the form of decreased crop diversity and increased jejunum
diversity on day 42 versus day 28. Moreover, a significant difference in both a- and B-diversity
was observed in the duodenum, jejunum, ileum, and cecum over time, although the particulars of
that change were site-specific. Our initial work also indicated an obvious switch in cecal
composition between days 14 and 28, as noted by an increase S. brevicaulis features at the
expense of 7. asahii, which was speculated to indicate a maturation of the intestinal mycobiome.
However, more thorough investigation into the dynamics of the mycobiome in this study has
revealed that the switch was most likely an indication of the successional changes in cecal
mycobiome composition as birds age. In humans, fecal mycobiota compositions have also been

reported to be obviously different among healthy individuals of different age groups (48).
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Specifically, an inverse relationship between the intestinal fungal a-diversity and age was

observed, with infants and children harboring more fungal species than adults (48).

In summary, we comprehensively studied the succession of the intestinal mycobiota
throughout the production cycle of broiler chickens including the biogeography of the chicken
intestinal mycobiome on day 42. Similar to previous studies, a-diversity was shown to be higher
in the upper GI tract than the lower GI tract, while 3-diversities varied significantly by age.
Consistent with previous studies, the gut mycobiota was dominated by only a few fungal features.
However, deep sequencing of samples from four adjacent GI locations over the entire production
cycle revealed successional changes in fungal composition indicating the chicken gut mycobiome

to be highly transient.
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Table 4.S1. Pairwise ANOSIM of Biogeography Beta Diversity Indices

Crop Ventriculus Duodenum Jejunum Ileum Cecum Colon
Crop <0.001 <0.001 <0.001 <0.001 <0.001 <0.001
(0.918) (0.802) (1.000) (0.765) (1.000) (0.334)
Ventriculus <0.001 <0.001 <0.001 <0.001 <0.001 <0.001
(0.918) (0.399) (0.605) (0.926) (0.859) (0.918)
Duodenum <0.001 0.020 <0.001 <0.001 <0.001 <0.001
(0.802) (0.157) (0.668) (0.824) (0.802) (0.802)
Jejunum <0.001 0.007 0.003 <0.001 <0.001 <0.001
(1.000) (0.178) (0.277) (1.00) (1.000) (1.000)
Tleum 0.001 <0.001 <0.001 <0.001 <0.001 <0.001
(0.304) (0.926) (0.824) (1.000) (1.000) (0.525)
Cecum <0.001 <0.001 <0.001 <0.001 <0.001 <0.001
(1.000) (0.784) (0.802) (1.000) (1.000) (1.000)
Colon 0.019 <0.001 <0.001 <0.001 0.458 <0.001
(0.181) (0.918) (0.802) (1.000) (0.009) (1.000)

Note: P values for the Jaccard index are italicized. R values for each comparison are shown in parenthesis.
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Table 4.S2. Biogeography of the chicken mycobiome at market age

Feature Crop Vetriculus  Duodenum  Jejunum Ileum Cecum Colon P Value FDR

F. pseudonygamai F1 0.00? 71.24° 38.33¢ 67.21b 0.00? 0.00* 0.00* <0.001 <0.001
Gibberella sp. F4 84.89* 0.00¢ 0.00¢ 0.00°  75.43° 0.00°¢ 81.37 <0.001 <0.001
Gibberella sp. F3 0.00? 4.422 0.00? 0.00? 0.00? 85.82° 0.00* <0.001 <0.001
F. pseudonygamai_F2 0.002° 0.00% 14.122 0.00° 0.00° 0.002b 0.002b 0.001 0.001
C. albicans F5 0.00? 0.01* 0.00? 0.00? 0.00? 5.03b 0.00* <0.001 <0.001
C. albicans _F6 5.80° 0.00¢ 0.00¢ 0.00°¢ 6.35° 0.00°¢ 6.66" <0.001 <0.001
C. albicans F7 0.00? 4.21° 1.27° 1.76" 0.00? 0.00* 0.00* <0.001 <0.001
A. flavus F8 1.51* 0.00¢ 0.00¢ 0.00°¢ 7.85° 0.00°¢ 4.25% <0.001 <0.001
C. albicans F9 0.002° 0.00% 0.83% 0.00° 0.00° 0.002b 0.002b 0.001 0.001
Trichosporon sp. F15 0.07%¢ 0.00° 0.00° 0.00° 0.41¢ 0.00° 0.032 <0.001 <0.001
Trichosporon sp. F17 0.00? 0.15° 0.72b 0.02¢ 0.00? 0.00* 0.00* <0.001 <0.001
S. fibuligera F28 0.00? 0.00? 0.00? 0.00? 0.15° 0.00* 0.00* <0.001 <0.001
A. flavus F13 0.00® 0.00% 0.76* 0.00° 0.00° 0.002b 0.002b 0.001 0.001
A. flavus F12 0.00? 2.14° 1.24° 4.51¢ 0.00? 0.00* 0.00* <0.001 <0.001
A. amstelodami_F16 0.00? 0.08* 0.00? 0.00? 0.00? 0.60° 0.00* <0.001 <0.001
S. fibuligera F32 0.00? 0.00? 0.07° 1.42¢ 0.00? 0.00* 0.00* <0.001 <0.001
A. flavus F14 0.00? 0.23% 0.00? 0.00? 0.00? 0.87° 0.00* <0.001 <0.001
Hypocreales sp. F34 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.201 0.201
A. amstelodami_F20 0.51* 0.00¢ 0.00¢ 0.00°¢ 0.71° 0.00°¢ 0.62¢ <0.001 <0.001
Trichosporon sp F21 0.00? 0.00? 0.00? 0.00? 0.00? 0.23° 0.00* <0.001 <0.001

Note: Mean relative abundance (%) of the phylum, top 20 fungal features are shown, with 10 to 12 samples
per intestinal segment. Statistical significance was determined using non-parametric Kruskal Wallis test
and p values were corrected for multiple comparisons using the Benjamini-Hochberg correction. For
columns with an FDR < 0.05, means were separated using pairwise Wilcoxon Rank Sums test. Columns
not sharing a common superscript are considered significantly different (P < 0.05). Note: Among the top
20 features, only three unclassified Trichosporon species belonged to the phylum Basidiomycota. The rest
belonged to Ascomycota.
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Table 4.S3. Pairwise ANOSIM of Beta Diversity Indices by Age and Location

Bray-Curtis Bray-Curtis Jaccard Jaccard
R value P value R value P value
Duodenum
D14-D21 1.000 <0.001 1.000 <0.001
D14-D27 1.000 <0.001 1.000 <0.001
D14-D3 0.431 0.001 0.369 0.006
D14-D35 1.000 <0.001 1.000 <0.001
D14-D42 0.750 <0.001 0.750 <0.001
D14-D7 0.064 0.147 0.137 0.031
D21-D27 0.221 0.007 0.874 <0.001
D21-D3 0.767 <0.001 0.767 <0.001
D21-D35 0.307 <0.001 0.947 <0.001
D21-D42 0.269 0.002 0.591 <0.001
D21-D7 1.000 <0.001 1.000 <0.001
D27-D3 0.741 <0.001 0.741 <0.001
D27-D35 0.111 0.036 0.071 0.101
D27-D42 0.106 0.057 0.163 0.009
D27-D7 1.000 <0.001 1.000 <0.001
D3-D35 0.767 <0.001 0.767 <0.001
D3-D42 0.519 <0.001 0.519 <0.001
D3-D7 0.575 <0.001 0.438 0.002
D35-D42 0.083 0.078 0.012 0.315
D35-D7 1.000 <0.001 1.000 <0.001
D42-D7 0.824 <0.001 0.824 <0.001
Jejunum
D14-D21 0.109 0.054 0.306 <0.001
D14-D27 1.000 <0.001 1.000 <0.001
D14-D3 1.000 <0.001 1.000 <0.001
D14-D35 0.795 <0.001 0.795 <0.001
D14-D42 1.000 <0.001 1.000 <0.001
D14-D7 0.387 <0.001 0.417 0.001
D21-D27 0.464 <0.001 0.314 0.002
D21-D3 0.758 <0.001 0.758 <0.001
D21-D35 0.275 0.002 0.260 0.003
D21-D42 0.758 <0.001 0.758 <0.001
D21-D7 0.306 0.002 0.313 <0.001
D27-D3 1.000 <0.001 1.000 <0.001
D27-D35 0.252 0.001 0.140 0.008
D27-D42 1.000 <0.001 1.000 <0.001
D27-D7 0.736 <0.001 0.736 <0.001
D3-D35 0.795 <0.001 0.795 <0.001
D3-D42 1.000 <0.001 1.000 <0.001
D3-D7 0.069 0.102 0.107 0.034
D35-D42 0.571 <0.001 0.720 <0.001
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D35-D7 0.553 <0.001 0.553 <0.001
D42-D7 0.758 <0.001 0.758 <0.001
Ileum
D14-D21 1.000 <0.001 1.000 <0.001
D14-D27 1.000 <0.001 1,000 <0.001
D14-D3 1.000 <0.001 1.000 <0.001
D14-D35 1.000 <0.001 1.000 <0.001
D14-D42 1.000 <0.001 1.000 <0.001
D14-D7 0.024 0.666 0.085 0.054
D21-D27 0.057 0.142 0.131 0.003
D21-D3 1.000 <0.001 1.000 <0.001
D21-D35 1.000 <0.001 1.000 <0.001
D21-D42 1.000 <0.001 1.000 <0.001
D21-D7 1.000 <0.001 1.000 <0.001
D27-D3 1.000 <0.001 1.000 <0.001
D27-D35 1.000 <0.001 1.000 <0.001
D27-D42 1.000 <0.001 1.000 <0.001
D27-D7 1.000 <0.001 1.000 <0.001
D3-D35 1.000 <0.001 1.000 <0.001
D3-D42 1.000 <0.001 1.000 <0.001
D3-D7 1.000 <0.001 1.000 <0.001
D35-D42 0.013 0.546 0.069 0.92
D35-D7 1.000 <0.001 1.000 <0.001
D42-D7 1.000 <0.001 1.000 <0.001
Cecum
D14-D21 0.074 0.112 0.077 0.090
D14-D27 0.082 0.096 0.077 0.075
D14-D3 0.315 0.001 0.382 0.001
D14-D35 0.685 <0.001 0.685 <0.001
D14-D42 0.711 <0.001 0.711 <0.001
D14-D7 0.321 0.002 0.400 0.001
D21-D27 0.022 0.291 0.122 0.020
D21-D3 1.000 <0.001 1.000 <0.001
D21-D35 1.000 <0.001 1.000 <0.001
D21-D42 1.000 <0.001 1.000 <0.001
D21-D7 1.000 <0.001 1.000 <0.001
D27-D3 0.812 <0.001 0.811 <0.001
D27-D35 0.465 0.001 0.582 <0.001
D27-D42 0.475 <0.001 0.551 <0.001
D27-D7 0.790 <0.001 0.790 <0.001
D3-D35 1.000 <0.001 1.000 <0.001
D3-D42 1.000 <0.001 1.000 <0.001
D3-D7 0.021 0.575 0.047 0.104
D35-D42 0.102 0.059 0.110 0.039
D35-D7 1.000 <0.001 1.000 <0.001
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Table 4.S4. Temporal shifts in fungal feature composition

D3 D7 D14 D21 D27 D35 D42  PValue FDR
Duodenum

F. pseudonygamai F1 0.00°  0.00°  0.00° 26.81° 38.10¢ 56.04¢ 3833¢ <0.001 <0.001
Gibberella sp._F3 46.44*  0.00°  0.00 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
F. pseudonygamai F2 0.00®  0.00° 0.00°  0.00® 0.00® 0.00% 14.12 0.002 0.002
Gibberella sp._F4 9.83* 46.87° 35.72° 0.00°  0.00°  0.00°  0.00°  <0.001 <0.001
C. albicans F5 0.34°  0.00>  0.00° 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
C. albicans F6 042  1.86° 451%™ 0.00°  0.00°  0.00°  0.00°  <0.001 <0.001
C. albicans F7 0.00°  0.00°  0.00° 1321"  8.07° 13.63* 127° <0.001 <0.001
A. flavus_F8 0.19°  3.65°  1.91° 0.00°  0.00°  0.00°  0.00°  <0.001 <0.001
C. albicans F9 0.00®  0.00° 0.00°  0.00® 0.00® 0.00® (.83 0.002 0.002
Trichosporon sp _F15 0.39° 220"  10.10° 0.00°  0.00°  0.00°  0.00°  <0.001 <0.001
Trichosporon sp _F17 0.00°  0.00°  0.00° 11.43 1239° 0.58  0.72®  <0.001 <0.001
S. fibuligera F28 3.24* 1018  9.55 0.00°  0.00°  0.00°  0.00°  <0.001 <0.001
A. flavus _F13 0.00®  0.00> 0.00°  0.00® 0.00®° 0.00*  0.76 0.002 0.002
A. amstelodami_F16 0.20°  0.00>  0.00° 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
S. fibuligera F32 0.00°  0.00°  0.00° 1678  2.63° 0.01°  0.07° <0.001 <0.001
A. flavus_F12 0.00>  0.00°  0.00 0.65° 120  320° 124"  <0.001 <0.001
Hypocreales sp. _F34 1.83* 945  8.26° 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
A. flavus F14 0.55*  0.00>  0.00° 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
Trichosporon sp _F21 0.19°  0.00>  0.00° 0.00>  0.00° 0.00° 0.00° <0.001 <0.001
A. amstelodami_F20 0.18 578  2.15° 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
Jejunum

F. pseudonygamai F1 0.00°  0.00°  0.00° 0.00°  0.00° 1891 67.21°  <0.001 <0.001
Gibberella sp. F3 0.00°  26.17° 69.12° 4593  0.00°  0.00°  0.00°  <0.001 <0.001
F. pseudonygamai_F2 73.61°  53.53*  0.00° 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
Gibberella sp. F4 0.000  0.00°  0.00° 2351 5510 5558°  0.000 <0.001 <0.001
C. albicans_F5 0.00°  2.00°  9.89° 9.25°  0.00*  0.00°  0.00°  <0.001 <0.001
C. albicans_F6 0.00°  0.00°  0.00° 463> 11.87° 855  0.00° <0.001 <0.001
C. albicans F7 0.00°  0.00°  0.00° 0.00°  0.00° 283  1.76° <0.001 <0.001
A. flavus F8 0.00°  0.00°  0.00° 0.49* 295 333  0.000 <0.001 <0.001
C. albicans F9 1.32°  0.04>  0.00° 0.00°  0.00°  0.00°  0.00°  <0.001 <0.001
Trichosporon sp F15 0.00°  0.00°  0.00° 070" 929" 0.85>  0.00°  <0.001 <0.001
Trichosporon sp _F17 0.00°  0.00°  0.00° 0.00°  0.00°  0.00°  0.02° <0.001 <0.001
S. fibuligera F28 0.00  0.00 0.00 0.00 0.00 0.00 0.00 NA NA
A. flavus F13 4.65° 3.9 0.00 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
A. amstelodami_F16 0.00° 036> 239° 270  0.00° 0.00°  0.00° <0.001 <0.001
S. fibuligera F32 0.00°  0.00°  0.00° 0.00°  0.00°  0.00°  1.42* <0.001 <0.001
A. flavus F12 0.00°  0.00°  0.00° 0.00°  0.00°  1.13*  451°  <0.001 <0.001
Hypocreales sp. F34 0.00  0.00 0.00 0.00 0.00 0.00 0.00 0.433 0.433
A. flavus F14 0.000 1.64> 3.63° 092>  0.00°  0.00°  0.00°0  <0.001 <0.001
Trichosporon sp F21 0.00°  0.14°  222° 248"  0.00°  0.00°  0.00°0  <0.001 <0.001
A. amstelodami F20 0.00°  0.00°  0.00° 075> 3.3 055 0.000 <0.001  <0.001
Ileum

F. pseudonygamai F1 78.91°  0.00°  0.00° 0.000  0.00° 0.000  0.00° <0.001 <0.001
Gibberella sp_F3 0.00°  0.00°  0.00° 5625 66.75°  0.00°  0.00°0  <0.001 <0.001
F. pseudonygamai F2 0.00°  7539* 77.27° 0.000  0.00° 0.00°  0.00° <0.001 <0.001
Gibberella sp. F4 0.00°  0.00°  0.00 0.00°  0.00° 67.75° 7543>  <0.001 <0.001
C. albicans_F5 0.00°  0.00°  0.00° 17.12> 11.45°  0.00°  0.00°  <0.001 <0.001
C. albicans_F6 0.00°  0.00°  0.00° 0.00°  0.00° 10.90° 635"  <0.001 <0.001
C. albicans F7 1.09°  0.00>  0.00° 0.00>  0.00°  0.00°  0.00° <0.001 <0.001
A. flavus_F8 0.00°  0.00°  0.00° 0.00°  0.00° 844>  7.85"° <0.001 <0.001

90



C. albicans_F9 0.00°  1.19* 4.65° 0.00* 0.00* 0.00* 0.00* <0.001 <0.001

Trichosporon sp F15 0.00*°  0.00* 0.00* 0.00* 0.00* 0.24° 0.41° <0.001 <0.001
Trichosporon sp F17 0.11*  0.00° 0.00° 0.00° 0.00° 0.00° 0.00° <0.001 <0.001
S. fibuligera F28 0.00*°  0.00* 0.00* 0.00* 0.00* 0.03" 0.15¢ <0.001 <0.001
A. flavus F13 0.000  4.03° 5.37° 0.00* 0.00* 0.00? 0.00* <0.001 <0.001
A. amstelodami_F16 0.00*°  0.00* 0.00* 9.38" 2.24¢ 0.00? 0.00* <0.001 <0.001
S. fibuligera F32 0.08*  0.00° 0.00° 0.00° 0.00° 0.00° 0.00° <0.001 <0.001
A. flavus F12 6.03*  0.00" 0.00° 0.00° 0.00° 0.00° 0.00° <0.001 <0.001
Hypocreales sp. F34 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.423 0.423
A. flavus F14 0.00*°  0.00* 0.00* 3.53" 5.47° 0.00? 0.00* <0.001 <0.001
Trichosporon sp F21 0.00*  0.00* 0.00* 3.53" 4.47° 0.00* 0.00* <0.001 <0.001
A. amstelodami_F20 0.00*°  0.00* 0.00* 0.00* 0.00* 1.49° 0.71¢ <0.001 <0.001
Cecum

F. pseudonygamai F1 91.62*  90.65*° 35.59% 0.00° 0.00¢ 0.00¢ 0.00¢ <0.001 <0.001
Gibberella sp. F3 0.00*°  0.00* 0.00* 0.00*  24.87° 85.00° 85.82° <0.001 <0.001
F. pseudonygamai_F2 0.00*  0.00* 45.40° 66.83° 55.21° 0.00? 0.00* <0.001 <0.001
Gibberella sp. F4 0.00 0.00 0.00 0.00 0.00 0.00 0.00 NA NA
C. albicans_F5 0.00*°  0.00* 0.00* 0.00* 2.14* 7.44° 5.03° <0.001 <0.001
C. albicans F6 0.00 0.00 0.00 0.00 0.00 0.00 0.00 NA NA
C. albicans F7 0.14*  0.83° 0.722 0.00° 0.00° 0.00° 0.00° <0.001 <0.001
A. flavus F8 0.00 0.00 0.00 0.00 0.00 0.00 0.00 NA NA
C. albicans F9 0.00*°  0.00* 1.77° 9.22¢c  6.69" 0.00? 0.00* <0.001 <0.001
Trichosporon sp F15 0.00 0.00 0.00 0.00 0.00 0.00 0.00 NA NA
Trichosporon sp _F17 0.14®*  0.13*  0.03" 0.00°¢  0.00¢¢  0.00¢¢ 0.00¢ <0.001 <0.001
S. fibuligera F28 0.00 0.00 0.00 0.00 0.00 0.00 0.00 NA NA
A. flavus F13 0.00*°  0.00* 0.32° 0.56" 0.35° 0.00? 0.00* <0.001 <0.001
A. amstelodami_F16 0.00*  0.00* 0.00* 0.00* 0.06" 0.44° 0.60° <0.001 <0.001
S. fibuligera F32 0.00*  0.00% 0.00° 0.00®®  0.00®®  0.00*  0.00* 0.007 0.007
A. flavus F12 0.19*  0.16* 0.08" 0.00° 0.00¢ 0.00¢ 0.00¢ <0.001 <0.001
Hypocreales sp. F34 0.00 0.00 0.00 0.00 0.00 0.00 0.00 NA NA
A. flavus F14 0.00*°  0.00* 0.00* 0.00* 0.04* 0.70° 0.87° <0.001 <0.001
Trichosporon sp_F21 0.00*°  0.00* 0.00* 0.00* 1.39% 0.19° 0.23" <0.001 <0.001
A. amstelodami F20 0.00 0.00 0.00 0.00 0.00 0.00 0.00 NA NA

Note: Mean relative abundance (%) of the phylum, top 20 fungal features are shown, with 10 to 12 samples
per intestinal segment. Statistical significance was determined using non-parametric Kruskal Wallis test
and p values were corrected for multiple comparisons using the Benjamini-Hochberg correction. For
columns with an FDR < 0.05, means were separated using pairwise Wilcoxon Rank Sums test. Columns
not sharing a common superscript are considered significantly different (P < 0.05).
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Fig. 4.1. Variation in the a-diversity of the mycobiome along the gastrointestinal tract of
day-42 chickens. Overall diversity, richness, and evenness were calculated from 10-12 luminal
content samples of each intestinal segment using the Shannon Index (A), Observed Features (B),
and Pielou’s Evenness index, respectively. Significant differences were determined using the
Kruskal-Wallis test and means were separated with pairwise Wilcoxon rank-sum tests with the
intestinal segments not sharing a common superscript considered significantly different (P <

0.05).
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Fig. 4.2. Principal coordinate analysis (PCoA) of the mycobiome along the gastrointestinal

tract of day-42 chickens. Luminal content samples were collected from each gastrointestinal

segment of 10-12 chickens. PCoA was plotted using Bray-Curtis (A) and the Jaccard indices (B),

respectively. Statistical significance was determined using ANOSIM and indicated in each plot.
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Fig. 4.3. Biogeographical variation in mycobiota composition of the gastrointestinal tract of

day-42 chickens. Luminal content samples were collected from each gastrointestinal segment.

Relative abundance of features was used to determine the fungal composition at the genus (A)

and feature (B) levels with 10-12 samples of each segment. Only the top 20 genera and features

are shown.
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Fig. 4.4. Successional changes in the a-diversity chicken mycobiota. Luminal content samples
were collected from the duodenum, jejunum, ileum, and cecum of chicks fed an antibiotic-free
diet on days 3, 7, 14, 21, 27, 35, and 42. The a-diversity was calculated from 10 to 12 samples on
each sampling day and indicated by the Shannon Index (A), Observed Features (B), and Pielou’s
Evenness, respectively. Significant differences were determined using the Kruskal-Wallis test and
means were separated with pairwise Wilcoxon rank-sum tests with the segments not sharing a

common superscript considered significantly different (P < 0.05).
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Fig. 4.5. Variation in p-diversity of the chicken intestinal mycobiota. Luminal content
samples were collected from the duodenum, jejunum, ileum, and cecum of chicks fed an
antibiotic-free diet on days 3, 7, 14, 21, 27, 35, and 42, respectively. Principal coordinate analysis
(PCoA) was plotted from 10 to 12 samples on each sampling day using Bray-Curtis index.

Statistical significance was determined using ANOSIM and indicated in each plot.

97



Duodenum Jejunum

100 =
L = = v <
8 75-
c
]
i)
c
=1
o
< 50=
(]
=
s Genus
[7) .
Phialocephala
@ 25- 5 Thelebolus
: | e
izopus
[0} I Stenocarpella
o B Alternaria
0= I Meyerozyma
B Talaromyces
B Paraconiothyrium
B Microascus
lleum Cecum B Eurotiomycetes_unidentified
B Microascaceae_unidentified
100 = ¥ Davidiella
I Kabatiella
— B Trichosporon
9 B Saccharomycopsis
~ | Hypocreales unidentified
8 Candida
2 75 = I Aspergillus
T B Gibberella
k]
c
=1
Ko
< 50 =
]
=
©
4
w 25-
3
c
[]
O]
0 -

1 [ 1 1
D3 D7 D14 D21 D27 D35 D42 DS D7 D14 DZ1 027 035 D42

Fig. 4.6. Developmental changes in the intestinal mycobiota composition of chickens.
Luminal content samples were collected from four gastrointestinal segments of broiler chickens
on seven different sampling days. Relative abundance was calculated at the genus level with 10 to

12 samples per segment per sampling day. Only the top 20 genera are shown.



D14 D21 D27 D35 D42
100 =

iy ||
e
: : :
<
E &
< 2
[
2 =
§ I||
A
100 =
z n-] ) o
L r <
| c
g 5
100 =
e
2 3
%
[+
100 =
.l- nll B
;\? 75 , FF
g ! o
£ 3
S 50 - =
g 3
o

AAR R R R RN (AN R RN EEN) (AR AR RN LU L B L LR LN BN L LN LA R RN
LA y E i_F20 n Ascomyooﬂa Aspe illus flavus _ F13 A _Candida albi _F6
il ) T unidentified_F21 B A ha F28 B A _Candida albi _F5
I Ascomycota Asporglusnaws F14 § Basidi ta_Tri P umdenﬂied_'FW # Ascomycota_Gibberella_unidentified_F4
B Ascomycota_Hypocreales fied_F34 1 B ,_Trichosp _unidentified_F15 Ascomycota_Fusarium pseudony 'gamai F2
I Ascomycota_ Asperglusﬂavus F12 nA _Candida albi _F9 I Ascomycota_Gibberella_unidentified
= A Y : _: fib }1 S _F32 § A y ‘(A:aﬁd nﬂa flavus_F8 § Ascomycota_Fusarium pseudonygamai_F1

Fig. 4.7. Shift in the intestinal mycobiota composition over a production cycle of chickens.
Luminal content samples were collected from four gastrointestinal segments on seven different
sampling days. Relative abundance of each feature was calculated with 10 to 12 samples per
segment per sampling day. Only the top 20 features are shown.
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ABSTRACT

Antimicrobial growth promoters (AGPs) are commonly used in the livestock industry at
subtherapeutic levels to improve production efficiency, which is achieved mainly through
modulation of the intestinal microbiota. However, how different classes of AGPs, particularly
ionophores, regulate the gut microbiota remains unclear. In this study, male Cobb broiler
chickens were supplemented for 14 days with or without one of five commonly used AGPs
including three classical antibiotics (bacitracin methylene disalicylate, tylosin, and virginiamycin)
and two ionophores (monensin and salinomycin) that differ in antimicrobial spectrum and
mechanisms. Deep sequencing of the V3-V4 region of the bacterial 16S rRNA gene revealed that
two ionophores drastically reduced a number of rare bacteria resulting in a significant decrease in
richness and a concomitant increase in evenness of the cecal microbiota, whereas three antibiotics
had no obvious impact. Although each AGP modulated the gut microbiota differently, the closer
the antibacterial spectrum of AGPs, the more similarly the microbiota is regulated. Importantly,
all AGPs had a strong tendency to enrich butyrate- and lactic acid-producing bacteria, while
reducing bile salt hydrolase-producing bacteria, suggesting enhanced metabolism and utilization
of dietary carbohydrates and lipids and improved energy harvest, which is at least partially

responsible for the growth-promoting effect of AGPs.

Keywords: Microbiota; antibiotics; ionophores; antimicrobial growth promoters; chickens
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Introduction

Subtherapeutic antimicrobial growth promoters (AGPs) are commonly included in livestock diets
to improve production performance [1,2]. This is particularly true in the poultry industry where
supplementation has been shown to improve weight gain and feed efficiency, inhibit pathogen
growth, and reduce mortality [2,3]. However, increased microbial resistance linked to antibiotic
use in food animals has led to a ban on AGPs and a change in consumer preference towards
products from animals raised without antibiotics [1,4,5]. This has, therefore, created a need to

develop antibiotic alternatives to ensure animal health and growth performance.

While the exact mode of action remains elusive, AGPs are postulated to provide
performance benefits through modulation of the intestinal microbiota [2,6,7,8]. Indeed, the
inability of antibiotics to improve growth performance in germ-free chicks has provided
compelling evidence that antibiotics work primarily by reshaping the intestinal microbiota [9],
which is a unique ecosystem known to play a vital role in host health and metabolism through its
effects on feed digestion, nutrient absorption, vitamin synthesis, and immune system development
[10,11,12]. Consistently, a link between the intestinal microbiota and growth performance of
livestock animals has been established [7,13,14]. For example, two specific fecal bacterial
community structures known as enterotypes are significantly associated with body weight and
average daily gain of pigs [15]. Similar studies in broiler chickens have revealed a strong
correlation between certain intestinal bacterial taxa and weight gain [16]. Specific AGP-induced
changes in the intestinal microbiota are beginning to be elucidated [2,7,8]. However, the wide
range of AGPs used between studies, as well as differences in animal age, diet, genetics,
management condition, DNA isolation, and sequencing strategies, make it difficult to draw a
definitive conclusion from the current literature. It remains unknown whether different classes of
AGPs such as classical antibiotics and ionophores modulate the intestinal microbiota in similar or

distinct manners.
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In this study, we directly compared the effects of five AGPs including bacitracin
methylene disalicylate (BMD), tylosin, virginiamycin, monensin, and salinomycin on the cecal
microbiota of broilers. These five AGPs were chosen because they are commonly used in the
poultry industry and are known to have different antimicrobial spectra and mechanisms. BMD is
a broad-spectrum cyclic peptide antibiotic that functions through inhibition of bacterial cell wall
synthesis, while tylosin, a macrolide, and virginiamycin, a streptogramin, both target Gram-
positive bacteria by inhibiting bacterial protein synthesis [2,17]. Monensin and salinomycin, on
the other hand, are polyether ionophores that act against coccidia and Gram-positive bacteria by
transporting ions and dissipating ion gradients across bacterial cell membranes [2,17]. Based on
deep sequencing of the V3-V4 region of the bacterial 16S rRNA gene after 2-week subtherapeutic
supplementation of five AGPs, we revealed in the current study an obvious shift in the structure
of the cecal bacterial community, with two ionophores having the most striking effect.
Identification of a number of bacterial taxa that are commonly and uniquely altered in response to
different AGPs shed new light on their growth-promoting mechanism and may allow targeted

manipulation of the cecal microbiota to improve animal health and productivity in the future.

Materials and Methods

Animal trial

All animal trials were conducted in accordance with the Institutional Animal Care and Use
Committee of Oklahoma State University. A total of 576 day-of-hatch male Cobb broiler chicks
were obtained from the Cobb-Vantress Hatchery (Siloam Springs, AR) and randomly assigned to
one of six dietary treatments with eight birds per cage and 12 cages per treatment. Animals
received either a non-medicated standard corn-soybean starter diet, formulated to meet or exceed
NRC requirements, or the starter diet supplemented with one of five AGPs for 14 days. The

supplemental levels were BMD (0.5 g BMD®-50/kg diet, equivalent to 55 mg BMD/kg, Zoetis,
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Parsippany, NJ), tylosin (0.5 g Tylan®-40/kg, equivalent to 44 mg tylosin/kg, Elanco Animal
Health, Greenfield, IN), virginiamycin (0.5 g Stafac®-20/kg, equivalent to 22 mg
virginiamycin/kg, Phibro Animal Health, Teaneck, NJ), monensin (0.5 g Coban®-90/kg,
equivalent to 99 mg monensin/kg, Elanco Animal Health), and salinomycin (0.5 g Bio-Cox®-
60/kg, equivalent to 66 mg salinomycin/kg, Zoetis), respectively. All antimicrobial doses are
recommended at subtherapeutic levels for disease prevention and growth promotion by respective
manufacturers. The chickens were raised on floor cages with fresh pine wood shavings under
standard management. Water and feed were provided ab libitum for the entire duration of the
trial. The room temperature was started at 33°C and decreased 3°C every 7 days. The light to dark
ratio was 24:0 for day 0, 23:1 for days 1 to 3, 18:6 for days 4 to 6, and 16:8 for days 7 to 14.
Modification of room temperature and lighting was designed in accordance with industry
standards to ensure optimal bird growth. On day 14, two chicks were randomly selected from
each cage and euthanized via CO, asphyxiation. Cecal content was collected from each bird for
microbiome analysis. The samples were immediately frozen in liquid nitrogen and stored at -80°C

until further processing.

DNA extraction and sequencing

Bacterial DNA was isolated from cecal contents using the ZR Fecal DNA Isolation Kit (Zymo
Research, Irvine, CA) according to the manufacturer’s protocol. The quality and quantity of DNA
samples were determined using a Nanodrop ND-1000, and agarose gel electrophoresis was used
to confirm the absence of degradation. High quality DNA was sequenced for the V3-V4 region of
the 16S rRNA gene by Novogene (Beijing, CA) on [llumina HiSeq2000 using 341F
(CTAYGGGRBGCASCAG) and 806R (GGACTACNNGGGTATCTAAT) primers. Novogene’s
standard protocol using the NEB Next® Ultra™ Library Prep Kit was used for PCR amplification

and library preparation.
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Bioinformatic analysis and statistics

Raw sequences were processed using mothur, version 1.39.5 [18], according to the standard
operating procedures. Low quality sequences and singletons were removed. Sequences were
aligned using the SILVA database prior to classification using the RDP 16S rRNA training set 16.
Sequences that shared no less than 97% identity were clustered into one operational taxonomic
unit (OTU) and relative abundance was calculated. Differences in the microbial community
structure were calculated using R version 3.5.1 [19]. The a- and pB-diversities were calculated with
the phyloseq package, version 1.24.2 [20], while plots were made using ggplot2 version 3.0.0
[21]. Statistical differences in a-diversity and relative abundance were determined using one-way
ANOVA with post hoc Tukey’s test in R. The a-diversity was calculated using the Shannon
Evenness index and Observed OTUs as measures of evenness and richness, respectively. Results
were plotted using box and whisker plots, in which the middle line denotes the median value and
the lower and upper hinges represent the first and third quartiles, respectively. Whiskers extend
from the hinge to the highest or lowest value no farther than 1.5% the inter-quartile range. Points

outside of this range are considered outliers.

The B-diversity was calculated using Bray-Curtis and Jaccard indices and statistical
difference in the microbiome composition was determined using analysis of similarity
(ANOSIM) in the vegan package of R, version 2.5.2 [22]. Metastats [23] was used to determine
significant differences in the relative abundance of each OTU between individual treatments and
the control group. Venn diagrams were drawn using the VennDiagram package of R [24], and

heatmap was generated using Heatmapper [25].

Accession number

Sequencing data for this experiment was deposited into NCBI SRA and can be found under the

accession number PRINAS552082.

106



Results

Effect of in-feed antimicrobials on the cecal bacterial diversity

Male Cobb broiler chicks were fed a non-medicated corn-soybean basal diet supplemented with
or without one of five commonly used AGPs at subtherapeutic levels for two weeks before
collection of 12 cecal content samples for each treatment. Following bacterial DNA isolation and
sequencing of the V3-V4 region of the 16S rRNA gene, a total of 7,767,847 raw sequence reads
were obtained with an average of 107,866 + 11,583 sequences per sample. After quality trimming
and processing, 6,522,487 reads remained and were further clustered into 2,416 OTUs. Sequences

were subsampled to a depth of 56,629 sequences per sample for subsequent analysis.

The a-diversity was first calculated using Shannon Evenness Index (Figure 1A) and
Observed OTUs (Figure 1B). Both measurements revealed a trend toward a decrease in both
evenness and richness of the cecal microbiota in response to three antibiotics (BMD, tylosin, and
virginiamycin). Surprisingly, two ionophores (monensin and salinomycin) led to a significant
increase (P < 0.05) in evenness of the microbiota, which was accompanied by a drastic decrease
in richness (P < 0.05). To further reveal the difference in the cecal microbiota a-diversity between
antibiotics and ionophores, data from three antibiotics and two ionophore groups were combined
separately and a-diversity was calculated. Similar to individual treatments, ionophores caused a
significant increase in evenness (P < 0.05) (Figure 1C) and a concomitant decrease in richness (P
< 0.05) (Figure 1D), whereas the effect of antibiotics on cecal bacterial a-diversity was
insignificant, suggesting that ionophores have a more pronounced effect than antibiotics on

reshaping the cecal microbiota.

To further reveal the differences in cecal microbiota composition among individual
AGPs, B-diversity was determined using the Bray-Curtis and Jaccard indices. While there was no

obvious segregation of the microbiota based on the Bray-Curtis Index (Figure 2A), two ionophore
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groups were clearly separated from all other treatments using the Jaccard Index (Figure 2B),
reinforcing an earlier observation on a-diversity that in-feed ionophores had a stronger effect on
cecal microbiota than antibiotics. Consistently, ANOSIM indicated that the differences in the
Bray-Curtis index among treatments are mostly significant (P < 0.05), but generally minor (with a
low R value ranging from 0.048 to 0.411) (Table 1). However, for the Jaccard index, all three
antibiotics and the control group had very low R values of less than 0.1 among each other,
whereas the highest R values were observed when comparing the two ionophore groups to any
other group (R > 0.7 for all comparisons) (Table 1), in agreement with the a-diversity analysis in
that two inophores significantly reduced richness of the cecal microbiota, while three antibiotics

had relatively a mild effect (Fig. 1D).

Effect of in-feed antimicrobials on cecal bacterial composition

At the phylum level, Firmicutes was found to be the most abundant phylum accounting for over
97% of all sequences, followed by Proteobacteria and Bacteroidetes in the cecum of day-14
broilers (Figure 3A). Statistical analysis revealed no significant difference in relative abundance
of Firmicutes or Proteobacteria among treatments (Supplementary Table 1). Relative abundance
of Bacteroidetes and Actinobacteria varied significantly among the treatments (P < 0.05).
Virginiamycin resulted in a significant decrease in Actinobacteria, relative to the control group,
while BMD significantly increased Bacteroidetes as compared to tylosin and monensin (P < 0.05)
(Supplementary Table 1). At the genus level, over 48% of sequences were identified as
unclassifiable members of Lachnospiraceae (Figure 3A). Statistical analysis of the top 10 genera
revealed differential effects of AGP supplementation on members of Ruminococcaceae,
Clostridiales, and Romboutsia. For example, tylosin supplementation caused a significant
increase in an unclassified genus of the Ruminococcaceae family relative to the control group (P

< 0.05), while virginiamycin resulted in a significant diminishment of Romboutsia of the
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Peptostreptococcaceae family and a concomitant increase in an unclassified genus of the

Clostridia class as compared to control (P < 0.05) (Supplementary Table 1).

When three antibiotics and two ionophore groups were combined and compared with the
control group, no significant difference in relative abundance of Firmicutes, Proteobacteria, or
Bacteroidetes was observed at the phylum level, while Actinobacteria was significantly reduced
by antibiotics, but not ionophores (Figure 3B and Supplementary Table 2). At the genus level, a
significant increase in unclassified Ruminococcaceae was observed in the antibiotics group over
control (P < 0.05), while ionophores had a minimum impact (Figure 3B and Supplementary Table
2). Romboutsia was significantly augmented in response to antibiotics (P < 0.05), but remained
unaltered by ionophores (Supplementary Table 2). When all five AGP groups were pooled and
compared to the control (Figure 3C), Firmicutes was slightly, but significantly decreased by
AGPs, while the opposite was true with Proteobacteria (Supplementary Table 3). A significant
increase in an unclassified member of both Ruminococcaceae and Clostridiales was observed (P

< 0.05), while all other genera remained largely unchanged (Supplementary Table 3).

Differential regulation of OTUs by antimicrobial supplementation

In order to better define changes in individual OTUs, Metastats [23] was used to identify OTUs
that were significantly altered (P < 0.05) by each AGP relative to the control group. Overall, 898
OTUs were significantly up- or down-regulated by at least one AGP, with 59 of those affected by
all five AGPs (Figure 4). The majority of these were observed to be rare OTUs belonging to a
diverse set of bacterial genera (data not shown). Apparently, each AGP also showed an obvious
differential effect, with a group of OTUs being uniquely modulated by individual AGPs (Figure
4). Additionally, monensin and salinomycin supplementation resulted in a depletion of a number

of lowly abundant OTUs belonging to unclassified genera of Ruminococcaceae and Clostridiales
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(data not shown), consistent with a significant decrease in microbiota richness in the a-diversity

analysis.

Among the top 100 most abundant OTUs, 64 were significantly affected by at least one
treatment as revealed by Metastats and visualized in a heatmap (Figure 5). It is obvious that each
AGP regulate different bacterial populations in the cecum. For example, a unclassified member of
Ruminococcaceae (OTU0085) was significantly increased by BMD, but remained largely
unchanged in response to other AGPs; on the other hand, another unclassified Ruminococcaceae
(OTU0003) was significantly suppressed by monensin, but not other AGPs (Figure 5). However,
several OTUs were regulated similarly in response to all five AGPs. For example, an
Escherichia/Shigella member (OTU0021), a Blautia member (OTU0016), a Clostridium XlVa
member (OTU0039), and an unclassified member of Clostridiales (OTU0059) were enriched by
all five AGPs, whereas a Clostridium XIVb member (OTUO0073) and a Lactobacillus (OTU0019)
were decreased by all AGPs (Figure 5). Relative abundances of OTUO0039 in the cecum of
individual broilers were further illustrated in a dot plot (Figure 6A). It is not surprising that
Euclidean clustering identified a clear segregation of five AGPs, with three antibiotics forming
one clade and two ionophores forming the other (Figure 5). A cluster of four members of
Firmicutes (OTU0047, OTU0070, OTU0080, and OTU0092) were clearly suppressed by two
ionophores, but largely unaffected by three antibiotics (Figure 5 and Figure 6B). A
Streptococccus member (OTU0052) was also significantly suppressed by two ionophores, but
dramatically enriched by tylosin, while two other antibiotics had no effect (Figure 5 and Figure
6C). Conversely, an Enterococcus (OTUO0081) was significantly enriched by two ionophores, but
unaffected by antibiotics (Figure 6D). Within the antibiotics clade, tylosin and virginiamycin
were shown to cluster separately from BMD, consistent with their differences in antimicrobial
mechanism and spectrum [2,17]. A cluster of six OTUs (OTU0023, OTU0026, OTU0060,

OTU0084, OTU0088, and OTU0098) and another cluster of two OTUs (OTU0054 and
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OTUO0058) were uniquely suppressed by BMD, with no obvious effect by other antibiotics

(Figure 5) as exemplified by OTU0023 (Figure 6E).

Discussion

In-feed AGPs are known to modulate gut microbiota. Early culture-independent studies using
molecular techniques such as terminal restriction fragment length polymorphism, denaturing
gradient gel electrophoresis, and Sanger sequencing of the 16S rRNA gene clone libraries
revealed a consistent and obvious antibiotic-induced shift in the microbiota composition
[26,27,28,29,30,31]. However, these techniques lack the depth and precision to reveal specific
changes in bacterial taxa. Subsequent next-generation sequencing of the bacterial 16S rRNA gene
demonstrated specific changes in certain bacterial populations, but with largely inconsistent
results. Multiple studies have shown no obvious effect of antibiotics on a-diversity [32,33,34,35],
while others showed a decrease [36,37] or an increase in a-diversity of the cecal microbiota [38].
Significant changes in bacterial composition, measured by B-diversity, were observed more
consistently [34,37,38,39], with only a few studies not reporting a shift [36,40]. However, very
few studies compared the impact of multiple AGPs, particularly antibiotics and ionophores, on

the gut microbiota side-by-side.

In this study, two-week supplementation with three classical antibiotics (BMD, tylosin,
and virginiamycin) had a minimum effect on a- or B-diversity of the chicken cecal microbiota.
Surprisingly, a significant decrease in richness and a concurrent increase in evenness of the cecal
microbiota was observed for two ionophores (monensin and salinomycin), consistent with the
16S rRNA gene sequencing results showing a significant diminishment of a large number of rare
bacterial phylotypes. Previous work investigating the effects of ionophores on poultry microbiota
is limited. However, Danzeisen et al. [32] reported a similar, though non-significant, decrease in

a-diversity of the cecal microbiota in broilers in response to monensin supplementation.
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Overall, the most dramatic effect of AGP supplementation is differential enrichment of the
Clostridiales order, particularly the members of three most dominant bacterial families in the
chicken cecum (Ruminococcaceae, Lachnospiraceae, and Clostridiaceae) [41]. Among the 100
most abundant bacterial taxa, a number of the Ruminococcaceae members were enriched in the
cecum by AGPs, while many Lachnospiraceae species appear to be diminished (Figure 5).
Previous studies have found both Ruminococcaceae and Lachnospiraceae to be increased
following supplementation of broiler diets with a mixture of chlortetracycline, virginiamycin, and
amoxicillin [42], but decreased by avilamycin, flavophospholipol, or zinc bacitracin [36,43]. Both
Ruminococcaceae and Lachnospiraceae are known to produce butyrate [44,45]. It is noted that
several Clostridium IV and XIVa members such as OTU0039, OTU0075, and OTU0076 were
also significantly increased in abundance. Both IV and XIVa clusters of Clostridia are the two
most dominant bacterial taxa in the hind gut of humans and well-known for their ability to
produce butyrate from indigestible carbohydrates [46,47]. These results are consistent with earlier

observations that in-feed antibiotics preferentially enriched butyrate-producing bacteria [42].

Lactic acid bacteria are widely used as probiotics to provide a myriad of beneficial effects
to the host [48,49]. Only three lactic acid bacterial genera including Enterococcus, Lactobacillus,
and Streptococcus were differentially regulated by AGPs among the 100 most abundant OTUs in
the cecum. It is interesting to note that all three Enterococcus members (OTU0081, OTU0090,
and OTU0094) were upregulated by AGPs, while the only Lactobacillus member (OTU0019)
was obviously reduced in response to all but one AGPs. A reduction in the Lactobacillus
abundance is consistent with earlier observations that AGP administration was associated with
depopulation of the Lactobacillus species [50,51], resulting in reduced bile salt deconjugation and
improved fat digestion and utilization [51]. Lactobacilli are known to be major producers of bile
salt hydrolase responsible for hydrolyzing and deconjugating primary bile acids [52]. A lone

Streptococcus member (OTUO0052) was significantly reduced by two ionophores, but
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significantly enriched by tylosin, while BMD and virginiamycin had a minimum impact.
Streptococcus has been shown to be suppressed by carbadox and a mixture of three antibiotics
(chlortetracycline, sulfamethazine, and penicillin) in pigs [53] or a mixture of three different

antibiotics (amoxicillin, metronidazole, and bismuth) in mice [54].

These results collectively suggest that AGPs have a strong tendency to enrich butyrate-
and lactic acid-producing bacteria, while reducing bile salt hydrolase-producing bacteria, in the
cecum. A combination of these effects leads to enhanced metabolism and utilization of dietary
carbohydrates and lipids and improved energy harvest and mucosal immune defense, all of which

may be responsible for the growth-promoting effect of AGPs.

Among five AGPs selected for this study, BMD kills a broad spectrum of Gram-positive
bacteria by interfering with synthesis of bacterial cell wall and peptidoglycan, while tylosin and
virginiamycin act against a narrower spectrum of Gram-positive bacteria via inhibition of
bacterial protein synthesis [17]. Two ionophores (monensin and salinomycin), on the other hand,
kill bacteria and parasites by facilitating transportation of monovalent ions and thereby disrupting
ion gradients across cell membranes, although monensin preferentially transports Na™ and H',
while salinomycin prefers K™ and Na" [17,55]. An obvious differential effect exists among
individual AGPs and among different classes of AGPs, although a number of bacteria are
commonly regulated by all AGPs. It is apparent that, the larger the difference in the antibacterial
spectrum and mode of action among AGPs, the more distinct the bacterial populations that they
regulate. We observed that monensin and salinomycin modulate similar bacterial populations that
are rather different from three antibiotics. Among three antibiotics, virginiamycin and tylosin

were found to manipulate the microbiota composition in a more similar manner than BMD.

Among top 100 OTUs, 97 belong to Firmicutes. The only Bacteroides (OTU0037) was

obviously enriched by BMD and salinomycin, but suppressed by tylosin and monensin. Such a

113



differential regulation pattern is interesting, but the reason is currently unknown, although
Bacteroides, with the ability to degrade non-digestible carbohydrates to produce short-chain fatty
acids [56,57], was reported to be enriched by BMD [38]. A lone Proteobacteria
(Escherichia/Shigella OTU0021) was also enriched by all five AGPs, which is in agreement of
earlier reports that a transient upregulation of Escherichia/Shigella in response to in-feed

antibiotics [53,54].

It is important to note that closely related bacteria within a genus are not necessarily
regulated in the same fashion even by the same AGP. For example, multiple clusters of the
Clostridium genus were differentially regulated. One abundant member of Butyricicoccus
(OTU0010) was enriched by AGPs, but a less abundant Butyricicoccus (OTU0080) was
diminished particularly by ionophores. While Blautia OTUO0016 is upregulated, Blautia
OTUO0017 and OTUO0070 are downregulated by AGPs. 1t is, therefore, difficult to predict the net
outcome in the abundance of certain bacterial populations. Future studies to perform absolute
quantification of individual bacterial taxa will help provide a more definitive answer to the net

change in each bacterial population.

In this study, we demonstrated the differential effects of five different AGPs on the cecal
microbiome of broiler chickens. While each treatment displayed certain effect on cecal
microbiome composition, the most drastic changes were observed with ionophores. Investigation
into the regulation of specific OTUs revealed an enrichment of beneficial bacteria following
antimicrobial treatment, particularly in OTUs involved in butyrate synthesis. However, we only
examined the cecal microbiota changes two weeks after AGP supplementation. It will be
beneficial to investigate the kinetic response of the gut microbiota in response to AGPs, revealing
whether certain bacterial populations undergo temporal or persistent alterations. Furthermore,
because the small intestine is the major site where most nutrients are digested and absorbed,

studying the microbiota changes in the small intestine by AGPs is also warranted.
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Although different AGPs appear to shift the structure of gut microbiota in distinct
manners, it will be important to examine how the function of gut microbiota is altered by AGPs,
which can be evaluated by using a combination of metagenomics, metabolomics,
metatranscriptomics, and/or metaproteomics. It is tempting to speculate that, regardless of the
antimicrobial spectrum and mode of action, AGPs improve growth performance by enhancing the
functional potential of the gut microbiota resulting in more efficient digestion and utilization of

dietary carbohydrates and lipids in the gastrointestinal tract.

In summary, our data indicates an ability of AGPs to modulate cecal microbiota to allow
an increase in the bacteria associated with improved digestion and energy utilization. A better
understanding of the mechanism by which AGPs modulate gut microbiota and enhance growth in
livestock animals will lead to the development of effective antibiotic alternatives that mimic the

action of AGPs.
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Table 5.1. ANOSIM analysis of different antimicrobials on B-diversity of the cecal microbiota.

Control BMD Tylosin Virginiamycin Monensin Salinomycyin
Control P=0.043 P =0.052 P =0.036 P <0.001 P <0.001
R=0.071 R =0.061 R =0.090 R=0.921 R =0.809
BMD P=0.013" P =0.243 P =0.043 P <0.001 P <0.001
R =0.145 R=0.021 R =0.095 R=0.914 R=0.774
Tylosin P =0.009 P =0.004 P =0.595 P <0.001 P <0.001
R =0.149 R=0.187 R=0.015 R =0.855 R=0.714
Virginiamycin P =0.001 P =0.009 P =0.197 P <0.001 P <0.001
R=10.226 R=0.164 R =0.048 R =0.957 R=0.832
Monensin P <0.001 P <0.001 P <0.001 P <0.001 P =0.021
R=0.315 R=0.284 R=0411 R =0.401 R=0.076
Salinomycin P =0.002 P =0.003 P <0.001 P <0.001 P =0.029
R=0.163 R =0.205 R=10.294 R =0.292 R =0.105

! Shaded P-values are for the Bray-Curtis Index, while non-shaded P-values values represent the Jaccard Index.
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Fig. 5.1. The a-diversity of cecal microbiota of broilers following 2-week supplementation of
different antimicrobials. Changes in evenness and richness were calculated from 12 samples of
each treatment using the Shannon evenness index (A) and Observed OTUs (B), respectively. Data
from three antibiotics and two ionophore groups were further combined separately and the
Shannon evenness index (C) and Observed OTUs (D) were recalculated. One-way ANOVA with
post hoc Tukey’s test was performed, with the treatments not sharing a common superscript

considered significantly different (P < 0.05).
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Fig. 5.2. The B-diversity of cecal microbiota of broilers following 2-week supplementation of

different antimicrobials. Principal coordinate analysis (PCoA) plots were generated from 12

samples of each treatment using Bray-Curtis (A) and Jaccard indices (B), respectively. Statistical

significance and R values were determined using ANOSIM and indicated in each plot.
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Fig. 5.3. Differences in cecal microbiota composition of broilers following 2-week
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supplementation of different antimicrobials. Relative abundance of OTUs were calculated and
plotted at the phylum and genus (A) levels. Three antibiotics and two ionophore groups were
further combined separately and relative abundance of OTUs were recalculated and plotted at the
phylum and genus levels (B). All antimicrobial groups were combined and compared with the
control group at the phylum and genus levels (C). Only the top three phyla and top 10 genera are

shown, with unidentified and lowly abundant bacteria being collectively denoted as “Others”.
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BMD

Fig. 5.4. Differential enrichment of OTUs by in-feed antimicrobials. Significant up- or down-
regulation of OTUs was determined using Metastats [23], relative to the control group (P < 0.05).
Venn diagram was then used to visualize the distribution of shared OTUs among individual

antimicrobials.

128



'S
°

Value

|

nlrA e

il

L

Monensin Salinomycin BMD Tylosin

Firmicutes_g_Ruminococcaceae_uncl assified_OTU0085
Firmicutes_g_Ruminococcaceae_uncl assified_OTU0003
Firmicutes_g_Ruminococcaceae_uncl assified_OTU0027
Firmicutes_g Clostridiales_unclassified_OTU0025
Firmicutes_g_Enterococcus_OTU002%0
Firmicutes_g_Clostridium_IV_OTU0075
Firmicutes_g_Lachnospiraceae_unclassified OTU0032
Firmicutes_g_Anaerotruncus_OTU 0029
Firmicutes_g_Ruminococcaceae_uncl assified_OTU0062
Firmicutes_g_Anaerostipes_OTU0014
Firmicutes_g_Butyricicoccus_OTU0010
Firmicutes_g_Bacillales_unclassified OTU0035
Firmicutes_g Oscillibacter_OTU0050
Firmicutes_g_Ruminococcaceae_uncl assified_OTU0053
Firmicutes_g_Clostridium_XIVa_OTU003
Firrmicutes_g_Ruminococcaceae_unclassified_OTUO0061
Firmicutes_g_Lachnospiraceae_unclassified OTU0046
Firmicutes_g_Clostridiales_unclassified_OTU0038
Firmicutes_g_Clostridiales_unclassified_OTU0099
Firmicutes_g_Ruminococcaceae_uncl assified_ OTU0048
Firmicutes g Lachnospiraceae_unclassified OTU0022
Firmicutes_g_Clostridium_IV_OTU0076
Firmicutes_g_Clostridium_IV_OTU0084
Firmicutes_g_Ruminococcaceae_uncl assified_OTU0060
Firmicutes_g_Clostridiales_unclassified_OTU0038
Firmicutes_g_Ruminococcaceae_uncl assified_OTU0023
Firmicutes_g_Flavonifractor_OTU0088
Firmicutes_g_Lachnospiraceae_unclassified_OTU0026
Firmicutes_g_Lachnospiraceae_unclassified OTU0042
Firmicutes_g_Lachnospiraceae_unclassified OTU0008
Firmicutes_g Anaerostipes_OTU0012
Firmicutes_g_Lachnospiraceae_unclassified OTU0033
Firmicutes_g_Lachnospiraceae_unclassified OTU0049
Firmicutes_g_Erysipelotrichaceae_unclassified_OTU0069
Firmicutes_g_Clostridium_XVIll_OTU0020
Firmicutes_g_Clostridium_XVIIl_OTU004 1
Firmicutes_g_Clostridiales_unclassified_OTU0097
Firmicutes_g_Blautia_OTU0017
Firmicutes_g_Lachnospiraceae_unclassified_ OTU0005
Firmicutes_g_Lachnospiraceae_unclassified_ OTU0065
Firmicutes_g_Romboutsia_ OTU0007
Firmicutes_g_Clostridium_XIVb_OTU0044
Firmicutes_g_Erysipelotrichaceae_uncl assified_OTU0018
Firmicutes_g_Lachnospiraceae_unclassified OTU0034
Proteobacteria_g_Escherichia/Shigella_OTU0021
Firmicutes_g_Blautia_ OTU0016
Firmicutes_g_Clostridiales_unclassified_OTU0059
Firmicutes_g_Enterococcus_OTU0081

Firmicutes g Clostridiales_unclassified_OTU0066
Bacteroidetes_g Bacteroides_OTU0037

Firmicutes_g Enterococcus_OTU00%4
Bacteria_unclassified_g_Bacteria_unclassified OTU 0055
Firmicutes_g_Firmicutes_unclassified OTU0079
Firmicutes_g_Ruminococcaceae _unclassified_OTU0091
Firmicutes_g_Lachnospiraceae_unclassified OTU0028
Firmicutes_g_Lachnospiraceae_unclassified OTU0058
Firmicutes_g_Lachnospiraceae_unclassified_ OTU0054
Firmicutes_g_Butyricicoccus_OTU0080
Firmicutes_g_Faecalibacterium_OTU0047

Firmicutes_g _Blautia_OTUO0070
Firmicutes_g_Ruminococcaceae_uncl assified_OTU0092
Firmicutes_g_Streptococcus_OTU0052
Firmicutes_g_Clostridium_XIVb_ OTU0073

Firmicutes g Lactobacillus_OTU0019

Fig. 5.5. Differential regulation of the top 100 OTUs by in-feed antimicrobials. Among top

100 OTUs, 64 were significantly affected by at least one antimicrobial and thus plotted using

Heatmapper [25]. Fold change was calculated as the mean relative abundance of an OTU in an

antimicrobial group relative to that in the control, followed by log2 transformation for

visualization. Both rows and columns were clustered using the Euclidean distance and average

linkage.
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Fig. 6.6. Differential regulation of representative bacteria taxa by in-feed antimicrobials.
Each group consists of 12 cecal samples. For OTUO0052, three outliers (relative abundance > 3%)
were omitted for better visualization of final differences among group. Statistical significance
was determined using Metastats [23], with the treatments not sharing a common letter considered

significantly different (P < 0.05).
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CHAPTER VI

CONCLUSION

Biogeographical distribution and succession of the intestinal mycobiota of broiler chickens were
successfully characterized throughout an entire production cycle, and the response of the
intestinal mycobiota to an in-feed antibiotic was also investigated. The mycobiome was revealed
to be relatively stable with the majority of sequences belonging to the phyla Ascomycota and
Basidiomycota regardless of GI location or age. The most abundant genera wer Microascus,
Gibberella, Trichosporon, Aspergillus, and Candida. However, the most abundant genera
differed between studies. Feature-level analysis revealed a clear succession of the mycobiome
through the GI tract as birds aged, while BMD supplementation produced a clear change in cecal

composition at 14 days of age.

Evaluation of the effect of five subtherapeutic antibiotics on cecal microbiota
composition after 14 days of supplementation revealed a clear modulation of the bacterial
community with each treatment resulting in a unique bacterial profile. Of note is the observation
that ionophores caused a significant decrease in the number of rare bacterial species resulting in a
decrease in microbiota richness and increase in evenness. Investigation into microbes
significantly affected by each treatment revealed an overall increase in bacteria associated with

improved digestion and energy utilization.



This dissertation has successfully laid the foundation for future work regarding
manipulation of the intestinal microbiota as a novel antibiotic-free strategy to disease control and
prevention. As the main fungal genera in both studies differed significantly and are known to be
associated with feed ingredients and environmental factors, it will be important to determine the
source of intestinal fungi. Additionally, the role of intestinal fungi in disease can be elucidated in
a chicken disease models such as necrotic enteritis and coccidiosis. It is our expectation that these
studies will lead to the identification of microbial species associated with improved growth
performance and disease resistance. These will then be further assessed for their potential to be

developed as new probiotic supplements for use in livestock and poultry production.
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